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Summary 
 
 
 
Surface enhanced Raman scattering (SERS) is a spectroscopic technique 
that can achieve extremely high sensitivity thanks to the enhancement of 
the Raman signal of molecules adsorbed on rough metal surfaces or on 
metallic nanoparticles. The high performances of this technique and the 
great variety of available nanosubstrates make SERS a very versatile 
tool to be employed in a large number of applications ranging from 
chemistry to life sciences, from physics to the environmental field. 
In my PhD research activity I tested the properties of different metal 
nanoparticles in order to assess the possibility of their use for practical 
applications. My work was divided in three main topics. 
 
1) Cytochrome c bioconjugation on gold nanorods 
Gold nanorods (AuNRs) have interesting optical properties, being 
characterized by two surface plasmon bands, a transverse mode located 
in the visible region and a longitudinal one at longer wavelengths, 
which can be tuned by varying the length-to-width ratio. Bioconjugates 
of AuNRs can be of great interest for biomedical applications, like 
optical biosensing and imaging of tissues. However, their use is limited 
since NRs solutions are stabilized by the presence of concentrated 
cetyltrimethylammonium bromide (CTAB) surfactant which is 
cytotoxic and denatures proteins. 
Therefore, I investigated the ability of weak negatively charged 
polyelectrolyte such as polyacrylic acid (PAA) to allow electrostatic 
interaction between AuNRs and a protein probe, horse heart 
Cytochrome c (HHCc), bearing surface positive charges (Lys residues). 
Concomitantly to the work on the bioconjugation, I undertook detailed 
studies on misligated model compounds of HHCc to identified the 
possible Raman markers that allow to distinguish the native structure 
(His-Fe-Met heme coordination) from various non-native forms. In fact, 
it is well known that that the protein under denaturing conditions, can 
adopt His-Fe-His, His-Fe-Lys, His-Fe-OH- and His-Fe-H2O misligated 
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coordination states. Moreover, I also conducted a study of the human Cc 
(HuCc) wild type (WT) protein and its key variants Met80Ala (MA) 
and Tyr67H/Met80Ala (YHMA), to have a better understanding of the 
possible rearrangements of Cc distal cavity. The acquired knowledge on 
the misligated species, allowed me to identify the misligated 
coordination state upon mutation: the MA variant is a mixture of 6-
coordinated high spin (6cHS) His-Fe-H2O species and 6c low spin 
(6cLS) His-Fe-OH- species, the latter decreasing at acidic pH; the 
YHMA double mutant shows, instead, a main His-Fe-His 6cLS 
coordination, with contributions from 6cHS and 5cHS species that 
increase by lowering the pH. 
In parallel, I studied HHCc bioconjugation on the PAA-covered 
AuNRs. Adsorption of the protein and native state retention has been 
demonstrated for the first time on Au nanoparticles, by means of UV-
Vis and Raman spectroscopy, thus validating the proposed protocol. 
The successful creation of such bioconjugates with the retention of the 
protein structure and function along with the preservation of the NPs 
properties (no aggregation) represents a fundamental accomplishment, 
as it provides the only way to access functional hybrid systems with 
potential applications in biotechnology, medicine, and catalysis. 
 
2) Silver nanowires for SERS in the NIR region 
SERS is commonly performed in the visible range, whereas infrared 
excitation is less usual in spite of its great potential in biological 
applications, since it can penetrate deeper in biological tissues, 
especially in the near-infrared (NIR) region. For this purpose, silver 
nanowires (AgNWs) are an interesting nanosubstrate because they have 
an extremely broad localized surface plasmon resonance (LSPR) 
extinction band, covering the UV, visible, and infrared regions. 
Therefore, using benzenethiol, a typical SERS probe, and isopropanol 
an internal standard, I compared the SERS enhancement factor (EF) of 
commercially available and water dispersible AgNWs at three different 
excitation wavelengths. While the SERS enhancement factor (EF) is 
very low in the maximum extinction zone (406.7 nm), AgNWs 
displayed high EF in the visible region (514.5 nm) and fairly good EF in 
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the NIR region (1064 nm). Moreover, laser-induced optoacoustic 
spectroscopy measurements (LIOAS) showed that contributions to 
extinction are mostly due to scattering, especially in the NIR. Hence, 
AgNWs demonstrated to be a very useful SERS substrate for NIR 
excitation, because not only in this region they are still fairly SERS-
active, but also absorption does not significantly contribute to 
extinction, thus preventing the AgNWs from heating during irradiation. 
The effect is outstanding at 1064 nm, nevertheless, low heating and high 
SERS efficiency are also maintained at shorter wavelengths (514.5 nm), 
adding further versatility to AgNWs as SERS substrates. 
 
3) In-field detection of pesticide and pollutants 
In modern agriculture, chemical pesticides are widely used and play an 
essential role in food production, nevertheless there is increasing 
evidence showing an association between pesticide exposures and 
human diseases, such as cancer and nervous system disorders. 
Analytical methods with very high sensitivity and general applicability 
exist but are generally expensive and time-consuming. Hence I used 
citrate-capped (Lee-Meisel) spherical Ag nanoparticles (AgNPs) to 
develop a simple and quick method based on SERS for pesticides in-
field detection. In particular I addressed dimethoate (DMT), an 
organophosphorous insecticide forbidden for organic cultures, and 
glyphosate (GLP), a massively used non-selective herbicide. Then I 
tried to apply the same method to the detection of food pollutants, the 
so-called FCMs (food contact materials) that also cause concern for 
human health due to their endocrine disruptor properties. 
Lee-Meisel AgNPs proved to be a valid nanosubstrate for quick 
detection of DMT directly on the olive leaves. DMT presence can be 
detected by simply depositing a drop of AgNPs colloidal solution on a 
leaf and acquiring a few seconds spectrum with commercially available 
portable Raman instruments. This kind of test could be easily adopted 
for certification of organic oil production as a quick and low-cost 
screening technique before proceeding to more expensive and time-
consuming quantitative analysis. 
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The same NPs also provided reproducible SERS spectra of GLP, which 
allowed for the first time a tentative assignment. Nevertheless, The 
AgNPs demonstrated insufficient sensitivity to detect GLP below 10-4 
M concentration, higher than the recommended limit in drinking water. 
Hence, in order to develop an efficient detection method, SERS 
sensitivity needs to be further improved by using alternative 
nanosubstrates, possibly with sharp edges or tips allowing higher EF, or 
else functionalized for a better GLP adsorption. 
For the FCM compounds I have obtained only very preliminary results. 
Among the tested compounds, diisodecyl phthalate (DIDP) and 4-
octylphenol (4-OP) have insufficient affinity for citrate-capped AgNPs 
surface, whereas the SERS spectra of bisphenol A I obtained are quite 
different from those reported in literature, obtained on imprinted core-
shell gold nanoparticles. Therefore specific surface engineereed AgNPs 
are required to obtain an appropriate adsorption and thus sensitivity for 
FCM compounds. 
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Chapter 1 
 
Surface Enhanced Raman Scattering (SERS) 
 
 
 
1.1 Introduction 
Surface-enhanced Raman scattering (SERS) was observed for the first 
time in 1973 on a silver roughened electrode [Fleischmann 1974], but 
its interpretation dates to 1977 [Jeanmarie 1977]. Anyway, the great 
interest for this technique arose from the first observation of a single-
molecule spectrum [Nie 1997, Kneipp 1997], that definitely 
demonstrated the high sensitivity that SERS can achieve. Thanks to the 
derived enthusiasm, in the last two decades quick and constant 
improvements in nanoscience and nanofabrication opened the doors to a 
broad range of SERS applications in many disciplines, from chemistry 
to life sciences, from physics to the environmental field, making of 
SERS a central research topic. 
 
1.2 Electromagnetic enhancement 
To obtain SERS, the analyte needs to be adsorbed on a rough metal 
surface or on the surface of metal nanoparticles (NPs, 10-100 nm), 
because the intensity of the signal strongly depends on the interaction 
between the light and the metal. Metals possess specific optical 
properties, that are the study subject of plasmonics, a term indicating the 
coupling between the electric field of the incident light (Einc) and the 
wave oscillations of the metals conduction electrons (plasma 
oscillations, i.e. plasmons). In fact, when an electromagnetic wave (ωinc) 
excites a metal nanostructure like a nanosphere in resonance with the 
plasmons, it induces an oscillation of the electrons cloud on the surface, 
thus producing a charge separation. This kind of resonance is called 
localized surface plasmon resonance (LSPR) and the associated dipole 
is proportional to the polarizability of the metal nanosphere and to the 
intensity of the Einc. Moreover, the generated dipole acts as a 
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nanoantenna and emits radiation at the same wavelength of the incident 
light (elastic light scattering), giving rise to an increase in the local 
electric field (Eloc) on the metal surface. The frequency at which the 
resonance takes place depends on the specific properties of the metal 
(the dielectric function) and on the medium. 
When a molecule is adsorbed on a NP surface, the Eloc induces in it a 
dipole moment μind = α Eloc and, if the polarizability tensor α is different 
than zero, Raman inelastic scattering takes place with frequency ωRam. 
In addition, the Raman scattered radiation, that differs in frequency 
from the incident light by a vibrational transition energy, can be in 
resonance with the LSPR and induce Eloc increase, leading to elastic 
light scattering off the metal surface. 
The resulting SERS enhancement factor (EF) depends on the product of 
the squares of the incident and the scattered light fields: 
ISERS ∝ | Einc(ωinc) |2 | ERam(ωRam) |2  
and it is maximum if both the radiation are close to resonance with the 
LSPR. If the frequency shift of the Raman scattered light is considered 
negligible, the SERS intensity becomes ISERS = (Einc)4, that is an 
approximation usually consistent for blue to green light excitation, but 
not for lower energy radiations. Standard SERS EFs may fall in the 
broad range of 103-1010 [Etchegoin 2011]. Anyway, even if the SERS 
signal is observed in the far field, it has to be specified that SERS 
enhancement is tightly confined to the surface, because, since the 
electric field intensity decrease with the cube of the distance, the EF 
decreases with the twelfth power of the distance. Another factor to be 
considered is the orientation of the analytes on the metal surface: 
different molecular disposition give rise to different SERS spectra: in 
fact SERS enhancement takes place only for those vibrational modes 
whose polarizability tensor α has a component perpendicular to the 
metal surface. 
 
1.2.1 Hot spots and nanoparticles aggregation 
The achievement of single-molecule spectra stimulated theoretical 
studies on the origin of very high EFs. Consequently, it has been 
observed that isolated NPs do not show high EFs (about 103), that are 
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conversely localized in very confined regions (hot spots), i.e. in the gap 
space between two particles, but also (for non-spherical nanosubstrates) 
at sharp edges and on tips. The distance between the particle is crucial 
for the magnitude of the EF, such as an increase from 1 nm to 5.5 nm 
gap results in a decrease of the EF from 1010-1011 to 107-108 [Xu 2000]. 
Therefore, to reach high EFs even with spherical NPs, colloidal solution 
are often aggregated by adding inorganic salts like KCl, NaCl, NaBr, 
KNO3, NaNO3, MgSO4, surfactants, organic amines or mineral acids to 
the colloids [Sun 2008, Kneipp 2006, Bell 2006]. Nevertheless, even the 
simple addition of the analyte to the colloidal solution can induce 
aggregation and increase the EF. 
 
1.2.2 Metals 
As mentioned above, the LSPR frequency depends on the specific 
properties of the metal, in particular on its dielectric function, and 
consequently, not every metal can achieve good EFs. Silver (Ag) and 
gold (Au) are the most useful metals for SERS purposes because their 
dielectric function provides LSPR peaks in the visible region, allowing 
excitation with lasers emitting in the visible range. Ag is plasmonically 
more active than Au and can achieve high sensitivity for excitation in all 
the visible spectrum. Conversely, Au performance is quite poor for λ < 
600 nm, but for λ ≥ 600 nm it can achieve very good EFs, similarly to 
Ag. Anyway, Au is more chemically stable and is usually preferred to 
Ag for application where the stability of the NPs dispersion in the long 
run is more crucial than high EF. 
 
1.3 Chemical enhancement 
The electromagnetic enhancement described above is the main effect 
giving rise to SERS, thanks to the high EFs that can be reached. 
Anyway, to completely describe this phenomena, chemical interactions 
between molecules and the metal surface have also to be considered, 
together with the unique electronic properties of the adsorbate 
molecules. The ensemble of this effects are named chemical 
enhancement and can contribute to the total enhancement for a 10-103 
factor. It consists in an increase of the adsorbed molecules polarizability 
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α, inducing increase of the adsorbate dipole. For example, charge 
transfer (CT) between the molecule and the metal can modify α, 
changing the Raman cross-section, or new electronic excitation routes 
could result through a photoinduced CT from the metal to the adsorbed 
molecule. Moreover, the adsorbate molecules usually differ from the 
free ones in the energy levels distribution; if the incident light is in 
resonance with an electronic transition of the adsorbate and not with the 
free molecules, resonance Raman (RR) would be obtained for the 
adsorbate. 
In most cases, more than one of this effects occur contemporarily, 
making identification of the exact mechanism and separation of the 
different possible contributions a hard task, mostly treated by electronic 
structure calculations [Zhao 2006, Jensen 2008] 
 
1.4 Nanoparticle SERS substrate 
The ideal nanoparticle substrate is easy to prepare, well-reproducible, 
stable and capable to perform high EFs. During the years many 
synthetic methods have been proposed and various shape and dimension 
of NPs have been achieved. In fact, the key step for successful SERS 
application is the fabrication of a nanosubstrate that guarantees 
performance and reproducibility. 
The most used SERS substrates are metallic NPs synthesized by wet 
chemistry, because they have great advantages such as low cost, easy 
preparation and characterization. Moreover, the use of a colloidal 
solution allows to minimize sample degradation even when high laser 
power is needed. 
The most common synthesis method is by chemical reduction of metal 
salts in solution by using various reducing agents like sodium citrate 
[Lee 1982, Frens 1973], sodium borohydride [Weaver 1998], hydrazine 
[Nickel 2004] or hydroxylamine hydrochloride [Canamares 2005, 
Leopold 2003]. The size distribution of the NPs can be controlled by 
simply tuning temperature, pH and the concentration and kind of metal 
salt, reductant and surfactant. 
Moreover, many differently shaped NPs have been fabricated and 
experimental data also indicate that anisotropic shapes allow to obtain 
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higher EFs than spherical NPs. For example, Au nanorods (AuNRs) are 
produced by the seed-mediated growth method [Guo 2009, Gole 2004], 
in which variation of the synthesis condition results in AuNRs with 
different aspect ratios (length-to-width ratio); this allows a fine tuning 
of their SERS activity, because the NRs longitudinal surface plasmon 
resonance mode red shifts with increasing aspect ratio [Orendorff 2005, 
Orendorff 2006].  
Another example is the polyol synthesis of Ag nanoparticles (AgNPs) 
with various shapes [Wiley 2006, Sun 2003, Tao 2008]. Ethylene glycol 
is used both as a solvent and a reducing agent; by varying the 
concentration of glycoaldehyde and the temperature, differently shaped 
AgNPs can be obtained, also allowing to synthesize NPs with sharp 
edges or tips [McLellan 2006]. With this method it is even possible to 
synthesize long Ag nanowires (AgNWs) with a broad LSPR band 
covering also the near infrared (NIR) region, thus suitable for long-
wavelength excitation applications. 
 
In my thesis I tested different metal nanoparticles properties in order to 
assess the possibility of their use for practical applications. 
i) I addressed biocompatibility of AuNRs, to be used in biomedical 
applications, by means of conjugation with proteins. So far, not many 
biological applications with gold nanorods have been reported, in part 
because nanorod solutions are stabilized by the presence of concentrated 
CTAB surfactant which are cytotoxic. I have, therefore, explored the 
use of a different approach for the bioconjugation and my experiments 
were aimed to spectroscopically verify both the effectiveness and the 
biocompatibility of the bioconjugation process. 
ii) I evaluated the suitability of commercially available AgNWs as a 
SERS nanosubstrate for applications with excitation in the near-infrared 
(NIR) region. In fact, significant biomedical applications become 
possible when nanoparticle resonances are tuned to NIR, where most 
biological tissues are relatively transparent. 
iii) I exploited citrate-capped spherical AgNPs to set up a quick and 
sensitive method based on SERS to detect pesticides or different 
pollutants both in solution or directly in-field. In fact, the environmental 
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concern on the use of pesticide (as well of any pollutant) comes from 
their effects on non-target species, and to their possibility to directly 
contaminate food. Hence it is essential to be able to monitor pollutants 
in the environment and food with rapid on-site measurement. 
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Chapter 2 
 
Methods 
 
 
 
2.1 UV-Visible electronic absorption spectroscopy 
Electronic absorption measurements were recorded using a 1 cm or a 1 
mm quartz cuvette at 600 nm/min scan rate, or with a 5 mm nuclear 
magnetic resonance (NMR) tube at 300 nm/min scan rate at 25 °C by 
means of a Cary 60 spectrophotometer (Agilent Technologies, Santa 
Clara, CA) with a resolution of 1.5 nm. All spectra were baseline-
subtracted and corrected for the dilution factor. For the differentiation 
process, the Savitzky–Golay method was applied using 15 data points 
(LabCalc, Galactic Industries, Salem, NH). No changes in the 
wavelength or in the bandwidth were observed when the number of 
points was increased or decreased. Absorption spectra were measured 
both prior to and after RR measurements to ensure that no degradation 
occurred under the used experimental conditions. 
 
2.2 Raman, resonance Raman and SERS spectroscopy 
The Raman, resonance Raman (RR) and SERS spectra were obtained 
with different kinds of instruments. 
w A dispersive Raman spectrometer equipped with a Kr+ laser (Innova 
300 C, Coherent Inc., Santa Clara, CA, USA) for 406.7 and 413.1 nm, a 
He-Cd laser (Kimmon IK4121R-G, Kimmon Koha Co. LTD, Tokyo, 
Japan) for 441.6 nm and an Ar+ laser (Innova 90-5, Coherent Inc., Santa 
Clara, CA, USA) for 514.5 nm excitation wavelength. The incident light 
was focused with a 25 cm focal length spherical lens onto the samples. 
The samples were analysed at 25 °C in a 1 cm quartz cuvette for SERS 
measurements or in a 5 mm slowly-rotating NMR tube for RR spectra. 
The back-scattered light was dispersed with a triple monochromator, 
consisting of two Acton Research SpectraPro 2300i working in the 
subtractive mode, and a SpectraPro 2500i (Princeton Instruments, 
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Trenton, NJ, USA) in the final stage with 3600 or 1800 grooves/mm 
grating, and detected with a liquid-nitrogen cooled CCD detector. The 
spectral resolution was < 4 cm-1 and the spectral dispersion > 1.2 cm-1 
per pixel. The samples of the mutated proteins were cooled by a gentle 
flow of N2 gas (sample temperature about 12 °C) during the RR 
measurement. This setup has been used for experiments in Chapters 3 
and 4. 
w A portable Raman spectrometer for SERS “in-field measurements” 
was assembled using a 785 nm narrow-band diode laser coupled to a 
Raman fiber probe (InPhotonics, Norwood, MA, USA) delivering 20 
mW laser power at sample; the Raman scattered light was feed to a 
BWTek Exemplar Pro spectrometer (B&W Tek, Newark, DE, USA) 
with deep-cooled CCD detector. The spectra were recorded at 25 °C in a 
1 cm quartz cuvette. Used for experiments in Chapter 5. 
w A Renishaw RM2000 micro-Raman (Renishaw, Wotton-under-Edge, 
UK), used to obtain the spectra of dried solutions on olive leaves. The 
measurements were carried out at 25 °C using a 785 nm laser excitation 
source focused by a 20x microscope objective (2mW at the sample). 
Raman mapping was performed by moving the sample on a motorized 
micrometric table, acquiring the spectrum in different points and 
plotting the intensity of a representative band as a function of the 
sampling point position. Used for experiments in Chapter 5. 
w A BWTek spectrometer with the BAC151B microsampling system 
(B&W Tek, Newark, DE, USA) and a 785 nm laser source, focusing 5 
mW on the sample was used for final tests in order to assess feasibility 
of in-field measurements. Spectra were measured at 25 °C directly on 
olive leaves. Used for experiments in Chapter 5. 
w A MultiRAM FT-Raman system (Bruker, Billerica, MA, USA), 
equipped with a Nd:YAG laser emitting at 1064 nm. The spectral 
resolution was 4 cm-1. Room temperature spectra of liquid samples were 
obtained using a 1 cm quartz cuvette, whereas spectra of solid samples 
were recorded at 25 °C by putting some powder in an aluminium holder. 
Used for experiments in Chapters 4 and 5. 
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2.3 Spectroscopic data analysis 
Spectroscopic data were analysed using LabCalc (Galactic Industries 
Corporation, Salem, NH, USA) and OriginPro (OriginLab Corporation, 
Northampton, MA, USA). The spectra obtained with the 1064 nm 
excitation wavelength were calibrated automatically on the basis of the 
frequency of a He-Ne laser. All the other spectra were calibrated with 
indene, n-pentane and carbon tetrachloride as standards to an accuracy 
of 1 cm-1 for intense isolated bands. 
All measurements were repeated several times under the same 
conditions to ensure reproducibility. To improve the signal-to noise 
ratio, a number of spectra were accumulated and summed only if no 
spectral differences were noted. All spectra were baseline-corrected and 
vertically shifted to allow better visualization in the presented figures. 
A spectral simulation program (LabCalc) using a Lorentzian line shape 
was used to determine the peak positions, bandwidth, and intensity. The 
frequencies of the bands were optimized to an accuracy of 1 cm-1 and 
the bandwidths to an accuracy of 0.5 cm-1. Bandwidths (full width at 
half-maximum) varied as follows: 12-15 cm-1 in the high-frequency 
region and 9-14 cm-1 in the low-frequency region. 
 
2.4 Transmission electron microscopy (TEM) 
TEM analyses were performed with a JEM-1011 microscope (JEOL 
Ltd., Akishima, Tokyo, Japan) operating at 100 kV. The samples were 
prepared by deposition of a few drops of aqueous NPs dispersions onto 
a carbon-coated copper grid and evaporation of the solvent. Each 
sample was stained with a 2% (v/v) phosphotungstic acid solution for 
30 s. A statistical analysis of NRs size distribution was performed on 
the basis of low-magnification TEM images with the help of ImageJ 
software (NIH, Bethesda, MD, USA). At least 150 NPs were counted 
for each sample. 
 
2.5 Particle size, size distribution and ζ-potential measurements 
The average hydrodynamic diameters (z-average), size distribution 
(polydispersity index, PDI), and ζ-potential were determined using 
Zetasizer Nano ZS (Malvern Instruments Ltd., Malvern, UK) by 
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dynamic light scattering (DLS) after suspension in demineralized water 
at a suitable concentration (≈0.1%, w/v NRs concentration). The ζ-
potential was determined by laser Doppler velocimetry after dilution of 
the samples with KCl 1 mM (≈0.01%, w/v NRs concentration). 
 
2.6 Scanning electron microscopy (SEM) 
SEM analysis was performed with a EVO MA15 scanning electron 
microscope (Carl Zeiss, Oberkochen, Germany) coupled with an Oxford 
INCA250 energy-dispersive spectrometer (Oxford Instruments, 
Abingdon-on-Thames UK), operating at 25 kV accelerating voltage and 
7.5 mm working distance. Water-dispersed AgNWs were dried in a 
convection oven at 80 °C for some hours. Immediately prior to SEM 
measurement, a gold thin film of about 10 nm was sputtered over the 
sample. 
 
2.7 Laser-induced optoacoustic spectroscopy (LIOAS) 
LIOAS signals are generated by thermal relaxation that follows light 
absorption, producing a temperature increase in the surrounding 
environment of the absorbing molecules [Tam 1986] or particles [Pang 
2016, Shi 2017]. The subsequent expansion induces emission of a 
mechanical (acoustic) wave that is detected by means of a piezoelectric 
transducer. Light scattering does not contribute to the generated acoustic 
wave, at least in diluted solutions [Small 2000]. 
In the case of a dispersion of scattering nanoparticles, extinction (Eλ) is 
the sum of the absorption (Aλ) and scattering (Sλ) contributions [Jain 
2006, Van Dijk 2006]: 
Eλ = Aλ + Sλ  
where λ is the excitation wavelength. Absorption can be isolated by 
calibrated LIOAS measurements, in which the signal of the sample and 
that of a calorimetric reference are recorded under strictly identical 
experimental conditions. A calorimetric reference is a substance which 
(i) attenuates the incident light without scattering losses, (ii) 
instantaneously releases all the absorbed energy as heat and (iii) does 
not give rise to intrinsic volume changes upon photoexcitation 
[Braslavsky 1972]. It can be reasonably assumed that conditions (ii) and 
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(iii) are also true for my silver nanowires (AgNWs) samples, therefore, 
signal decreases must be due to scattering losses. The signals were 
detected with a 1 MHz resonant frequency piezoelectric transducer 
(V103-RM, Panametrics, Cumming, GA, USA) clamped to a 
spectrophotometry quartz cuvette with a 1 cm optical path. We averaged 
its output, once processed using a Panametrics 5660 B amplifier, with a 
TDS-3054B digitizing oscilloscope (Tektronix, Beaverton, OR, USA). 
The minimum number of signals was 512 for each averaging cycle. The 
laser source was the output of a Nd:YAG laser at 1064, 532 and 355 nm 
(Quanta System, Samarate, Italy). The pulse duration was 10 ns and 
the repetition rate 10 Hz. The incident laser energy (< 100 μJ) was 
measured behind the empty sample cuvette using a pyroelectric head 
energy meter, before and after each LIOAS measurement. The incident 
laser beam was shaped by a rectangular slit with 1 × 10 mm size 
without focusing on the sample. Noticeably, the irradiance (< 1 mW 
μm−2) was below the threshold for the formation of bubbles according to 
the recent calculations [Shi 2017]. The laser energy at the sample was 
adjusted by means of neutral density filters. The LIOAS signal 
amplitude was considered as the peak-to-valley value of the waveform 
observed on the oscilloscope. The calorimetric references for the 
calibration were KMnO4 or CuSO4 solutions. Extinction spectra were 
recorded before and after each measurement to check the integrity of the 
sample and reference solutions. In particular, extinction changes, which 
could imply AgNWs reshaping modifications, were not detected. 



26 
 

References 
 
Ø Braslavsky S.E., Heibel G.E., Chem. Rev. 1992, 92, 1381. 
Ø Jain P.K., Lee K.S., El-Sayed I.H., El-Sayed M.A., J. Phys. Chem. B 

2006, 110, 7238. 
Ø Pang G.A., Laufer J., Niessner R., Haisch C., J. Phys. Chem. C 2016, 

120, 27646. 
Ø Shi Y., Yang S., Xing D., J. Phys. Chem. C 2017, 121, 5805. 
Ø Small J.R., Foster N.S., Amonette J.E., Autrey T., Appl. Spectrosc. 

2000, 54, 1142. 
Ø Tam A.C., Rev. Mod. Phys. 1986, 58, 381. 
Ø Van Dijk M.A., Tchebotareva A.L., Orrit M., Lippitz M., Berciaud 

S., Lasne D., Cognet L., Lounis B., Phys. Chem. Chem. Phys. 2006, 
8, 3486. 

 



27 
 

Chapter 3 
 
Surface engineering of gold nanorods for 
Cytochrome c bioconjugation: an effective strategy 
to preserve protein structure 
 
• Ciaccio C.*, Tognaccini L.*, Battista T., Cervelli M., Howes B.D., 

Santucci R., Coletta M., Mariottini P., Smulevich G., Fiorucci L., 
The Met80Ala and Tyr67His/Met80Ala mutants of human 
Cytochrome c shed light on the reciprocal role of Met80 and Tyr67 
in regulating ligand access into the heme pocket, J. Inorg. Biochem. 
169, 2017, 86-96. 

* these authors contributed equally to this work 
 
• Milazzo L., Tognaccini L., Howes B.D., Sinibaldi F., Piro M.C., 

Fittipaldi M., Baratto M.C., Pogni R., Santucci R., Smulevich G., 
Unravelling the Non-Native Low-Spin State of the Cytochrome 
c−Cardiolipin Complex: Evidence of the Formation of a His-Ligated 
Species Only, Biochemistry 2017, 56, 1887-1898. 

 
• Milazzo L., Tognaccini L., Howes B.D., Smulevich G., Probing the 

non-native states of Cytochrome c with resonance Raman 
spectroscopy: a tool for investigating the structure-function 
relationship, J. Raman Spectrosc. 2018, 49, 1041-1055. 

 
• Placido T.*, Tognaccini L.*, Howes B.D., Montrone A., Laquintana 

V., Comparelli R., Curri M.L., Smulevich G., Agostiano A., Surface 
engineering of gold nanorods for Cytochrome c bioconjugation: an 
effective strategy to preserve the protein structure, ACS Omega 
2018, 3, 4959-4967. 

* these authors contributed equally to this work 



28 
 

3.1 Introduction 
Anisotropic gold nanoparticles (AuNPs) such as nanorods (NRs) have 
recently attracted a lot of attention due to their interesting optical 
properties  which have been exploited especially in biomedical 
diagnostics, in photothermal therapy, as dark field imaging contrast 
agents and surface enhanced Raman scattering (SERS) substrates 
[Alkilany 2012, Jain 2008, Kuo 2010, Ros 2014, Daniel 2004, Burda 
2005, Lee 2006, Njoki 2007]. AuNRs are characterized by two surface 
plasmon bands, a transverse mode located in the visible region around 
520 nm and a longitudinal one at longer wavelengths, which can be 
tuned from the visible to the near-infrared (NIR) region by varying the 
length-to-width ratio of the AuNRs [Pérez-Juste 2005, Sau 2010, Link 
1999]. Bioconjugates of AuNRs can be of great interest for biomedical 
applications, especially when the resonances of the NRs are tuned to the 
NIR, where biological tissues are relatively transparent. In particular, 
NP-protein hybrid systems have already demonstrated their potential for 
many applications in research and diagnostics, namely optical 
biosensing [Katz 2004], imaging of tissues, cells, or macromolecules 
[Daniel 2004, Hainfeld 2000, Mason 2005] and physicochemical 
manipulation of biological systems [Hamad-Schifferli 2002]. To 
accomplish this bioconjugation task, the nature of the NP interface and 
the adsorption are crucial, as they can determine conformational 
changes, denaturation, or undesirable protein orientations with respect 
to the substrate [Yang 1993]. To solve these problems, NPs have been 
modified with small molecules [Hobara 1994] or polymeric matrixes 
[Lofas 1995, Yu 2013, Malikova 2002]. The goal of my work has been 
to bioconjugate water-dispersible AuNRs, prepared by professor 
Agostiano’s research group (Bari University) and coated with the 
positively charged surfactant stabilizer cetyltrimethylammonium 
bromide (CTAB), to horse heart cytochrome c (HHCc), while 
preserving the protein structure. Up to now, three different approaches 
to link proteins to Au are reported in the literature [Austin 2014]: 

- direct anchoring on the CTAB coating of AuNRs by exploiting 
electrostatic adsorption, provided that the protein is negatively 
charged; 
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- interposing a negatively charged layer as a “glue” between CTAB 
and the protein [Huang 2009]; 

- using as intermediate linkers bifunctional molecules containing a 
functional group with good affinity for the metal surface (i.e., cyano, 
mercapto, carboxylic acid or amino groups) to displace the native 
bilayer and, on the other side, a functional group that interacts with 
the protein by means of covalent or noncovalent bonds [Austin 
2014]. 

HHCc, that is almost identical to the human variant, has been selected 
as a protein probe to test the NPs biocompatibility being a small, single 
chain heme protein that has been extensively studied by resonance 
Raman (RR) spectroscopy [Scott 1996]. It is also an interesting 
pharmacological target because not only it plays an important role in 
electron transfer, but also acts as an apoptosis (programmed cell death) 
initiator after interacting with cardiolipin, a phospholipid of the inner 
mitochondrial membrane [Orrenius 2007, Caroppi 2009, Kagan 2009]. 
Since HHCc do not have any functional groups able to covalently bind 
the Au surface, a direct covalent interaction of HHCc with the bare 
AuNR cannot be envisaged. On the other hand, HHCc exhibits three 
positively charged residues (Lys72, 73, 79) on its surface [Daniel 2004, 
Weidinger 2006] that prevent any direct electrostatic interaction with 
the CTAB-capped AuNRs. Moreover, a surface functionalization step to 
replace the pristine CTAB coating with bifunctional molecules more 
suited for subsequent binding of HHCc could cause irreversible 
aggregation of AuNRs or a continuous release of the residual CTAB, 
thus altering the protein stability [Murphy 2010]. Hence, a reliable 
strategy, typically used to modify the surface chemistry and 
simultaneously protect the native NR coating from possible detachment 
of CTAB molecules, is based on polyelectrolyte wrapping [Murphy 
2010]. Therefore, we investigated the ability of a weak polyelectrolyte 
such as polyacrylic acid (PAA) to allow electrostatic interaction 
between HHCc and AuNRs upon controlling ionic strength and pH. 
Recent studies have shown that the conformation of HHCc adsorbed on 
AuNPs depends on surface coverage and NP size [Aubin-Tam 2008]. 
To date, preservation of the native structure of HHCc has been achieved 
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on electrodes by using appropriate self-assembled monolayers 
[Weidinger 2006, Królikowska 2007], but bioconjugation of colloidal 
AuNPs has mostly resulted in protein denaturation [Keating 1998, 
Aubin-Tam 2005, Aubin-Tam 2009, Brown 1996, Park 2009, Jiang 
2005]. In particular, the conjugation of HHCc to AuNPs has been found 
to preserve the HHCc structure only when the structure has been 
decorated with aggregated Ag nanospheres [Keating 1998]. 
Since Cc can assume various misligated forms depending on pH, 
temperature and ionic force [Oellerich 2002, Santoni 2004, Döpner 
1998, Jordan 1995, Indiani 2000], before studying the bioconiugated 
Cc, I undertook studies on misligated model compounds of HHCc to 
identify the Raman markers which allow one to distinguish the protein 
native structure from the misligated ones. In addition, I conducted 
parallel studies on human Cc (HuCc) wild type (WT) protein and some 
site-selected variants where the key residues have been mutated. 

 
3.2 Materials 
Sodium dithionite was obtained from Fluka Biochemika. Sodium 
borohydride (NaBH4, 99%), L-ascorbic acid (99%), potassium 
ferricyanide (K3[Fe(CN)6], analytical grade), sodium lauryl sulfate 
(SDS, reagent grade), sodium dihydrogen phosphate (NaH2PO4, 
analytical grade), sodium hydrogen phosphate (Na2HPO4, reagent 
grade), hydrogen tetrachloroaurate(III) trihydrate (HAuCl4·3H2O, 
99.9%), silver nitrate (AgNO3, 99.9999%), PAA (Mn ≈ 130 kDa), 
potassium phosphate monobasic (≥98%), potassium phosphate dibasic 
(≥98%), potassium chloride (≥99%), imidazole (analytical grade), 
HHCc ≥95% based on mol. wt. 12384) and cardiolipin, as a sodium salt 
from bovine heart ( 98%, lyophilized powder) were purchased from 
Sigma-Aldrich. Stock solutions were prepared using deionized water 
(Millipore Milli-Q gradient A-10 system). 
Expression and site-directed mutagenesis of recombinant HHCc were 
obtained by prof. Santucci’s research group (Tor Vergata University, 
Rome). 
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Expression and site-directed mutagenesis of recombinant HuCc were 
obtained by prof. Fiorucci’s research group (Tor Vergata University, 
Rome). 
CTAB-capped AuNRs with a longitudinal plasmon band at 800 nm 
were synthesized by prof. Agostiano’s research group (Bari University 
Aldo Moro) using a suitably modified literature procedure commonly 
known as the “seed mediated” growth method [Placido 2014, Khanal 
2007]. 
The AuNRs were functionalized with PAA by exploiting electrostatic 
interactions in a layer-by-layer fashion (see the sketch in Fig. 3.1). The 
“as prepared” AuNRs were coated with PAA by incubation of 1 mL of 
AuNRs (2 × 10-9 M) and 1 mL of PAA (1.6 mg/mL, pH 7.0) for 20 min 
under gentle stirring. Then, this mixture was centrifuged two times at 
10000 rpm for 10 min to wash the AuNRs and eliminate free PAA. 
Then AuNRs@PAA that precipitated upon centrifugation were 
dispersed in a phosphate buffer (5 mM, pH 7.0) to ensure deprotonation 
of the PAA carboxylate groups and confer negative charges to the NRs 
surface. 

 
Figure 3.1: Multiple functionalization process of AuNRs with HHCc. 
 
3.2.1 Samples preparation 
HHCc bis-His model compound was prepared according to [Oellerich 
2002]; briefly, 75 mM SDS (sodium dodecyl sulfate) solution was 
added to a HHCc solution in 50 mM phosphate buffer (pH 7.0) followed 
by addition of a 0.1 M imidazole solution (pH 7.0); the SDS 



32 
 

concentration in the resulting mixture was 13-14 mM and the protein: 
imidazole molar ratio was 1:2500. 
His-Fe-Lys ligation was obtained at pH 12.1 and 100 μM concentration. 
His-Fe-OH- misligated model compound was prepared with the HHCc 
K727379N (Lys72Asn/Lys73Asn/Lys79Asn) triple mutant, where no 
Lys residues can bind iron, at pH 12.0. 
Finally, the six-coordinated high spin (6cHS) species model, i.e. the 
His-Fe-H2O misligated compound, was obtained at pH 2.0 at high ionic 
strength (NaCl 2 M) [Jordan 1995]. 
Model compounds concentration in the range 25-100 μM were used for 
spectroscopic measurements. 
The purified HuCc and its variants (Met80Ala, MA and 
Tyr67His/Met80Ala, YHMA) were diluted with 0.1 M phosphate buffer 
at pH 7.0 and/or 0.125 M citrate buffer at pH 4.3 to obtain 
concentrations in the 15-50 μM range at pH 7.0 or 5.5. The protein 
concentration was determined on the basis of the molar absorptivity (ε) 
of 106 mM-1 cm-1 at 409 nm for the WT protein [Margoliash 1959] and 
of 121.7 mM-1 cm-1 at 405 nm for the MA, and YHMA mutants [Bren 
1993]. 
To ensure complete oxidation, 1-3 μL of a 3 mM freshly prepared 
K4[Fe(CN)6] solution were added to 40 μL protein samples. 
The pure ferric form of the Met80Ala (MA) mutant was obtained by a 
reduction and re-oxidation process. The sample solution was reduced by 
adding dithionite powder, excess dithionite being removed by 2 h 
dialysis in fresh buffer; the sample was then oxidized by adding a few 
grains of K4[Fe(CN)6], excess K4[Fe(CN)6] being removed by dialyzing 
overnight.  
Ferrous samples were prepared by addition of 2-3 μL of a freshly 
prepared sodium dithionite (10 mg/mL) solution to the ferric forms (40 
μL) previously degassed with nitrogen. It is noted that the double 
Tyr67His/Met80Ala (YHMA) variant easily oxidized at pH lower than 
7.0. 
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Figure 3.2: UV-Vis absorption spectra of AuNRs@PAA (pink), 
AuNRs@PAA mixed with the HHCc solution prior to centrifugation (red) and 
after the centrifugation cycles (blue). 
 
Bioconjugation of HHCc on AuNRs has been obtained by adding 200 
μL of a HHCc solution (0.5 mg/mL) in 5 mM phosphate buffer (pH 7.0) 
to the as prepared AuNRs@PAA solution (5 × 10-10 M). This mixture 
was kept under gentle stirring for 1 h. Thus, the obtained HHCc-
conjugated AuNRs (AuHHCc) solution was centrifuged at 7000 rpm for 
10 min, and washed with phosphate buffer (5 mM, pH 7) to remove free 
HHCc until no further decrease of the Soret band absorbance was 
observed (Fig. 3.2). To ensure complete oxidization of the HHCc 
adsorbed on the NRs, 2 μL of a K3[Fe(CN)6] solution (1 grain in 1 mL) 
was added. The resulting solution was characterized by UV-Vis and RR 
spectroscopy, and, by others, by FT-IR spectroscopy, transmission 
electron microscopy (TEM) and ζ-potential measurements. 
 
3.3 Resonance Raman studies of Cytochrome c 
Cc is a single-chain heme protein lying in the inter-membrane space of 
the eukaryotic mitochondria, where it plays a role as an electron carrier 
and as a ROS scavenger [Orrenius 2007, Caroppi 2009]. It is composed 
of 104 amino acids and contains a heme c prosthetic group covalently 
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attached to the polypeptide chain by two thioether bridges formed with 
the Cys14 and Cys17 residues [Bushnell 1990, Louie 1990, Berghuis 
1992]. His18 and Met80 are the fifth and sixth axial ligands, 
respectively, of the heme iron in the native protein (Fig. 3.3). 

 
Figure 3.3: HHCc structure (PDB file: 1HRC). His18, Met80 and Tyr67 are 
reported in dark grey. 
 

 
Figure 3.4. Absorption spectrum in the Soret region with its second derivative 
(top, left) and RR (λexc = 406.7 nm) spectra in the ν3 (bottom, left) and 
fingerprint (300-440 cm-1) (bottom, right) regions of native HHCc. 
Experimental conditions: 5 mW laser power on the sample, average of 4 
spectra with 20 minutes integration time. 



35 
 

 
The main features of the UV-Vis absorption and RR spectra of the WT 
HHCc are shown in Fig. 3.4 and are identical to those reported for yeast 
Cc and HHCc [Hu 1993], typical of a 6-coordinated low spin (6cLS) 
species with a His-Fe-Met coordination state. 
 
3.3.1 Misligated model compounds 
Cc is found in its native form at pH 7.0 and low ionic strength, but 
extensive studies demonstrated that Cc can adopt various misligated 
states depending on the environmental conditions: 
- at pH 2.0 and high ionic force, the Met80 residue is substituted by a 

water molecule, resulting in a 6cHS aquo form, His-Fe-H2O [Jordan 
1995, Indiani 2000]; 

- between pH 9 and 11 a His-Fe-Lys form is observed, where Met80 is 
substituted by Lys72, 73 or 79 [Döpner 1998]; 

- at pH > 11, the His-Fe-Lys species is in equilibrium with a His-Fe-
OH- form [Döpner 1998]; 

- in presence of SDS micelles, a bis-His coordination state is observed, 
where His26 or 33 substitute Met80 [Oellerich 2002, Santoni 2004]. 

The substitution of the native Met80 ligand is associated with an 
increase of heme planarity due to the relaxation of the tertiary structure, 
causing many changes in the absorption and RR spectra that are 
observed for all the misligated forms mentioned above, i.e.: 
(a) blue-shift of the Soret band,  
(b) loss of the CT band at 695 nm  
(c) upshift of the core-size marker bands (such as ν3, see Fig. 3.4), 
(d) weakening or disappearing of the out-of-plane bending modes. 
Nevertheless, each misligated species shows a unique spectral pattern in 
the fingerprint region of the RR spectrum (300-440 cm-1), hence I 
prepared four HHCc misligated model compounds to identify the 
Raman markers for each non-native forms. 
 
His-Fe-His [Othman 1994, Oellerich 2002, Santoni 2004] (Fig. 3.5): 
the ν8 band downshifts from 348 cm-1 of the native form to 344 cm-1 and 
the δ(CβCaCb) band at 418 cm-1 intensity increases. Moreover, a new 
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band appears at 400 cm-1 which is assigned to the νasym(Fe-Im2) mode, 
that is the specific marker of the bis-His coordination, as previously 
observed for the N-fragment of Cc and Cc″ [Santoni 2004]. 

 
Figure 3.5: Absorption spectrum in the Soret region with its second derivative 
(top, left) and RR (λexc = 406.7 nm) spectra in the ν3 (bottom, left) and 
fingerprint (300-440 cm-1) (bottom, right) regions of the His-Fe-His model 
compound. Experimental conditions: 10 mW laser power on the sample, 
average of 12 spectra with 60 minutes integration time. 
 
His-Fe-Lys [Döpner 1998] (Fig. 3.6): the ν8 band downshifts of from 
348 cm-1 of the native form to 343 cm-1, a new band at 384 cm-1 appears 
and is assigned to the ν(Fe-NLys) stretching vibration. Moreover, the 
δ(CβCaS) thioether vibration mode splits, giving bands at 394 and 401 
cm-1, and the δ(CβCaCb) band at 412 cm-1 increases. 
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Figure 3.6: Absorption spectrum in the Soret region with its second derivative 
(top, left) and RR (λexc = 406.7 nm) spectra in the ν3 (bottom, left) and 
fingerprint (300-440 cm-1) (bottom, right) regions of the His-Fe-Lys model 
compound. Experimental conditions: 5 mW laser power on the sample, 
average of 11 spectra with 55 minutes integration time (left) and average of 20 
spectra with 10 minutes integration time. 
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Figure 3.7: Absorption spectrum in the Soret region with its second derivative 
(top, left) and RR (λexc = 406.7 nm) spectra in the ν3 (bottom, left) and 
fingerprint (300-440 cm-1) (bottom, right) regions of the His-Fe-OH− Cyt c 
model compound. Experimental conditions as reported in Figure 3.15. 
 
His18-Fe-OH− [Döpner 1998, Battistuzzi 2012] (Fig. 3.7): downshift of 
the ν8 band from 348 cm-1 of the native form to 344 cm-1 and a 
significant intensity loss of the thioether bending mode δ(CβCaS) at 395 
cm−1 are observed. 
 
His-Fe-H2O [Jordan 1995] (Fig. 3.8): a mixture of 6cHS aquo (second 
derivative Soret band at 401 nm, ν3 at 1481 cm-1) and 6cLS (second 
derivative Soret band at 410 nm and ν3 at 1504, cm-1) species is 
observed. In the fingerprint region the ν8 mode is at very low 
wavenumber (342 cm-1), and the δ(CβCcCd) propionate bending modes 
give rise to very intense bands at 378 and 385 cm-1. 
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Figure 3.8: Absorption spectrum in the Soret region with its second derivative 
(top, left) and RR (λexc = 406.7 nm) spectra in the ν3 (bottom, left) and 
fingerprint (300-440 cm-1) (bottom, right) regions of the His-Fe-H2O model 
compound. Experimental conditions: laser power at the sample 10 mW; 
average of 8 spectra with 40 min integration time (left) and average of 12 
spectra with 60 min integration time (right). 
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3.3.2 Human Cytochrome c 
In parallel, I conducted a study on HuCc WT protein and its variants 
MA and YHMA. Cc is in fact a very interesting protein, because of the 
multiple functions that it carries out in response to different cell stimuli. 
In particular, these different functions seem to be regulated also by 
protein conformational changes. Direct interaction with cardiolipin 
(CL), a phospholipid of the mitochondrial membrane, gives rise to a 
more flexible tertiary structure, disruption of the Fe-Met80 ligation, 
gain of peroxidase activity and release into the cytosol [Ow 2008, 
Santucci 2010] with consequent apoptosis triggering. In this process, the 
position of Met80 is thought to be crucial in conferring different 
functionality to Cc. 
Met80 is located in the surface heme crevice loop (residues 71-85), the 
most highly conserved segment of the primary structure of Cc. The 
dynamics of the heme crevice loop are regulated by its link with the 40-
57 loop through Tyr67. In fact, Tyr67, a highly conserved residue, 
forms a hydrogen bond network with Met80 and other conserved 
residues (such as Asn52 and Thr78). This hydrogen bond network helps 
to maintain the sulfur atom of Met80 in the right position as the heme 
iron ligand, thus also controlling the redox potential of the protein. 
Moreover, mutations at the Tyr67 position have been previously shown 
to lead to a rearrangement of the distal portion of the heme cavity, 
depending on the type of substituting residue [Ying 2009, Casalini 
2010]. In HuCc, substitution of Tyr67 by Arg leads to the cleavage of 
the Fe-Met80 bond, while substitution by His affects the heme pocket to 
a much lower extent [Patriarca 2012, Tognaccini 2016]. To have a 
better understanding of the possible rearrangements of the distal cavity 
when mutation of key residues occur, I used the acquired knowledge on 
the misligated species to study HuCc WT protein and its variants MA 
and YHMA by UV-Vis and RR spectroscopies. 
 



40 
 

300 400 500 600 700

WT

 
Ab

so
rb

an
ce

pH 7.0

x20

52
5

40
8

40
9

69
556

1

53
0

53
1

401

Wavelength (nm)

56
0

56
4

62
5

x7

MA
pH 5.5

MA
pH 7.0

 
Figure 3.9: UV-Vis absorption and second derivative spectra of ferric WT 
HuCc at pH 7.0 together with its MA mutant at pH 7.0 and pH 5.5. The 470–
610 and 600–750 nm regions are expanded 7-fold and 20-fold, respectively. 
 
3.3.2.1 Met80Ala mutant 
At neutral pH, the MA mutant UV–Vis electronic absorption spectrum 
is characterized by the absence of the CT band at 695 nm (indicative of 
the Fe-Met80 bond, [Stellwagen 1974]) and the Soret maximum at 408 
nm (Fig. 3.9). In addition, the RR core size marker band wavenumbers 
are slightly upshifted compared to the WT (Fig. 3.10, A). 
These spectral variations indicate that the main species is a 6cLS and 
that Met80 has been replaced by another internal ligand, which induces 
the formation of a more planar heme [Indiani 2000, Döpner 1998, 
Sinibaldi 2003, Oellerich 2002, Battistuzzi 2012]. The presence of a 6c 
high spin (HS) H2O-Fe-His aquo species is also noted, as indicated by 
the shoulder of the Soret band at 401 nm, the band at 625 nm, assigned 
to the CT1 band, and the core size marker bands at 1480 and 1570 cm-1, 
assigned to ν3 and ν2, respectively. 
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Figure 3.10: RR spectra in the high (panel A) and low (panel B) frequency 
regions of ferric WT HuCc at pH 7.0 together with its MA mutant at pH 7.0 
and pH 5.5. Experimental conditions: 406.7 nm excitation wavelength, 5 mW 
laser power at the sample, average of 6 spectra with 30 minutes integration 
time. 
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In the RR fingerprint region (Fig. 3.10, B), the downshift of the ν8 band 
from 348 (WT) to 346 cm-1 and the intensity loss of the thioether 
bending mode δ(CβCaS) at 397 cm-1, are reminiscent of the markers of 
the His-Fe-OH- 6cLS species [Döpner 1998], that is the main one at pH 
7.0 (Fig. 3.10, B). 
This species decreases upon lowering the pH, as observed at pH 5.5, 
where the 6cHS aquo species becomes predominant, as indicated by the 
Soret maximum that completely shifts to 401 nm, the RR core size 
marker bands that gain intensity, and the appearance of the weak ν10 
band at 1612 cm-1 (Fig. 3.9 and 3.10, A). In fact, at pH 5.5, protonation 
of the OH- axial ligand results in a mixture of a His–Fe–OH- 6cLS and a 
6cHS aquo species, the latter increasing at the expense of the hydroxo 
form. 
Upon reduction, the UV-Vis spectrum of the MA mutant (Fig. 3.11) is 
characteristic of a mixture of two species, a 6cLS heme (bands at 412, 
521, and 550 nm) and a 5cHS form (434 and 565 nm), indicating that 
the sixth coordination position of the heme iron is partially occupied by 
an internal ligand. 
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Figure 3.11: Electronic absorption spectra of ferrous WT HuCc at pH 7.0 and 
of its MA mutant at pH 5.9. The 470-650 region has been expanded 5-fold. 
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Accordingly, the presence of a small amount of 6cLS species is 
observed in the high frequency RR spectrum, obtained in resonance 
(413.1 nm) with the LS form (Fig. 3.12, B, spectrum b’). Conversely, 
the 5cHS species, becomes predominant with excitation at 441.6 nm, 
i.e. in resonance with the Soret band of the 5cHS heme at 434 nm, (Fig. 
3.12, B, spectrum c’). 
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Figure 3.12: RR spectra in the low (panel A) and in the high (panel B 
frequency regions of ferrous WT HuCc at pH 7.0 (a and a’) and of its MA 
mutant at pH 5.9 (b, b’, c and c’). Experimental conditions: 413.1 nm 
excitation wavelength. (a, a’) laser power at the sample 5 mW, average of 4 
spectra with 20 min integration time. (b, b’), laser power at the sample 2 mW, 
(b’), average of 12 spectra with 60 min integration time. 441.6 nm excitation 
wavelength: (c, c’), laser power at the sample 10 mW, average of 4 spectra 
with 20 min integration time.  
 
This effect is markedly evident in the low frequency region as the 
spectra obtained with the two excitation wavelengths are very different 
(Fig. 3.12, A, spectra b and c). In the 441.6 nm spectrum the strongest 
band at 236 cm-1, which becomes very weak for 413.1 nm excitation, is 
tentatively assigned to the ν(Fe-Im) stretching mode, since it is expected 
to give rise to a strong band in 5cHS ferrous heme proteins upon 
excitation in the Soret band [Kitagawa 1988]. The nature of the internal 
ligand responsible for the minor 6cLS species is unclear. 
The complete vibrational assignment of the RR spectra of the MA 
mutant in its ferric and ferrous forms is reported in Table 3.1. 
 
Table 3.1. Vibrational mode assignment of ferric and ferrous WT HuCc and 
its MA mutant at pH 7.0 and pH 5.5-6.0 [Choi 1982, Hu 1993, Othman 1994, 
Othman 1998]. 

Mode Symmetry 

Fe3+ Fe2+ 

WT M80A WT M80A 

pH 7.0 pH 
7.0 

pH 
5.5 pH 7.0 pH 6.0 

ν(Fe-Im)     236 
γ24 Eg 230    

ν9 A1g 273  263, 
270  

ν51 Eu 303  306 305 
ν8 (5cHS) A1g  339  337 
ν8 (6cLS) A1g 349 346 346 345 

ν50 Eu 361 359 357 352 
δ(CβCcCd) 

(5cHS)      372,388 

δ(CβCcCd)  374, 371, 381, 371, 377 
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382 383 387 379 

δ(CβCaS)  398 397 396 391, 
400 

392, 
398 

δ(CβCaCb) 
(5cHS)     411,416 

δ(CβCaCb)  413, 
418 412, 418 413, 

420 
412, 
419 

γ22 Eg 445 446 445 445 
ν33  480 479 478  
γ12 B1u 522 521 520 516 
ν49 Eu   535  

γ21 Eg 
555, 
568 

552, 
569 

553, 
568 

551, 
568 

550, 
565 

ν(C-S)  690,696 690,696 684,691 685 
ν(C-S) 
(5cHS)     686 

ν7 (5cHS) A1g    697 
ν7 A1g 703 703 700 700 
ν15 B1g   750 750 

ν15 (5cHS) B1g    758 
ν21 A2g 1317 1318 1313 1314 

ν4 (5cHS) A1g    1352 
ν4 (6cHS) A1g  1373   
ν4 (6cLS) A1g 1373 1377 1361 1359 

ν20 A2g   1383  
ν29 B2g 1406 1404 1397 1399 
ν28 B2g 1465    

ν3 (5cHS) A1g    1469 
ν3 (6cHS) A1g  1480   
ν3 (6cLS) A1g 1503 1504 1492 1492 
ν38 (5cHS) Eu    1523 
ν38 (6cLS) Eu 1547  1555  
ν11 (5cHS) B1g    1551 
ν11 (6cLS) B1g 1560  1547 1553 
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ν2 (6cHS) A1g  1570   
ν2 (5cHS) A1g    1579 
ν19 (6cLS) A2g   1585  
ν2 (6cLS) A1g 1584 1588 1586 1592 1591 

ν37 Eu 1596 1603 1604 1607 
ν10 (5cHS) B1g    1604 
ν10 (6cHS) B1g  1612   
ν10 (6cLS) B1g 1636 1636 1638 1622 1623 

 
3.3.2.2 Tyr67His/Met80Ala double mutant 
The double YHMA mutation gives rise to the appearance of two new 
species, a misligated 6cLS heme, characterized by a Soret band at 409 
nm, and a 6cHS aquo form, with the Soret band at 397 nm and CT1 
band at 630 nm, which increases at lower pH (Fig. 3.13, panel A). In the 
high frequency RR spectra (Fig. 3.13, panel B, spectrum b), the core 
size marker bands of the 6cLS species have frequencies higher than 
those of the WT (Fig. 3.13, panel B spectrum a) but they differ from 
those of the MA mutant (Fig. 3.10, panel A) and are reminiscent of 
those observed for His-Fe-His ligation [Oellerich 2002]. Moreover, a 
curve fitting analysis (Fig. 3.14) confirms the presence of a 5cHS form. 
In the RR low frequency region (Fig. 3.15, spectrum b), the YHMA 
spectrum shows marked changes compared to the WT and is very 
similar to those of imidazole-microperoxidase [Othman 1994] and of N-
fragment of Cc and Cc″ [Santoni 2004], that have been assigned to a 
bis-His coordination. In fact, i) the shape of the 330-430 cm-1 region, 
called “fingerprint region” due to its sensitivity to the heme ligation; ii) 
the decrease in intensity of the out-of-plane bending modes [γ22 (445 
cm-1), γ12 (522 cm-1), γ21 (568 cm-1) and γ5 (730 cm-1)] and of the 
propionyl bending mode [δ(CβCcCd), at 374 cm-1]; iii) the downshift of 
the ν8 band to 344 cm-1 with the concomitant broadening and intensity 
decrease; iv) the presence of the very intense δ(CβCaCb) band at 417 cm-

1; v) the shift of the ν7 band, which overlaps with the ν(C-S) stretching 
mode at 696 cm-1, are all consistent with this assignment. 
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Figure 3.13: Comparison of the electronic absorption (Panel A) and RR 
spectra (Panel B) in the high frequency region of ferric WT HuCc at pH 7.0 (a, 
a’) together with its YHMA mutant at pH 7.0 (b, b’) and pH 5.5 (c, c’). The 
470-610 and 600-750 nm regions are expanded 7- and 20-fold, respectively. 
RR experimental conditions: 406.7 nm excitation wavelength, laser power at 
the sample 5 mW (a’) and 2 mW (b’, c’), average of 6 spectra with 30 min 
integration time. 
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Figure 3.14: Curvefitting analysis of the 1440-1530 cm-1 zone of the YHMA 
mutant at pH 7.0 (A) and 5.0 (B). The bandwidths are indicated in brackets. 
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Figure 3.15: Comparison of the RR spectra in the low frequency region of 
ferric WT HuCc at pH 7.0 (a) together with its YHMA mutant at pH 7.0 (b) 
and pH 5.5 (c) and Cc bis-His model (d). Experimental conditions: 406.7 nm 
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excitation wavelength, laser power at the sample 5 mW (a, d) and 2 mW (b, c), 
average of 6 spectra with 30 min integration time. 
 
Accordingly, the curve fitting analysis of the pH 7.0 double mutant 
spectrum (Fig. 3.16) shows the presence of a new band at 403 cm-1, 
assigned to the bis-His asymmetric νas(Fe-Im2) stretching mode, the 
specific marker of the bis-His coordination [Santoni 2004]. Since 
coordination of His26 or His33 would require a change in the tertiary 
structure, it is very likely that His67, which replaces Tyr67 in the distal 
cavity, binds the iron atom. 
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Figure 3.16: Curve fitting of the RR spectrum reported in Fig. 3.9 (spectrum 
b) in the 300-440 cm-1 region of YHMA at pH 7.0. Bandwidths are reported in 
brackets. 
 
Upon reduction, the electronic absorption spectrum of the YHMA 
mutant is very similar to that of the WT (Fig. 3.17, left panel). 
However, the 6cLS RR spectrum in the high frequency region (Fig. 
3.18, right panel) is characterized by core size marker bands that are up-
shifted by 2-4 cm-1. In addition, the bands at 1585 (ν19) and 1547 (ν11) 
cm-1, which are anomalously intense in the WT spectrum due to the 
ruffling distortion of the heme [Shelnutt 1998], almost disappear in the 
mutant spectrum. Therefore, as for the ferric state, these changes 
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suggest the formation of a misligated 6cLS ferrous form [Othman 
1998]. 

 
Figure 3.17: Electronic absorption and RR spectra of ferrous YHMA and WT 
HuCc at pH 7.0. Left: electronic absorption spectra, the 470-650 nm region is 
expanded 3-fold. Right: RR spectra in the high frequency region. Experimental 
conditions: excitation wavelength 413.1 nm; (WT): laser power at the sample 
5 mW; average of 4 spectra with 20 min integration time; (YHMA): laser 
power at the sample 2 mW; average of 8 spectra with 40 min integration time. 
The 1450–1650 cm-1 region is expanded 2-fold. 
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Figure 3.18: Comparison of the RR spectra in the low frequency region of 
ferrous WT and YHMA at pH 7.0 together with the bis-His Cc model. 
Experimental conditions: 413.1 nm excitation wavelength; WT, His-Fe-His: 
laser power at the sample 5 mW, average of 4 spectra with 20 min integration 
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time; YHMA: laser power at the sample 2 mW, average of 8 spectra with 40 
min integration time. 
 
Accordingly, the low frequency region spectrum (Fig. 3.18) shows 
pronounced changes in the relative intensities and frequencies of the 
bands compared to the WT (Fig. 3.18), similarly to what observed for 
the ferric form. This could suggest that even in the reduced form His67 
replaces the Met80 ligand, giving rise to a His-Fe-His18 6cLS species. 
Since no literature data on bis-His coordinated ferrous forms were 
reported, I obtained the low frequency RR spectrum of the reduced His-
Fe-His HHCc model, according to [Oellerich 2002] (Fig. 3.18). Many 
similarities are observed between the double mutant and the model 
spectrum, like the overall shape of the fingerprint region, the decrease in 
intensity of the out-of-plane bending modes γ22 (448 cm-1), γ21 (563 cm-

1) and of the δ(CβCcCd) and δ(CβCaS) bending modes at 379 and 390 
cm-1 respectively, the shift of the ν7 band, which overlaps with the ν(C-
S) stretching mode at 685 cm-1 and the decrease of the ν15 at 750 cm-1, 
thus confirming the assignment to a His-Fe-His coordination state. 
The complete vibrational assignment of the RR spectra of the YHMA 
mutant in its ferric and ferrous forms is reported in Table 3.2. 
 
Table 3.2. Vibrational mode assignment of ferric and ferrous WT human cyt c 
and its YHMA mutant at pH 7.0 and pH 5.0-6.0 [Choi 1982, Hu 1993, Othman 
1994, Othman 1998]. 

Mode Symmetry 

Fe3+ Fe2+ 

WT Y67H/M80A WT Y67H/M80A 

pH 7.0 pH 
7.0 

pH 
5.0 pH 7.0 pH 

7.0 
pH 
6.0 

ν34 B2g   178  
ν53 Eu      
γ24 Eg 230    
ν9 A1g 273 274 272 263,270 267 269 
ν51 Eu 303   306  
ν8 A1g 349 344 346 345 344 
ν50 Eu 361 360 357 359 357 

δ(CβCcCd)  374, 373, 383 371, 379 380 
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382 379 

δ(CβCaS)  398 395 391, 
400 390 

νas(Fe-
Im2) 

  403  403 

δ(CβCaCb)  413,418 409,417 413,420 409,414 
γ22 Eg 445 449 445 448 
ν33  480 477 475 478 476 475 
γ12 B1u 522   520 516 518 
ν49 Eu   535  

γ21 Eg 
555, 
568 

553, 
566 

553, 
567 

551, 
568 549, 564 

ν(C-S)  690, 
696 688, 693 684, 

691 686 

ν7 A1g 703  700 697 
γ11 B1u   723  
γ5 A2u 730  729  
ν15 B1g   750 750 
ν21 A2g 1317 1318 1313 1313 1314 

ν4 (6cHS) A1g  1370    
ν4 (6cLS) A1g 1373 1374 1361 1358 1360 

ν20 A2g   1383  
ν29 B2g 1406 1410 1408 1397 1394 
ν28 B2g 1465 1469 1459  

ν3 (6cHS) A1g  1483   
ν3 (5cHS) A1g  1493   
ν3 (6cLS) A1g 1503 1506 1492 1492 1493 

ν11 
(6cHS) B1g   1544   

ν11 
(5cHS) B1g  1554   

ν38 Eu 1547 1554 1555 1559 
ν11 

(6cLS) B1g 1560 1564 1547 1538 1543 

ν2 (6cHS) A1g  1571   
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ν2 (5cHS) A1g  1580   
ν19 

(6cLS) A2g   1585  

ν2 (6cLS) A1g 1584 1587 1592 1590 
ν37 Eu 1596 1602 1604 1605 
ν10 

(6cHS) B1g   1620   

ν10 
(6cLS) B1g 1636 1640 1622 1622 

 
3.4 Bioconjugation of Cytochrome c on gold nanorods 
The surface properties of the AuNRs have been modified by means of a 
layer-by-layer electrostatic functionalization procedure. CTAB-coated 
AuNRs with an aspect ratio of 4.2 ± 0.4 (diameter = 14.1 ± 1.6 nm; 
length = 58.5 ± 5.8 nm) have been synthesized by using the seed-
mediated approach, resulting in NRs coated with a CTAB bilayer, 
which ensures a very good particle dispersion in water, thus minimizing 
the risk of aggregation phenomena. The UV-Vis spectrum of colloidal 
AuNRs is reported in Fig. 3.19 (black) and shows the typical two 
plasmon bands located at 516 and 800 nm, corresponding to transverse 
and longitudinal plasmon modes, respectively. Moreover, the 
longitudinal plasmon band is quite narrow and intense compared with 
the transverse band, suggesting a high yield of nearly monodisperse 
AuNRs. 
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Figure 3.19: UV-vis absorption spectra of AuNRs (black), AuNRs 
coordinated by PAA (red), and HHCc-conjugated AuNRs (AuHHCc, green). 
The inset shows a zoom of the spectra within the 350-450 nm wavelength 
range. The calculated HHCc concentration of the AuHHCc solution is about 
10-6 M. 
 
The ammonium-terminated polar heads of the surfactants interact with 
water molecules in the surrounding environment, conferring a positive 
charge to the AuNRs, as demonstrated by the ζ-potential measurements 
(Table 3.3). The positively charged quaternary ammonium heads of the 
CTAB molecules coating the AuNRs promote the electrostatic binding 
of the positively charged HHCc by interaction with the negatively 
charged PAA (see the sketch in Fig. 3.1). Such a polyelectrolyte 
wrapping of the NRs is, in principle, able to limit the possible release of 
the CTAB molecules of the bilayer coating the NR surface, thus 
representing a safe “glue” compatible with the presence of 
biomolecules. Moreover, PAA, being a weak polyelectrolyte, allows 
interaction between HHCc and AuNRs to be modulated by the tuning of 
ionic strength and pH, thus obtaining the most-suited wrap for the 
AuNRs. The charge density of PAA is a function of the solution pH 
and, therefore, affects the arrangement of the chains and their 
conformation upon surface adsorption [Burke 2004]. In fact, for pH > 
pKa (PAA, pKa = 4.8), many of the PAA carboxylic groups are 
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deprotonated, thus inducing stretching of the polymeric chains because 
of reciprocal electrostatic repulsion [Aulich 2010]. In this study, PAA 
has been incubated in solution with the AuNRs at pH 7.0, obtaining a 
complete surface coverage. This is demonstrated by the inversion of the 
ζ-potential value (Table 3.3) from the initial positive charge of the 
AuNRs (+36.4 mV) to the negative charge of AuNRs@PAA (-37.9 
mV). 
 
Table 3.3: particle size (d), size distribution and surface charge of AuNRs. 

 
 
As can be seen in the absorption spectrum of the AuNRs@PAA sample, 
after the purification procedure, the coverage with the PAA layer does 
not induce any significant change in the position of the longitudinal 
plasmon band (Fig. 3.19, red). At this stage, the AuNRs@PAA solution 
has been incubated with an excess of positively charged HHCc for 1 h 
to promote electrostatic anchoring of the protein on the AuNRs 
(AuHHCc sample). The unbound HHCc has been removed by 
centrifugation cycles, to precipitate and isolate only functionalized 
AuNRs. The experimental conditions are decisive not only to control 
the amount of protein anchored on the AuNRs surface by simply 
varying the incubation time of the protein in the AuNRs@PAA 
solution, but also to modulate the strength of the interaction, that may 
affect the extent of protein denaturation at the NRs surface [Aubin-Tam 
2005, Verma 2005]. It has been reported that a higher protein coverage 
could result in an overcrowded arrangement and thus enhance the 
protein-protein and protein-NRs interactions, consequently affecting 
protein folding [Vertegel 2004, Aubin-Tam 2008]. Therefore, to 
maintain constant the number of free carboxylates of PAA coating the 
AuNRs, the AuNRs@PAA solution has been washed and redispersed in 
phosphate buffer solution at physiological pH (7.0). The presence of 
HHCc in the AuNRs solution is clearly shown by the absorption 
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spectrum of the AuHHCc sample. The appearance of the Soret band of 
native HHCc (Fe3+) at 409 nm, concomitant with the slight red shift of 
the longitudinal plasmon band due to the modification of the chemical 
environment, is clearly evident (Fig. 3.19, green). Remarkably, because 
of its low molecular weight, the free HHCc in solution does not 
precipitate along with the bioconjugated AuNRs upon numerous 
washing cycles of the sample by centrifugation. In fact, no precipitate is 
observed when pure HHCc solution was centrifuged in the same 
experimental conditions as the bioconjugated sample. The shoulder on 
the longitudinal plasmon band observed at higher wavelengths can be 
ascribed to minor aggregation phenomena arising from the 
purification/centrifugation cycles. The ζ-potential value after incubation 
with HHCc (Table 3.3) decreases because of the reduction in the 
number of free PAA carboxyl groups, which confirms that the protein is 
well-anchored and also indicates a good stability of the prepared NRs. 
Transmission electron microscopy (TEM) images of as-synthesized 
AuNRs (a), AuNRs coordinated by PAA (b), and AuHHCc are reported 
in Fig. 3.20. The TEM micrograph in (a) shows that the shape and size 
distribution of the AuNRs is quite uniform with an aspect ratio of 4.2 ± 
0.4 (g). The TEM analysis of the aspect ratios of the particles for 
AuNRs@PAA and AuHHCc (h,i), performed on the TEM images (b,c), 
shows that they are 4.2 ± 0.5 and 4.1 ± 0.5, respectively. This confirms 
that the AuNRs preserve their size and shape after the polyelectrolyte 
wrapping and HHCc binding steps. Therefore, the slight modification of 
the longitudinal plasmon band position observed in Fig. 3.19 can be 
safely ascribed to the modification of the chemical environment of 
AuNRs. 
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Figure 3.20: TEM images of AuNRs (a), AuNRs coordinated by PAA (b) and 
AuHHCc (c) (100 nm scale bar). The TEM images of the same samples 
captured in negative staining mode are shown in (d-f). (50 nm scale bar). The 
corresponding aspect ratio statistical analyses of the particles are presented in 
(g-i). 
 
Interestingly, TEM images of the negatively stained samples (d-f) 
highlight the modification of the AuNRs organic coating, that passes 
from a uniform and thin layer for AuNRs to an inhomogeneous coating 
of about 2.5 nm for AuNRs@PAA, consistent with the less compact 
structure of a polyelectrolyte layer. Such features are even more evident 
when the HHCc is anchored to the AuNRs. Furthermore, the diameter 
analysis by dynamic light scattering (DLS) (Table 3.3) shows that the 
AuNRs are characterized by an equivalent spherical shape and rather 
homogeneous in size: 86.1 ± 0.5 nm for AuNRs, 127.2 ± 3.0 nm for 
AuNRs@PAA, and 160.2 ± 1.6 nm for AuHHCc, whereas their 
diameters are higher than those observed by TEM. This discrepancy can 
be explained by taking into account that DLS probes the hydrodynamic 
diameter, which includes the hydration shell due to the PAA coating. In 
addition, the DLS analysis of anisotropic particles, such as AuNRs, has 
to be interpreted cautiously because of the possible occurrence of 
multiple diffusion modes and must be considered only qualitatively. 
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The bioconjugation process has also been monitored by FTIR 
investigation (Fig. 3.21). The intense signal at 1702 cm-1 and the broad 
band with medium intensity at 1248 cm-1 are typically associated with 
ν(C=O) and ν(C-O) stretching modes of carboxylic group dimers. The 
weak bending δ(O-H) mode at 814 cm-1 further confirms the presence of 
carboxylic group dimers in PAA. In addition, the asymmetric stretching 
ν(C-O) mode, associated with -COO- at 1558 cm-1, is coupled with the 
weaker symmetric ν(C-O) mode at 1408 cm-1, indicating the presence of 
carboxylate ions [Hu 2002]. Therefore, this suggests that at the pH 7.0, 
the carboxylic groups of the PAA stock solution are not completely 
deprotonated and thus both dimers and carboxylate ions coexist. 
Remarkably, when PAA interacts with CTAB to wrap the AuNRs, the 
intense band at 1702 cm-1 significantly decreases, leaving the intense 
band at 1558 cm-1 of the carboxylate ions, which interacts with the 
ammonium heads of CTAB (Fig. 3.21, B). The binding of HHCc to the 
PAA layer results in the appearance of the typical band at 1652 cm-1 
(Fig. 3.21, D), assigned to the ν(C=O) stretching mode of amide I of the 
protein (Fig. 3.21, C) that is a very sensitive probe of protein linkages 
[Jiang 2005]. In fact, the intensity of this signal slightly decreases when 
HHCc electrostatically interacts with PAA. Therefore, the overlap of the 
HHCc and PAA bands in the 1500-1700 cm-1 region does not permit 
any further considerations on the bioconjugation event. However, any 
denaturation of the protein can be ruled out, as indicated by the lack of a 
band at 1635 cm-1 in the FTIR spectrum of AuHHCc, typically ascribed 
to denatured HHCc (Fig. 3.21, D) [Speare 2003]. 
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Figure 3.21: ATR-FTIR spectra of PAA (A), AuNRs@PAA (B), HHCc 
(C), and AuHHCc (D). 
 
3.4.1 Raman measurements 
To verify the native heme pocket structure retention of HHCc on the 
NPs surface, Raman measurements were performed on the 
bioconjugate. The AuHHCc RR spectra (Fig. 3.22, red) show, for both 
406.7 (b) and 514.5 (a) nm excitation, the coexistence of the oxidized 
and reduced HHCc forms. For 406.7 nm excitation, in resonance with 
the HHCc Soret bands of both the ferric (409 nm) and ferrous (417 nm) 
forms, the spectra are dominated by the totally symmetric modes of 
native HHCc. In fact, for the Fe2+ form, ν4, ν3, ν2, and ν10 bands are 
observed at 1363, 1492, 1592, and 1622 cm-1, and for the Fe3+ form, ν4, 
ν3, ν2, and ν10 bands are observed at 1372, 1502, 1585, and 1637 cm-1, 
respectively. The full assignment is reported in Table 3.4. 
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Figure 3.22: RR spectra of AuHHCc (red) and AuHHCc after addition of 
K3[Fe(CN)6] (violet) obtained with the 514.5 (a) and 406.7 (b,c) nm excitation 
wavelengths. The bands assigned to (Fe2+) and (Fe3+) HHCc are indicated in 
green and black, respectively. Experimental conditions: laser power at the 
sample 40 (a) and 10 mW (b,c); average of 15 spectra with 2 h 30 min 
integration time (a), 4 spectra with 40 min integration time (b), and 8 spectra 
with 80 min integration time (c). 
 
Table 3.4: Resonance Raman frequencies and vibrational assignments of Cyt c 
and AuHHCc [Hu 1993]. The bands assigned to Fe2+ and Fe3+ HHCc are 
indicated in green and black, respectively. 

Mode Sym
metry 

λexc = 406.7 nm λexc = 514.5 nm 
Cyt c AuHH

Cc 
Cyt c AuH

HCc Fe2+ Fe3+ Fe2+ Fe3+ 

ν8 A1g 346 348 348    
ν50 Eu 357 360 359    

δ(CβCcCd)  372 
380 

374 
382 

374 
382    

δ(CβCaS)  391 
400 398 398    

δ(CβCaCb)  413 
420 

413 
418 

413 
418    

γ22 Eg 445 446 446    
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ν33 B2g 478 480 480    
γ12 B1u 520 522 522    

γ21 Eg 
551 
568 

554 
568 

554 
568    

ν(C-S)  683 
691 693 683 

692    

ν7 A1g 700 702 702    
ν15 B1g 750  750    
ν22 A2g    1130 1125 1130 
ν30 B2g    1173 1169 1173 
ν13 B1g    1230 1234 1230 
ν42 Eu    1242 1247 1247 
ν21 A2g    1313 1316 1313 

ν4 A1g 1361 1375 1372 1363 1372 1364 
1372 

ν20 A2g    1400 1409 1402 

ν3 A1g 1492 1504 1492 
1502 1492 1502  

ν11 B1g 1546 1564 1566 1547 1561 1547 
1562 

ν19 A2g 1584  1585 1583 1583 1585 
ν2 A1g 1592 1584    
ν37 Eu 1604 1596 1604    

ν10 B1g 1622 1635 1622 
1635 1621 1635 1622 

1637 
 
Complete HHCc oxidation has been achieved by adding a minimum 
amount of K3[Fe(CN)6] solution to the AuHHCc solution (Fig. 3.22, 
violet), without any change in the position of the Au plasmon bands and 
the HHCc Soret band (data not shown). This suggests that the reduced 
species represents only a small amount of the total HHCc bound to the 
NRs, even though it is clearly visible in the Raman spectrum. This 
apparent discrepancy probably results from different resonance 
intensification factors and cross sections of the core-size marker bands 
of the reduced form compared with the oxidized species. Moreover, the 
treatment with K3[Fe(CN)6] did not induce any detachment of the 
protein from the NRs, as verified by subsequent centrifugation and 
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washing of the sample (Fig. 3.23). Nevertheless, after the washing, the 
reduced species appears again in the Raman spectrum. 

 
Figure 3.23: AuNRs@PAA + HHCc before washing (blue), after washing by 
centrifugation (pink) and after K3[Fe(CN)6] addition (green). 
 
Upon 514.5 nm excitation (Fig. 3.22, a), in resonance with the Q band 
transitions of HHCc (β-band at 530 and 520 nm for the ferric and 
ferrous forms, respectively), the spectrum is dominated, as expected, by 
B1g, A2g, and B2g modes. The bands at 1313, 1402, and 1585 cm-1 are 
assigned to ν21, ν20, and ν19 of the ferrous form, respectively. However, 
the coexistence of the reduced and oxidized forms causes some changes 
in the relative intensity ratios of the bands compared with the spectra of 
the pure species (Table 3.4) [Hildebrandt 1986, Hu 1993]. The HHCc 
adsorbed on the NRs retains its native conformation (i.e., the heme iron 
is bound to the His18 and Met80 internal ligands), as demonstrated by 
the close correspondence of the difference spectra obtained by 
subtracting alternatively the native HHCc (Fe2+) (Fig. 3.24, b-c) and the 
native HHCc (Fe3+) (Fig. 3.24, b-a) from the spectrum of AuHHCc 
(Fig. 3.24, b). In fact, the core-size marker band frequencies are 
identical to those of the native protein in solution, indicating that no 
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changes in the heme distortion, and hence ligation [Shelnutt 1998, 
Jentzen 1998], have been induced by bioconjugation. 
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Figure 3.24: RR spectrum of AuHHCc (b) together with the difference spectra 
(b-c, b-a) after subtraction of the pure ferric HHCc (a) and ferrous HHCc (c) 
solution spectra. Experimental conditions: (a) 406.7 nm excitation wavelength, 
laser power at the sample 5 mW, average of 5 spectra with 25 min integration 
time; (b) 406.7 nm excitation wavelength, laser power at the sample 10 mW, 
average of 48 spectra with 4 h integration time; (c) 413.1 nm excitation 
wavelength, laser power at the sample 5 mW, average of 4 spectra with 20 min 
integration time. 
 
This conclusion is confirmed by the “fingerprint” region between 300 
and 450 cm-1 that shows the typical features of a Met-Fe-His species 
(Fig. 3.25), whereas none of the markers identified for the Cc misligated 
species (see paragraph 3.3) [Döpner 1998, Tognaccini 2016] are 
observed. Moreover, previous reports found that upon denaturation the 
disruption of the Met80-iron bond occurs concomitantly with the loss of 
the secondary structure and the increase in the molecular size under 
equilibrium unfolding conditions [Yeh 1998]. Because the band 
frequencies and the intensity pattern of AuHHCc (Figure 6b, red) are 
identical to those of the oxidized protein in solution (Figure 6a), with 
some minor changes due to the presence of a small percentage of the 
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reduced species (Figure 6b), the HHCc structure and heme ligation are 
fully conserved on the AuNR surface. 
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Figure 3.25: RR spectra of AuHHCc (b, red) compared with ferric (a) and 
ferrous (c) HHCc in the low-frequency region, obtained with the 406.7 nm 
excitation wavelength. Experimental conditions: laser power at the sample 5 
mW (a,c) and 10 mW (b); average of 5 spectra with 25 min integration time 
(a), 18 spectra with 3 h integration time (b), and 4 spectra with 20 min 
integration time (c). 
 
No SE(R)RS effect has been observed for both 406.7 and 514.5 nm 
excitation because the intensity of the HHCc signals is the same (or 
marginally lower) as that of a pure HHCc buffer solution at 10-6 M (Fig. 
3.26), that is, the calculated HHCc concentration from the spectrum in 
Figure 1 (green line). Excitation with the 632.8, 647.1, 785, and 1064 
nm laser lines has been also checked. However, no HHCc signals have 
been observed (data not shown). 
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Figure 3.26: Top: RR spectra (406.7 nm) of AuHHCc (red) and HHCc (Fe3+) 
solution (black). Experimental conditions: 406.7 nm excitation wavelength, 
laser power at the sample 10 mW, 5 min integration time. Bottom: RR spectra 
(514.5 nm) of AuHHCc (red) and HHCc Fe2+ (a) and Fe3+ (c) solutions 
(black). Experimental conditions: 514.5 nm excitation wavelength, laser power 
at the sample 40 mW, 10 min integration time. The HHCc solutions are at the 
same concentration calculated from the electronic absorption spectra of 
AuHHCc (1 μM, see Fig. 3.19, green). 
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3.4.2 Conclusions 
In conclusion, the native state of the protein has been demonstrated for 
the first time, by means of Raman spectroscopy, to be retained upon 
conjugation with the anisotropic Au nanostructures, thus validating the 
proposed protocol as specifically suited to mostly preserve the 
plasmonic properties of the NRs and to retain the native heme Fe 
coordination of the protein.  
The successful creation of such bioconjugates with the retention of the 
protein structure and function along with the preservation of the NPs 
properties represents a challenging but essential task, as it provides the 
only way to access functional hybrid systems with potential applications 
in biotechnology, medicine, and catalysis.  
 
3.5 Cytochrome c - cardiolipin interaction on gold nanorods 
Cc-cardiolipin (CL) interaction is a pivotal step in apoptosis initiation 
[Kagan 2005] and has been studied with many different techniques and 
in various experimental conditions [Kagan 2009, McMillin 2002, Bayir 
2006, Kapralov 2007, Ow 2008, Muenzner 2014, Hannibal 2016]. 
Recently, the combination of UV-Vis, RR and EPR spectroscopies and 
site-directed mutagenesis allowed the long-standing debate about the 
nature of the structural changes induced by CL in the pre-apoptotic 
process to be resolved.[Capdevila 2015, Milazzo 2017] In fact, when 
interacting with CL, the 695 nm CT band decrease, indicating the 
rupture of the Fe-Met80 bond, while the Soret band blue-shifts at 407 
nm and the RR core-size marker bands upshift; this demonstrates that a 
new misligated 6cLS species is formed, and the new distal ligand has 
been identified as a His, thanks to the comparison of the low frequency 
Cc-CL complex spectrum with that of the bis-His model compound 
[Milazzo 2017]. Hence, I tried to study Cc-CL interaction by 
bioconjugation of the Cc-CL complex on AuNRs@PAA. 
1. The AuNRs@PAA were prepared as described above and then a 
solution of Cc-CL complex (molar ratio 1:30), prepared following a 
previously reported procedure [Kapetanaki 2009, Milazzo 2017], was 
added. The UV-Vis absorption spectrum after an hour of gentle stirring 
showed that the Cc Soret band blue-shifted from 409 to 408 nm, as 
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reported for the formation of the Cc-CL complex, indicating that at least 
a part of Cc bound CL and acquired bis-His coordination; anyway, the 
shift reverted completely after centrifugation and washing, implying 
that the newly formed Cc-CL complex was not adsorbed on the NRs 
surface and was washed away. 
2. I tried to form the Cc-CL complex directly on the NRs surface by Cc 
titration with a CL solution: the AuHHCc bioconjugate was prepared 
following the usual procedure, then an aliquot of CL solution was added 
and the Soret band shifted to 408 nm (Fig 3.27, red). After 
centrifugation, the supernatant UV-Vis absorption spectrum (blue) 
shows that the newly formed Cc-CL complex detached from the NRs 
surface, whereas the uncomplexed Cc stayed on the NPs (pink). 
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Figure 3.27: UV-Vis absorption spectra of AuHHCc (black), AuHHCc after 
CL addition (red), supernatant collected after centrifugation (blue), precipitate 
re-dispersed with 5 mM phosphate buffer (pink). 
 
I repeated the procedure three more times, until the Soret absorbance in 
the centrifuged sample decreased to zero (Fig 3.28, left). Moreover, the 
spectra obtained from the supernatant after each centrifugation (Fig 
3.28, right) demonstrate that, after every addition of CL, a consistent 
fraction of bioconjugated Cc is detached from the AuNRs@PAA and 
bind CL to form the Cc-CL complex. Therefore, the bioconjugation of 
the Cc-CL complex on AuNRs cannot be achieved because 
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AuNRs@PAA and CL compete for the same sites on Cc, most likely 
the positively charged Lys residues. In fact, CL bears negatively 
charged phosphate groups, thus displacing the protein from the NRs 
surface. 
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Figure 3.28: Left: UV-Vis absorption spectra of AuHHCc as prepared (black) 
and after each CL addition, centrifugation and re-dispersion with phosphate 
buffer (red, blue, pink, green). Right: UV-Vis absorption spectra of the 
corresponding supernatant solutions taken after every centrifugation. 
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Chapter 4 
 
Silver nanowires as infrared-active materials for 
surface-enhanced Raman scattering 
 
• Becucci M., Bracciali M., Ghini G., Lofrumento C., Pietraperzia G., 

Ricci M., Tognaccini L., Trigari S., Gellini C., Feis A., Silver 
nanowires as infrared-active materials for surface-enhanced Raman 
scattering, Nanoscale 2018, 10, 9329-9337. 

 
4.1 Introduction 
The great development of nanotechnology and novel nanofabrication 
methods [Betz 2014, Lane 2015, Fabris 2016, Mosier-Boss 2017, 
Amendola 2017, Zhang 2017] opened the doors to a broad range of 
applications for surface-enhanced Raman scattering (SERS) 
spectroscopy. SERS is commonly performed in the visible range, 
whereas infrared excitation is by far less usual in spite of its great 
potential in biological applications. Infrared radiation, in fact, can 
penetrate biological tissues to a much larger extent than visible light, 
especially between 700 and 900 nm (near-infrared I region), and 
between 1000 and 1400 nm (near-infrared II region) [Bashkatov 2005, 
Troy 2001, Altınoğlu 2010]. Therefore, developing new SERS-active 
materials in the NIR region is fundamental to explore new opportunities 
of SERS application. Presently, the choice is limited to aggregated 
metal nanospheres [Leopold 2003] or specially designed nanostructures 
[Greeneltch 2013, Kearns 2015], which can display a localized surface 
plasmon resonance (LSPR) band in the near infrared. 
Silver nanowires (AgNWs) appear to be a natural choice because of 
their extremely broad LSPR extinction band, which covers the UV, 
visible, and infrared regions. They offer the additional advantage of a 
relatively high enhancement factor (EF), due to the optical properties of 
silver [Rycenga 2011]. Nevertheless, SERS spectroscopy with AgNWs 
has only been performed with excitation wavelengths shorter than 800 
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nm [Tao 2003, Hunyadi 2006, Goh 2012, Santos 2016, Chen 2017, 
Singh 2012].  
In this work, the SERS activity of commercially available and water-
dispersible AgNWs with 1064 nm excitation has been tested and then 
compared with the relative enhancement obtained by shorter-
wavelength excitation. 
 
4.2 Materials 
Ethylene glycol, polyvinylpyrrolidone (PVP), and benzenethiol were 
purchased from Sigma-Aldrich, and glycerol and pyridine were 
purchased from Merck. All reagents were used without further 
purification. Isopropanol (from Merck) was distilled before use. High-
purity AgNO3 was produced by Cabro (Arezzo, Italy). Water solutions 
were prepared with deionized (Milli-Q) water. 
 
4.2.1 Silver nanowires synthesis 
AgNWs were obtained by Cabro according to a polyol synthesis method 
using PVP as a capping agent and NaCl as a catalyst [Sun 2010, Tao 
2008, Wiley 2007]. 25 mL of 0.01 M NaCl and 35 g PVP were added to 
500 mL of ethylene glycol at 60 °C under stirring to obtain a clear 
solution. 10 g AgNO3 were diluted in 300 mL ethylene glycol in the 
dark with the help of an ultrasonic bath until a homogeneous pale 
yellow solution was obtained. This solution was poured into PVP at a 
[NaCl]/[AgNO3] ratio close to 0.07. The resulting solution became 
reddish. The temperature was kept at 80 °C for 20 min and then 
increased to 100 °C until the NOx red gases completely evaporated and 
the solution became grey. AgNWs were precipitated with acetone and 
dried, then re-dispersed with isopropanol. 
 
4.2.2 Silver nanowires purification 
The as-synthesized material had to be further treated in order to remove 
residual PVP and to reduce the fraction of small-sized AgNPs. To this 
aim, AgNWs samples were purified by continuous density gradient 
centrifugation [Steinigeweg 2011]. Five glycerol/water solutions (30/70, 
35/65, 40/60, 45/55 and 50/50 v/v) were prepared and 2 mL of each 
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solution were stratified carefully in a 15 mL Falcon tube, starting with 
the 30/70 solution at the bottom. The tube was kept horizontally for 
about 15 minutes, and then centrifuged at 3000 rpm for 5 minutes. Right 
after, 200 μL of the AgNWs isopropanol dispersion were added on the 
top of the glycerol solution and centrifuged at 3000 rpm until a 
precipitate was formed at the very bottom of the tube. Most of the 
samples stayed as a brown layer at the top of the tube. The top and the 
bottom fractions were separated using a Pasteur pipette, and centrifuged 
for 10 minutes at 8000 rpm. The precipitates were re-suspended in water 
and this procedure was repeated twice for each fraction. The samples for 
SERS and LIOAS measurements were prepared by diluting the top 
fraction in deionized water. The concentration range was 0.02–0.8% 
(metal mass/volume). 
 
4.2.3 Samples preparation 
SERS spectra has been obtained at 406.7 and 514.5 nm excitations with 
a dispersive spectrometer and at 1064 nm excitation with a Bruker 
MultiRAM FT-Raman (see Chapter 2). 
Samples for wavelength-dependent SERS measurements were prepared 
by adding a 10-2, 10-3 or 10-4 M benzenethiol aqueous solution to 
AgNWs to reach a final 10-4, 10-5 or 10-6 M benzenethiol concentration. 
Pure isopropanol was added to a final 5% (v/v) concentration as an 
internal intensity standard to evaluate the SERS intensity when the 
excitation wavelength is changed. The presence of an internal standard 
is required, as the absorption of the incident and scattered light by the 
sample strongly depends on the wavelength. 
Concentration-dependent measurements at 514.5 nm excitation 
wavelength yielded an estimate for the limit of detection (LOD) of 
benzenethiol (10-6 M < LOD < 10-5 M) and pyridine (10-4 M < LOD < 
5×10-4 M). 
 
4.3 Silver nanowires characterization 
SEM was used to study nanometer-scale features such as the 
morphology, length and diameter of the NWs. Fig. 4.1 displays 
randomly piled up AgNWs, with lengths between 1 and 4 μm and an 
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average thickness of 90 ± 10 nm. The cross section of the nanowires 
appears rather prismatic than circular. A minority fraction of smaller 
nanoparticles with very different shapes and sizes was also observed.  
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 4.1: Representative SEM images of AgNWs at 30000× and 110000× 
magnification. 
 
The extinction spectra of AgNWs are characterized by an extremely 
broad LSPR band, extending from the near UV to the infrared range 
[Johns 2017]. The as-synthesized material displayed a shoulder at 352 
nm and a maximum at 386 nm, together with a shoulder at 411 nm (Fig. 
4.2, A). After purification, the main component gave rise to a spectrum 
with a maximum at 387 nm without the 411 nm shoulder (Fig. 4.2, B), 
whereas the residual fraction yielded a spectrum with a prominent 
shoulder at 432 nm (Fig. 4.2, C). The latter fraction likely corresponds 
to the smaller nanoparticle population observed by SEM. These results 

x 30000 
1 µm 

x 110000 
200 nm 
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were in line with those obtained by a previously described purification 
procedure [Gao 2005]. 

 
Figure 4.2: Extinction spectra of the AgNW aqueous dispersion before 
purification (A) and of the top (B, solid line) and bottom (C, dashed line) 
fractions (see Experimental methods). The three spectra have been normalized 
to unity. Representative SEM images of fractions A and B are shown. 
 
In particular, the extinction spectrum of purified AgNWs was very 
similar to the previous one, which was interpreted as originating from 
AgNWs with a pentagonal cross section on the basis of electronic 
microscopy images and previous theoretical work [Kottmann 2001]. 
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The shoulder at 352 nm can therefore be assigned to the transverse 
quadrupole resonance, the band at 387 nm to the transverse dipole 
resonance, and the broad, featureless band at longer wavelengths to the 
longitudinal resonance. The presence of an intense quadrupole band 
confirms that the cross section of our AgNWs is prismatic [Shuford 
2005, Pietrobon 2009]. 
 
4.4 SERS measurements 
The exceptionally large width of the LSPR band suggests that SERS 
spectra can be obtained from AgNWs with excitation wavelength (λexc) 
in a very broad range. To test this opportunity, I performed SERS with 
excitation at 407 nm, i.e., close to the extinction maximum, at 514.5 nm, 
on the red edge of the LSPR band, and at 1064 nm, where the extinction 
reaches a plateau. The experimental conditions were specifically 
adjusted to obtain a reliable comparison of the SERS intensities at 
different wavelengths. Benzenethiol was chosen as a SERS probe 
because it does not display electronic resonances in this wavelength 
range. AgNWs were used as aqueous dispersions where isopropanol 
was added as an internal intensity standard. Isopropanol was chosen 
because it does not interact with the metal surface, thus only its Raman 
bands are observed in the spectra. 
At 514.5 nm and 1064 nm I tested three different benzenethiol 
concentrations, 10-4 M, 10-5 M, and 10-6 M (Fig. 4.3). 
Then, the intensity ratio between the Raman bands of 10-4 M 
benzenethiol and those of isopropanol at different λexc was evaluated. 
This ratio yielded the wavelength dependence of the enhancement factor 
(EF), even if I did not perform a determination of the absolute EF, 
which had been previously shown to be 5.8 × 103 (at 514.5 nm) for 
similar AgNWs [Goh 2012].  
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Figure 4.3: SERS spectra of benzenethiol on AgNWs as a function of 
concentration at λex.= 514.5 and 1064 nm. The asterisks mark the bands of the 
internal standard isopropanol (5% v/v). Experimental conditions: (514.5 nm) 5 
mW power at the sample, 10 minutes integration time; (1064 nm) 200 mW 
power at the sample, 400 scans averaged. 
 
Fig. 4.4 shows the extinction spectrum of AgNWs after the addition of 
10-4 M benzenethiol. The only effect of the analyte addition was a slight 
red shift of the LSPR band maximum. 
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Figure 4.4: Extinction spectrum of the AgNWs aqueous dispersion after the 
addition of 10-4 M benzenethiol. The arrows indicate the three λex for SERS 
spectra, and the red bars represent the intensity ratio between the benzenethiol 
SERS band at 1000 cm-1 and the isopropanol Raman band at 817 cm-1. 
 

 
Figure 4.5: SERS spectra the AgNWs aqueous dispersion after the addition of 
10-4 M benzenethiol at the three λex. The asterisks label the bands of the 
internal standard isopropanol. Experimental conditions: (406.7 and 514.5 nm) 
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5 mW power at the sample, 10 minutes integration time; (1064 nm) 200 mW 
power at the sample, 400 scans averaged. 
 
The SERS spectra of benzenethiol adsorbed on AgNWs at the three 
selected λex (Fig. 4.5) matched the published SERS spectra of 
benzenethiol on Ag surfaces [Carron 1991]. In particular, the intensity 
of the strong band at 1000 cm-1, which can be assigned to the ring 
breathing mode, was similar to the intensity of the bands at 1073 cm-1 
and 1575 cm-1. This feature is typical of benzenethiol adsorbed onto Ag 
surfaces [Zhou 2008], and contrasts with the spectrum of pure liquid 
benzenethiol, where the band at 1000 cm-1 is by far the strongest one. 
The spectra were most intense for 514.5 nm excitation. At 1064 nm 
excitation, the relative intensity of the bands of benzenethiol was 
weaker. For example, the band at 1000 cm-1 was weakened by a factor 
of 1.5. The bands of benzenethiol could be hardly detected at 407 nm 
excitation (Table 4.1). The relative intensities at the three λex values are 
plotted in Fig. 4.4. 
 
Table 4.1: Relative intensities of the most intense benzenethiol bands in the 
SERS spectra shown in Fig. 4.3. I* represents the normalized intensity of the 
isopropanol band at 817 cm-1. 

 
 
The data in Fig. 4.4 and 4.5 are a clear example of the non-coincidence 
of extinction and EF. In particular, the unusually high EF observed in 
the NIR region could be due to: 

i) the presence of small amounts of extended NPs aggregates, 
displaying especially high EFs at long wavelengths; 

ii) some analytes, like heterocyclic aromatic molecules, can form 
charge-transfer complexes with the metal surface (chemical effect) 
[Lombardi 2009], leading to the appearance of new electronic 
transitions, often lying at wavelengths longer than the LSPR band; 

iii)  the presence of diverse LSPRs, which can contribute to extinction 
and SERS EF to a strongly different extent [Reguera 2017, 
Giannini 2007]. Anisotropic NPs like nanorods [Guiton 2011, Chu 
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2009] and nanosphere dimers [Kleinman 2013, Le Ru 2006] are 
characterized by a relatively weak resonance at shorter wavelengths 
and a stronger one at longer wavelengths. The wavelength 
dependence of the electric field intensity at the metal surface that 
gives rise to SERS follows the shape of the extinction spectrum, but 
the EF is increased by several orders of magnitude for the longer 
wavelength resonance, whereas extinction changes to a much lesser 
extent. Therefore, SERS on anisotropic nanoparticles is most 
effective for λex in the red/NIR region [Le Ru 2009]. 

Contribution of reasons (i) and (ii) to the SERS wavelength dependence 
cannot be excluded, but most likely the AgNWs marked anisotropy is 
determinant, i.e. the SERS enhancement at longer wavelengths 
originates from resonance with a longitudinal mode. Finite element 
method (FEM) simulations, performed by others, confirmed this 
possible explanation. 
Moreover, laser induced optoacoustic spectroscopy (LIOAS) 
measurements (performed by others) showed that contributions to 
extinction are mostly due to scattering, especially in the NIR, where 
absorption is negligible (Fig. 4.6). This has important consequences in 
the field of AgNWs applications because it has been recently reported 
that highly absorbing SERS substrates display a rapid decrease of the 
SERS signal under laser irradiation, because of high temperatures 
around the nanoparticle surface. In contrast, AgNWs can indeed act as 
SERS substrates without heating and therefore may be advantageous 
when compared to other plasmonic systems. 
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Figure 4.6: Absorbance/Extinction (A/E) and Scattering/Extinction (S/E) 
ratios obtained by LIOAS measurements. In this figure the water absorption 
band at 980 nm has not been subtracted from the spectrum. 
 
4.5 Conclusions 
In conclusion, AgNWs demonstrated to be a very useful SERS substrate 
for NIR excitation, because not only in this region they are still fairly 
SERS-active, but also absorption does not significantly contribute to 
extinction, thus preventing the AgNWs from heating. The effect is 
outstanding at 1064 nm, nevertheless, low heating and high SERS 
efficiency are maintained at shorter wavelengths (514.5 nm), adding 
further versatility to AgNWs as SERS substrates. 
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Chapter 5 
 
SERS spectroscopy for in-field detection of 
pesticides and pollutants in agrifood products 
 
• Tognaccini L., Ricci M., Gellini C., Feis A., Smulevich G., Becucci 

M., SERS for detection of dimethoate residues in water and olive 
leaves, Molecules 24, 2019, 292. 

• Tognaccini L., Ricci M., Gellini C., Feis A., Becucci M., Smulevich 
G., Surface-enhanced Raman spectra of glyphosate: a correlation 
with ordinary Raman spectra based on isotopic substitution, to be 
submitted to J. Raman Spectrosc. 

 
5.1 Introduction 
In modern agriculture, chemical pesticides are widely used and play an 
essential role in food production [Matson 1997, Khöler 2013]. Most 
chemical pesticides are designed to be toxic to living organisms, so they 
might represent a risk for the human health and the environment. There 
is increasing evidence showing an association between pesticide 
exposures and human diseases, such as cancer and nervous system 
disorders [Alavanja 2004, Saeedi Saravi 2001]. Therefore, the balance 
between large-scale, cost-effective, production in agriculture and the 
public demand of healthy, possibly organic, food is actively pursued and 
a continuous effort is made for a sustainable use of pesticides. Their 
possible field of application, dose and allowed residual limit is defined 
by public regulatory authorities and periodically revised. Analytical 
methods with very high sensitivity and general applicability for 
pesticides exist, mostly based on extraction and chromatographic 
method. Efficient routines (QuEChERS) have been devised allowing 
sample cleanup and multiresidue analysis of pesticides, fully responding 
to the present norms. However these methods require many steps 
(sampling, transport to the laboratory, storage of the sample, analysis), a 
long time and an advanced sample manipulation (including the use of 
different solvents and reagents). Simple analytical methods, possibly 
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suitable for in-field application can be of great interest, especially if 
adapted for targeted analysis of specific pesticides that are known to be 
used to control the presence of specific pests in the interest area. 
Thanks to its high sensitivity, SERS spectroscopy could be a very 
suitable candidate for this kind of application. One of the potential 
advantages of SERS, when compared to chromatographic methods, is 
the selectivity in the identification of single components in 
multicomponent mixtures, since the vibrational spectrum can be 
considered as a fingerprint of the analyte. This can avoid pretreatment 
and/or functionalization of the analytes making the analysis quicker and 
cheaper. In recent years, SERS spectroscopy has been widely used in 
the detection of pesticide residues in water solution and even on food 
surfaces [Guerrini 2011, Fang H. 2015, Fang W. 2015, Liu 2012, Yang 
2014, Zhai 2015, Zhang 2014, Albuquerque 2015, Furini 2015, Furini 
2016, Wang 2018, Chen 2018]. Moreover, since many small portable 
instruments already exist, in-field application could also become 
feasible [Lee 2007, Halvorson 2010, Yan 2007, Pilot 2017]. 
The aim of my work was to develop a simple, quick, in-field detection 
method, based on SERS spectroscopy to be applied on widely used 
chemicals. The results obtained for the common pesticides, namely 
dimethoate and glyphosate, will be discussed in this chapter. 
On the contrary, only preliminary results obatined on food pollutants, 
the so-called FCMs (food contact materials) will be reported in the last 
part of this chapter 
 
5.2 Materials 
Dimethoate (DMT), glyphosate (GLP) glyphosate-2-13C, 
aminomethylphosphonic acid (AMPA), KNO3, AgNO3 and sodium 
citrate were purchased from Sigma and used without further 
purification. Diisodecyl phthalate (DIDP) as a pure compound, 
bisphenol A and 4-octylphenol (4-OP) as 10-4 M methanol solutions 
were provided by our collaborators in Istituto Zooprofilattico 
Sperimentale del Lazio e della Toscana (IZSLT). Isopropanol (from 
Merck) was distilled before use. Water used for preparation of the 
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different solutions was lquid chromatography - mass spectrometry 
grade, obtained from Sigma.  
 
5.2.1 Samples preparation 
Silver nanoparticles were prepared as colloidal dispersions according to 
the standard Lee Meisel method [Lee 1982]. The synthesis was repeated 
several times with similar results and we always obtained, as usual, a 
rather large size distribution of spherical particles. The colloid 
properties were checked measuring their UV-Vis extinction spectrum, 
that corresponds to the ones reported in the literature [Ca˜namares 
2005]. 
The analyte solutions were prepared by adding to 160 μL of the 
colloidal dispersion 20 μL of a 0.3 M solution of KNO3 (as aggregant) 
and 20 μL of a standard analyte solution in water to obtain final 
concentrations ranging from 10-3 to 10-6 M. DIDP, being water-
insoluble, was previously dissolved in isopropanol. 
SERS spectra of DMT solutions dried on olive leaves were measured on 
samples prepared by deposition of a 1 μL of 10-2 - 10-6 M DMT water 
solution followed, after 1 hour, by deposition on the same spot of 
another 2 μL drop of colloidal dispersion aggregated by KNO3 (as 
described above). 
 
5.3 Dimethoate 
DMT is an organophosphorus insecticide and acaricide commonly used 
since the ‘50s in particular to protect olive trees from the olive fly 
(Bactrocera oleae), that is probably the most important pest affecting 
olives in some regions (typically the Mediterranean basin and South 
Africa and, more recently, also California). Its presence is most relevant 
in areas and periods characterized by higher humidity and relatively 
lower temperatures. DMT on the leaf surfaces is oxidized to its active 
oxygenated analogous omethoate (OMT), while the absorbed DMT is 
decomposed following different enzymatic reaction pathways 
[Dauterman 1960]. This is the reason for the regulatory limits defined as 
the sum of DMT and OMT content. The DMT and OMT structures are 
sketched in Fig. 5.1. 
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Figure 5.1: Schematic structure of DMT (left) and OMT (right). 
 
DMT is suggested for treatments on olive plants as a water solution at 
10-2-10-3 M concentration range, according to the technical datasheet 
from the producer Cheminova AS for the different treatment strategies 
(80-625 ml of the industrial formulation containing 40% DMT in weight 
per 100 L of the final solution to be spread). It has a deadline deficiency 
(interval between treatment and use of product) of 28 days. Its 
persistence (either as DMT or OMT) on the olive fruit surface is up to 
10% on the four weeks timescale [FAO Report 2003]. The presence of 
DMT on olives is allowed to the maximum limit 2 mg/Kg [Commission 
Directive 2008/17/EC of 19 February 2008] while on olive oil the limit 
is 0.05 mg/kg [Codex Alimentarius Commission, Codex alimentarius 
pesticide residues in food-maximum residues limits, 2nd ed., Vol. 2B, 
FAO/WHO Press, 1996]. Even if DMT is noxious for human health, 
neurotoxic by ingestion, inhalation and skin contact, it is considered 
quite safe to use for olive oil production, because, being highly water-
soluble, it flows away in the residual water during the oil extraction 
process. This is very convenient but poses severe issues on the treatment 
of the residues from olive oil production (the limit in drinking water is 6 
μg/L (i.e. 2.6x10-8 M) [FAO/WHO 1997, WHO 2003] and on the 
certification of organic cultures, where DMT use is not permitted. 
Furthermore, DMT use is allowed in many productions, including 
citrus, lettuce, tomatoes, onions and others. Therefore, the availability of 
simple and effective methods for its in-field identification is of extreme 
interest for public health and for certification of organically grown food. 
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5.3.1 SERS detection in solution 
The SERS spectra of DMT solutions at different concentrations using 
the portable BWTek system with the 785 nm have been obtained (Fig. 
5.3). The spectra are in agreement with the work published by Guerrini 
et al. [Guerrini 2011]. 
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Figure 5.3: SERS spectra (λexc = 785 nm) of DMT from 10-4 to 10-6 M 
concentration (red, blue, pink) compared with the aggregated AgNPs 
background (black). Experimental conditions: 20 mW at the sample, average 
of 5 spectra with 8’20’’ integration time. 
 
As previously reported [Guerrini 2011], it appears that AgNPs promote 
DMT hydrolysis to omethoate (OMT). Therefore, the spectrum can 
show possible contribution to the different molecules present in the 
actual solution, a contribution whose ratio is changed by the reaction 
advancement. Nevertheless, the isolated single δ(NCC) band at 404 cm-1 
[Guerrini 2011] in the SERS spectrum could be a good reference for the 
possible quantification of DMT in the sample (Fig. 5.4).  
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Figure 5.4 DMT SERS signal (785 nm excitation) on the peak at 404 cm-1 as a 
function of DMT nominal concentration.  
 
Analogous SERS spectra have also been obtained with other excitation 
wavelengths at 458, 532, 633 and 1064 nm. With the shorter 
wavelengths (458 and 532 nm) a negligible intensity SERS signal was 
observed with respect to 633, 785 and 1064 nm excitations. This is 
expected, because in the 600-1100 nm region, extinction is mostly due 
to aggregated NPs (see Fig. 5.5) and it is well known that a partial NPs 
aggregation induced by presence of specific ions in solution (like 
nitrate) can strongly improve the SERS signal for longer wavelength 
excitation, thanks to the formation of strongly SERS-active aggregates 
of nanoparticles, the so-called ‘hot-spots’ [Ca˜namares 2005]. 
In details, the aggregation has been followed spectroscopically, by 
checking the change of the UV-Vis extinction spectrum with the 
concentration of nitrate. Upon addition of KNO3, a decrease of the 
extinction peak at 417 nm and an increase of the longer wavelength 
wing of the signal has been observed, as already reported [Ca˜namares 
2005]. A 100 mM KNO3 concentration in solution completely 
destabilize the Ag colloidal dispersion, while at 30 mM KNO3 

concentration the colloidal dispersion is still stable during the 
measurements (see Fig. 5.5), a strong aggregation is spectroscopically 
observed and the SERS efficiency strongly increases using the 
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wavelength excitation of 785 nm and above. Moreover, since no 
changes in the spectrum overall shape due to the laser wavelength was 
observed, I worked with excitation in the long wavelength region.  
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Figure 5.5: UV-Vis absorption spectra of as-synthesized AgNPs (black) and 
AgNPs after addition of the KNO3 solution (red). 
 
Furthermore, I have measured the relative SERS signal enhancement for 
DMT with 785 and 1064 nm excitation in the presence of 10% (v/v) 
ethanol, which is not adsorbed on AgNPs and does not destabilize the 
colloidal dispersion. Therefore, the Raman peaks of ethanol can be used 
as internal standard for intensity calibration of the DMT SERS signals. 
As shown in Fig. 5.6, we observed a signal enhancement approximately 
two times higher in the DMT spectrum taken with the 785 nm excitation 
as compared to the 1064 nm excitation, indicating that 785 nm is a 
favorable excitation wavelength for this SERS substrate. Even if an 
increase of the SERS enhancement factor does not intrinsically lead to 
an improvement of the S/N ratio, which is rather related to various 
experimental conditions (e.g.: detector efficiency, gratings reflectivity, 
etc.), the 785 nm excitation wavelength was chosen to perform all the 
next experiments due to the availability of instruments, even portable, 
that allowed me to measure DMT signal both in solution and on solid 
substrates, including direct measure on olive leaves. 
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Figure 5.6: Raman spectrum of ethanol taken with the 785 nm excitation 
(blue), and SERS spectra of 10-4M DMT taken with the 1064 (red) and 785 nm 
(black) excitation, in presence of 10% ethanol. The arrow points to the ethanol 
band at 893 cm-1, used to evaluate the relative SERS enhancement factors. 
Experimental conditions: (blue) 2 mW at the sample, 5 minutes integration 
time; (red) 100 mW at the sample, 400 scans average; (black) 20 mW at the 
sample, average of 5 spectra with 8’20’’ integration time. 
 
5.3.2 SERS detection on olive leaves 
1. In order to test the possibility to detect the presence of DMT on olive 
leaves via SERS experiment in-situ, I have measured the Raman/SERS 
signal of olive leaves obtained with the 785 nm excitation using a 
Raman microscope. I dropped 2 μL of aggregated AgNPs colloidal 
dispersion on a bare olive leaf (picked from an ornamental non-
contaminated olive tree), let it dry and collected a spectrum using a 
micro-Raman equipped with a 785 nm laser source. No relevant Raman 
signal is observed and the fluorescence background (Fig. 5.6, red) is 
efficiently quenched by the AgNPs (Fig. 5.6, green). The spectra taken 
on the front and back of the leaf are very similar, but the signal is 
slightly larger on the front surface. Therefore, I proceed to setup a test 
on samples spiked with DMT. 
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Figure 5.7: Raman spectrum with 785 nm excitation of a clean olive leaf (red) 
and in presence of AgNPs (green). Experimental conditions: 2 mW at the 
sample, 5 minutes integration time. 
 
2. The first test was executed on a glass slide, where I sprayed a DMT 
10-2 M solution (recommended concentration for in-field treatments) 
with aggregated AgNPs, similar to those used for the tests in solution 
described above (Fig. 5.3). The sprayer produced a good aerosol that 
covered uniformly the surface with 20-100 µm diameter droplets. Then 
I used the 785 nm excitation wavelength of a Raman microscope and 
obtained a SERS spectrum with very good S/N ratio (Fig. 5.8, blue). 
Furthermore, similar DMT solutions in the 10-2 - 10-4 M range were 
sprayed on olive leafs and let dry in air. The SERS spectra have been 
taken from many different points with a Raman microscope. In some 
cases, it was possible to recognize the position of the drop on the dried 
sample by visual inspection. The SERS signal of DMT was detected 
with a reasonably good S/N ratio (Fig. 5.8, red).Unlike the DMT SERS 
spectrum in solution (Fig 5.3), in this case the observed spectrum shows 
some features of OMT and a strong peak around 500 cm-1, characteristic 
of solid DMT [Guerrini 2011]. Nevertheless, the intense δ(NCC) peak 
at 404 cm-1 is still clearly observable. 
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Figure 5.8 SERS spectra of DMT 10-2 M solution taken on the glass slide 
(blue) and of DMT 10-4 M solution taken on the olive leaf (red) with 2 mW 
laser power at 785 nm, 10 s acquisition time, 1 average (blue), 20 averages 
(red). 
 
3. Detailed information on the DMT distribution on the leaves could be 
obtained by Raman line-scanning experiments. I dropped 1 μL of DMT 
10-3 M solution on a clean leaf, let it dry and then added 2 μL of 
aggregated AgNPs dispersion on the same spot and other 2 μL on a 
clean near spot (see photo inset in Fig. 5.7). Then, I performed Raman 
line-scanning experiments by placing the sample on a computer 
controlled motorized micrometric table, acquiring the spectrum on the 
two spots and plotting the intensity of the δ(NCC) band at 404 cm-1 as a 
function of the sampling point position. Only a small section of the 
spectrum was selected for numerical elaboration, around the 404 cm-1 
band, namely 350-450 cm-1, such that it was possible to fit the spectrum 
by using only a linear baseline and one single band with a Lorentzian 
profile for a total of five free parameters (with appropriate constrains for 
the band center position and bandwidth). Fig. 5.9 shows the intensity 
signal of the 404 cm-1 band for line-scans made across a leaf area, either 
clean or contaminated with 1 μL of 10-3M DMT solution, covered by 2 
μL of AgNPs colloidal dispersion and air dried. The experiment gives 
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zero signal on the clean leaf surface or in that covered with AgNPs only, 
while the leaf region treated with DMT/AgNPs (visually measured as 3 
mm large) is clearly identified. The irregular distribution of the signal is 
only due to the irregular distribution of AgNPs between the leaf 
stomata. 

 
Figure 5.9: Plot of the DMT 404 cm-1 peak intensity in a 5 mm line-scan (20 
μm step) passing across a 3 mm diameter area treated with the AgNPs solution 
and spiked with DMT (red) or not (blue). The inset shows a picture of the leaf 
and the two measured areas (DMT treated and not), identified as grey circles 
due to the presence of AgNPS. The tip of a 2 mm hex key has been put in 
between the two spots to set the scale of the image. 
 
4. Finally, to simulate a real in-field situation, I sprayed an olive leaf 
with a 10-2 M DMT solution. Then, 2 μL droplets of AgNPs were 
deposited in various points of the leaf. SERS spectra with very good 
S/N ratio has been obtained after subtraction of the clean leaf 
background (Fig 5.10). Unlike the spectrum of the solution of DMT 
with aggregated AgNPs (Fig. 5.3), in this case the observed spectrum 
shows some typical features of OMT [Guerrini 2011]: the absence of 
the band at 470 cm-1, the decrease of the band at 605 cm-1, the growth of 
the bands at 776 and 863 cm-1, the downshift of the band at 1323 to 
1303 cm-1; moreover, the peak at 507 cm-1, characteristic of solid DMT 
[Guerrini 2011], is quite intense (Fig. 5.10). With this method, the 
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intense δ(NCC) band at 404 cm-1 allows detection of the presence of 
DMT even when less concentrated solutions are sprayed on the leaf, in 
particular, until a 10-5 M concentration. This is a very promising result, 
since with a simple drop deposition of AgNPs solution and a portable 
Raman instrument, DMT can be detected at concentrations far lower 
than that of the commercially available solutions. This simple protocol 
could easily become a quick screening method for organic cultures 
certification, avoiding the need of expensive and time-consuming 
analysis when traces of DMT are not detected by SERS on a statistically 
significant number of leaves. 

400 600 800 1000 1200 1400 1600

77
6

86
3

13
03

50
7

Water
solution

R
am

an
 In

te
ns

ity
 (a

.u
.)

Wavenumber (cm-1)

Olive leaf

47
0

14
55

13
23

11
59

10
5090

268
3

75
5

60
557

340
4

 
Figure 5.10: SERS spectra (λexc = 785 nm) of DMT 10-4 M in water solution 
(blue) and DMT 10-2 M sprayed and dried on an olive leaf (red). Experimental 
conditions. 20 mW at the sample, average of 5 spectra with 8’20’’ integration 
time (blue), 5 mW at the sample, average of 10 spectra with 1’40’’ integration 
time. 
 
5.4 Glyphosate 
GLP is a common non-selective herbicide used to kill weeds and 
especially grasses that compete with crops [Borggard 2008, Fenner 
2013]. Being moderately soluble, GLP tends to accumulate in water and 
hence in the soil. In fact, GLP interacts strongly with soil components 
by forming stable complexes with metal ions [Khoury 2010], and it is 
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thus considered an immobile compound, which remains adsorbed in the 
ground [Laitinen 2009, Rampazzo 2013]. In fact, both GLP and one of 
its principal metabolites, aminomethylphosphonic acid (AMPA, Fig. 
5.11) [Rampazzo 2009, Ndjeri 2013], have frequently been detected in 
surface waters and even groundwaters. While GLP has been approved 
by regulatory bodies worldwide, concerns about its effects persist, and 
have grown as the global usage of GLP increases . In March 2015 the 
World Health Organization's International Agency for Research on 
Cancer classified GLP as "probably carcinogenic in humans" based on 
epidemiological, animal and in vitro studies [Guyton 2015]. Although 
an official limit in drinking water has not been set, some countries 
established a maximum contaminant level goal (MCLG) at 0.7 mg/L, 
i.e. 4.1x10-6 M to prevent potential health problems [Safe Drinking 
Water Act (SDWA) amendment of 1986, Speth 1993]. Hence, it is very 
likely that a quick practical method to reveal GLP in water and soil will 
be needed, so I tried to apply the same method that I developed for 
DMT to the GLP detection. 

 
Figure 5.11: Schematic structure of GLP (left) and AMPA (right). 
 
5.4.1 Glyphosate SERS detection 
In order to develop a SERS method for GLP detection in water and soil, 
the first step is obtaining a reproducible SERS spectrum of the 
molecule. Despite the relevance of GLP for human health and 
environment, the number of literature SERS studies is limited. A SERS 
spectrum at 3.3 x 10-7 M concentration was obtained on Ag nanocubes 
[Costa 2012], showing few relationships with the Raman spectrum of 
solid GLP. The authors assigned the SERS spectrum to the anionic form 
of GLP, and performed DFT (density functional theory) calculations for 
the anion in vacuo and on a Ag atom to support their interpretation. It is 
noted that the calculated Raman spectrum of GLP anion shares only 
some features with the SERS spectrum on nanocubes.  
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Unfortunately, I was unable to obtain an experimental Raman spectrum 
of GLP in water solution due to the limited solubility in water (5x10-2 
M), at all pH values (3-12). Therefore, I collected the solid-state FT-
Raman spectra of GLP and of the 2-13C isotopically substituted 
molecule (Fig. 5.12) and the solid-state FT-IR spectrum (Fig. 5.13). A 
tentative assignment, on the basis of literature data [Costa 2012, 
Ascolani Yael 2014, Sheals 2001], is reported in Table 5.1. The 
isotopic substitution is expected to downshift those bands deriving from 
the modes involving the 2-13C atom. Accordingly, 17 isotope-sensitive 
bands are observed, which are marked above the spectrum of 2-13C GLP 
(Fig. 5.12, red). As expected, large (~10 cm-1) isotopic shifts (Table 
5.1) were observed for two of the ν(CH) bands in the 2900-3100 cm-1 
region. Large shifts were also observed for the 1081/1069 cm-1 band, 
assigned to a ν(CN) + ν(COH) mode, and for the 864/857 cm-1 band, 
assigned to a ρ(CH2) + δ(NH) + ν(CC) mode. Smaller shifts (2-4 cm-1) 
were displayed by bands assigned to modes mainly involving other 
functional groups. Moreover, the isotopic substitution effect on the 1036 
cm-1 band showed that this band is formed by two components. 
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Figure 5.12: Raman spectra of solid GLP (black) and its 2-13C isotope (red). 
Experimental conditions: laser excitation wavelength 1064 nm, 100 mW laser 
power at the sample, 100 scans average. 
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Figure 5.13: Raman (black) and IR (violet) spectra of solid GLP. 
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Table 5.1.Tentative assignment of the bands (cm-1) observed in the Raman and 
SERS spectra of GLP and its 2-13C isotope, based on [Costa 2012, Ascolani 
Yael 2014, Sheals 2001]. 

Raman SERS Tentative assignment 
2-12C GLP 2-13C GLP 2-12C GLP 2-13C GLP  

455   ρ(CH2) + δ(OH) 

485   δ(OH) + ρ(CH2) 
+(PO2) 

509   δ(OH) + δ(CH) 
576 574   δ(OH) + δ(OH-C=O) 
646 639    

773 770 δ(NH) + ρ(CH2) + 
ν(P–OH) 

 800  
 819  

864 857   ρ(CH2) + δ(NH) + 
ν(C–C) 

917 889 885 ρ(CH2) 
933 926 936 927  
992 988 974 968 ρ(CH2) + δ(OH) 

1036 1036 1027 1027 
νsym(PO) + δ(OH) 1024 1021 

1081 1069   ν(C–N) +  
1160   νas(PO) 

1196 1189 τ(CH2) + δ(OH) + 
νas(PO) 

1238   τ(CH2) 
1255   ω(CH2) 
1281    

 1313 1311  
1340 1333   ω(CH2)) +ν(C–C) 

1427 1423 
1435 (broad) 

1425 δ(2-CH2) + carbon 
backbonea 

1431 
(shoulder) 1431  δ(4-CH2) + carbon 

backbonea 

1466 1460    
1483    
1566   δ(NH2) 

1714 1706   ν(C=O) H-bonded 
1728 1724   ν(C=O) free 
2834 2827    

2966 2955 2950 2947 νsym(CH2) 
2968   νas(CH2) 

3002 2991   νsym(CH2) 
3011 2996 νas(CH2) 
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a Mode involving motions of the carbon backbone coupled with C-O and P-O 
stretching motions 
 
Following the Raman experiments, I obtained the SERS spectrum of 
GLP on Lee-Meisel AgNPs dispersion (Fig. 5.14), that is quite different 
from the one previously obtained on silver nanocube surfaces [Costa 
2012]. The wavenumbers of the SERS bands are reported in Table 5.1. 
Most bands are shifted and the enhancement pattern is variable, as it 
often occurs in SERS [Lombardi 2009, Le Ru 2009]. Two main 
features, though, exceed the differences which are commonly observed, 
i.e., the very strong SERS band at 720 cm-1, which lacks a possible 
Raman counterpart, and the strongest Raman band at 1036 cm-1, which 
becomes very weak in the SERS spectrum. 
 

 
Figure 5.14: SERS (continuous line ) and Raman (dashed line ) spectra of 
GLP. The SERS spectrum of the Ag colloid (blank) is also reported. 
Experimental conditions: 1064 nm laser excitation wavelength. SERS: 200 
mW laser power at the sample, 400 scans average; Raman: 100 mW, 100 scans 
average; blank: 200 mW, 1000 scans. 
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Due to the limited frequency correspondence between the Raman and 
SERS bands, and the very high analyte concentration (0.1 mM, at least) 
necessary to detect SERS spectra, I needed to prove that the SERS 
spectrum really arose from adsorbed GLP. Therefore, I obtained the 
SERS spectrum of 2-13C GLP (Fig. 5.15), that is very similar to those 
obtained for the non-substituted molecule: seven SERS bands 
displaying small wavenumber shifts are well correlated to the isotopic 
shifts observed for the corresponding bands in the solid state (Table 
5.1), thus supporting that the SERS spectrum I obtained arises from 
GLP. Remarkably, two SERS bands (770 and 1189 cm-1) are unshifted, 
similarly to the corresponding Raman bands at 773 and 1196 cm-1. 
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Figure 5.15: Comparison of the SERS  spectra of GLP and its 2-13C isotope. 
Experimental conditions: 1064 nm excitation wavelength, 200 mW laser 
power at the sample, 400 scans average. 
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The very strong SERS band at 720 cm-1 cannot be related to any Raman 
band of solid GLP. Following a suggestion from previous work 
[Ascolani Yael 2014], indicating that GLP on an Ag surface 
decomposes to AMPA, I measured Raman and SERS spectra of this 
compound (Fig. 5.16). 
The affinity of AMPA for the Ag surface was even lower than that of 
GLP, as only few bands could be observed together with the 
background citrate bands, notwithstanding the high (5 mM) AMPA 
concentration. The strongest band at 730 cm-1 might be related to the 
GLP SERS band at 720 cm-1, but a 10 cm-1 difference is hard to justify. 
More likely, the spectrum of GLP derives from a slightly different 
fragmentation product, like methylphosphonic acid, 
hydroxymethylphosphonic acid or others. 
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Figure 5.16: Raman (green) and SERS (Black) spectra of AMPA. The 
aggregated AgNPs spectrum is also reported (blank). Experimental conditions: 
1064 nm laser excitation wavelength; Raman: 100 mW laser power at the 
sample, 100 scans average; SERS: 200 mW, 400 scans average; blank: 200 
mW, 1000 scans average. 
 
In order to try to increase the sensitivity of the SERS detection, I 
repeated the measurements using AgNPs synthesized by reduction with 
NaBH4 or hydroxylamine, or even AuNPs and I tried a different 
aggregation agent, NaCl. However, AuNPs and hydroxylamine AgNPs 
did not allow to detect any signal and NaBH4 AgNPs performed poorly, 
leading to spectra with high background and weak bands. 
In conclusion, these are some useful preliminary results that allowed to 
define and tentatively assign the GLP SERS spectrum on AgNPs 
surface, but in order to develop an efficient in-field method, the 
sensitivity must be improved with alternative SERS substrates. 
Moroever, SERS spectra of other possible GLP degradation products 
must be studied. 
 
5.5 Food contact materials 
FCMs are a class of molecules used as plasticizer additives in food 
packaging to improve the flexibility, plasticity or viscosity of a polymer, 
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thus allowing to obtain the desirable mechanic properties. They include 
phthalate esthers, bisphenols, alkylphenols and other hydrophobic 
molecules, that are liable to be released from plastic to the food content 
in condition of unstable temperature, long-term usage and critical pH. 
Due to the large plastic-packaged food consumption, FCMs 
accumulation in the consumers’ body is a real possibility and it poses 
high risk to human health due to their endocrine disruptor properties 
[Diamanti-Kandarakis 2009, Mathieu-Denoncourt 2015]. Chronic 
exposure can increase the risk of developing reproductive cancers, cause 
lowered fertility, birth malformations, and sexual development 
problems [Harrison 1999]. In May 2011, a major phthalate-
contaminated foodstuffs incident happened in Taiwan: di(2-ethylhexyl) 
phthalate (DEHP) and diisononyl phthalate were illegally added to 
foods and beverages as substitute emulsifiers [Yang 2013, Wu 2012]. 
Hence, a robust and reliable assessment is necessary to identify FCMs 
in air, water and food [Fang 2013, Yen 2011]. The difficulties in 
detecting endocrine disruptor compounds lie in the variety and the low 
concentrations. The traditionally used detection methods are high 
performance liquid chromatography [Tranfo 2012], high performance 
liquid chromatography-tandem mass spectrometry [Wu 2012, Koch 
2012], gas chromatography-mass spectrometry [Sanchez-Avila 2012, 
Fierens 2012] and gas chromatography-electron capture detector. These 
methods are highly robust, however, some features, such as requiring 
complex sample pre-treatment, being time-consuming and having high 
cost, limit their applications [Cheung 2010]. 
 
5.5.1 Preliminary results 
Three samples from different plasticizer classes were analyzed by 
Raman and SERS spectroscopy on Lee-Meisel AgNPs: 
- DIDP (diisodecyl phthalate) as a pure compound, 
- bisphenol A in a 10-4 methanol solution, 
- 4-OP (4-octylphenol) in a 10-4 methanol solution. 
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DIDP 

 
Bisphenol A 

 
4-Octylphenol 
 
SERS spectra of many phthalate esthers have been obtained on silica or 
anodic aluminium oxide nanostructured arrays decorated with various 
kind of AgNPs or AuNPs [Chou 2014, Chen 2015, Tang 2015, Zuo 
2015, Wu 2018]; to the best of my knowledge, no data are reported for 
DIDP, but many works about DEHP have been recently published [Cao 
2014, Chou 2014, Wu 2018], that is another long alkyl chain-substituted 
phthalate esther. 

 
DEHP 
 
SERS on bisphenol A has been reported on Lee-Meisel AgNPs by 
functionalization with diazonium ions [Han 2011] or on surface-
imprinted core-shell AuNPs [Xue 2013]. No Raman or SERS data are 
reported for 4-OP. 
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The spectra were collected using the 532.3 nm and 1064 nm excitations, 
with similar results. Therefore, only the 1064 nm spectra will be shown. 
DIDP Raman spectrum is shown in Fig. 5.17 and is closely related to 
the Raman spectrum observed for DEHP [Wu 2018]. The Raman 
spectrum of the other analytes were identical to that of pure methanol 
due to the low concentration of the samples. 
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Figure 5.17: Pure DIDP Raman spectrum. Experimental conditions: 1064 nm 
excitation wavelength, 100 mW power at the sample, 100 scans average. 
 
SERS analysis on aggregated AgNPs gave no results for all the 
examined samples under analysis, except that for bisphenol A. Its 
spectrum showed three weak bands decreasing with the concentration as 
compared to the citrate intense background (Fig. 5.18). The band at 
1175 cm-1 is reminiscent of the 1178 cm-1 band observed on surface-
imprinted core-shell AuNPs [Xue 2013, Wang 2011], but the other two 
bands are not characteristic of bisphenol A. Moreover, the other typical 
bands at 638 cm-1, 820 cm-1, 1102 cm-1of bisphenol A SERS spectra are 
not observed. 
I tried to improve the sensitivity and eliminate interference from the 
citrate capping agent by repeating the measurements with BH4 and 
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hydroxylamine reduced AgNPs, but, again, I obtained the same results 
for all the samples. 
This is not surprising, since low affinity for Ag and Au surfaces has 
already been reported for bisphenols [Lezna 1991, Barnett 1994, 
Rodriguez-Lorenzo 2010, Han 2011] and for the other molecules the 
issue is very likely the same. 
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Figure 5.18: Bisphenol A SERS spectra from 2x10-5 to 10-6 M. The spectrum 
of aggregated AgNPs (black) is reported for comparison. Experimental 
conditions: 1064 nm excitation wavelength, 200 mW power at the sample, 500 
scans average. 
 
Since development of an efficient SERS detection method requires 
reproducible and fairly intense SERS spectra, two fundamental steps are 
needed: (i) acquisition of the pure compounds Raman spectra of all the 
samples; (ii) development of an effective AgNPs functionalization 
strategy to increase the analytes adsorption on the metal surface [Xue 
2013, Droghetti 2013]. 
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5.6 Conclusions 
In conclusion, Lee-Meisel AgNPs proved to be a valid nanosubstrate for 
quick detection of DMT directly on the olive leaves. In fact, the 
presence of DMT can be detected by simply depositing a drop of 
AgNPs colloidal solution on a leaf and acquiring a few seconds 
spectrum with commercially available portable instruments. The intense 
isolated band at 404 cm-1 guarantees reproducibility and sensitivity until 
concentration three orders of magnitude inferior to the commonly used 
DMT solutions. This kind of test could be easily adopted for 
certification of organic oil production as a quick and low-cost screening 
technique before proceeding to more expensive and time-consuming 
quantitative analysis. 
The same NPs also provided reproducible SERS spectra of GLP, which 
allowed for the first time a tentative assignment. Nevertheless, GLP, 
and also FCMs compounds, proved insufficient affinity for citrate-
capped AgNPs surface, thus indicating the necessity of specific surface 
engineering to obtain an appropriate sensitivity. 
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