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Abstract

One of the most signi�cant consequences of lipid self-assembly is the formation of

biological membranes. These lipid interfaces are ubiquitous in Nature, they can

be found in viruses, bacteria, cells and cell-derived organelles, where they separ-

ate, de�ne and protect these biological compartments from their outer environ-

ments. Lipid membranes also take part in numerous biological processes, such as

endo/exocytosis, mitosis and signalling; in doing that, they undergo deformations

and withstand stresses of di�erent type and extent. Studying membrane nanomech-

anics, i.e. understanding the mechanical properties that regulate the response of

these lipid interfaces to nanoscale deformations, represents a fundamental step for

achieving a thorough comprehension of multiple biological phenomena. However,

disentangling the di�erent contributions that dictate the mechanical response of

most lipid membranous assemblies still represents an intricate challenge; in ad-

dition to limiting the current knowledge about membrane-related processes, this

problem is also hindering the development of numerous membrane-based biotech-

nological applications.

This work deals with the nanomechanics of both lamellar and nonlamellar lipid

membranes; in particular, it describes how di�erent membranous lipid assemblies

respond to deformations and stresses occurring at the nanoscale level. Leveraging

a wide range of techniques, spanning from Atomic Force Microscopy (AFM) to

neutron/X-ray scattering, results shed new light on fundamental mechanisms pivot-

ing around membrane nanomechanics. In particular, the e�ect of sti�ness and

membrane elasticity on the adsorption of unilamellar lipid nanovesicles to surfaces,

and on the interaction of nanoparticles with their membranes are herein invest-

igated. Moreover, an in-depth AFM-based Force Spectroscopy analysis elucidates

how the mechanical response of a vesicle is made up by multiple cooperating para-

meters. With regards to nonlamellar membranes, our �ndings provide the �rst



nanomechanical analysis of cubic lipid architectures and show that these assem-

blies are characterized by a higher structural stability than lamellar ones, against

the disruption induced by interacting nanoparticles.

The herein presented set of results enriches the current understanding on the

nanomechanics of both lamellar and nonlamellar lipid membranes and o�ers valu-

able information for promising future developments in the �eld.
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Thesis outline

This work reports on the nanomechanics of lamellar and nonlamellar lipid mem-

branes; more precisely on how natural and synthetic membranous self-assemblies,

respond to nanoscale deformations. Understanding and characterizing the mechan-

ical properties of lipid membranes is of fundamental importance and could help to

better rationalize various biological processes that involve interactions with mem-

branes and/or membrane delimited compartments.

The �rst part of the thesis presents those fundamental concepts that are needed

for a complete understanding of the subsequently reported �ndings, together with

a brief description of the main systems and techniques that were adopted.

Chapter 1 introduces lipid membranes and the process of self-assembly, showing

that lipid interfaces are ubiquitous in Nature and describing the main parameters

used to unambiguously identify di�erent mesophases. It then provides examples of

lamellar and nonlamellar membranes, found in both natural and synthetic systems.

The �nal part stresses the importance of understanding the nanomechanics of lipid

membranes, it presents the main types of deformations to which a membrane is

subjected and explains the theoretical models commonly used in studies dealing

with membrane mechanics.

Chapter 2 describes the instrumentation, techniques and systems employed in all

the manuscripts included in this work. Most of the times, in order to characterize

lipid self-assemblies under controlled conditions and to avoid complications connec-

ted with the intrinsic complexity of most natural systems, synthetic lipid models

are used. When possible, �ndings are then transposed to natural systems, which

in this case are represented by Extracellular vesicles (EVs).

The second half of the thesis presents the obtained results and it is organized in

two main parts, addressing the nanomechanical analysis of lamellar and nonlamel-

lar membranes, respectively. The mechanics of lamellar lipid membranes is covered

in chapters 3 and 4.

Chapter 3 reports on the �ndings of Paper 1, in which, by probing the mechanical

properties of both SLBs and liposomes by means of AFM, we shed light on how

vii



membrane elasticity and internal pressurization contribute to the overall mechan-

ical response of both gel and �uid phase lipid vesicles to nanoscale deformations.

Chapter 4 reports on the �ndings of three di�erent manuscripts and is subdivided

into three main sections. The �rst section reports on Paper 2 and shows how

the sti�ness of lipid vesicles in�uences their adsorption on rigid substrates; the

second section describes �ndings from Paper 3, demonstrating that even the inter-

action of gold nano particles (AuNPs) on the vesicle membrane is predominantly

regulated by this mechanical property. Findings from both the studies were also

applied to natural analogs, i.e. EVs, and used for developing two independent

high-throughput mechanical characterizations of lipid vesicles presenting unknown

sti�ness. The last section presents �ndings from Paper 4, where the adsorption

and internalization of AuNPs is investigated using model membranes presenting

lateral heterogeneities in the form of lipid rafts. The obtained results show that

also membrane heterogeneity can in�uence interactions with nanomaterials

The second part of the results deals with the mechanical and structural character-

izations of nonlamellar lipid membranes, in particular inverse bicontinuous cubic

phase membranes.

Chapter 5 deals with the nanomechanics of bicontinuous cubic phase architectures;

by presenting �ndings from Paper 5, it describes an AFM-based mechanical and

structural characterization of cubic membranes. Such analysis shows for the �rst

time that the response of these nonlamellar mesophases to nansocale deformations

is deeply related to their topology.

The last chapter deals with the structural stability of cubic membranes following

the interaction with external nanomaterials, such as AuNPs of di�erent shape; all

the results are included in Paper 6. In this work, by combining multiple scattering

techniques, we show that cubic membranes seem to be more stable than lamellar

ones against the disruptive action of AuNPs.

The full text and supporting information of the six above-mentioned manuscripts

are attached in the Appendix.

Taken together, the herein presented �ndings shed light on how lipid membranes

of di�erent architecture respond to nanoscale deformations; moreover, given the

pivotal role of membrane mechanics in numerous biological processes, our results

could lead to a better understanding of multiple fundamental yet not fully under-

stood interactions.
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Chapter 1
Introduction

Surfactants and more speci�cally lipids, represent amphiphilic molecules that, once

brought in contact with a solvent, can self-assemble into a plethora of di�erent

mesophases. Among the fundamental phenomena deriving from lipid self-assembly,

the formation of membranes retains a top position and had a crucial importance

for the development of life [1]. As displayed in Figure 1.1, lipid membranes can be

found in viruses, bacteria, cells and cell-derived organelles; they de�ne and hence

separate the above-mentioned compartments from the outer environments and also

take part in almost every biological process.

Depending on the shape and packing degree of their molecular constituents, lipid

Figure 1.1: Cryo-electron microscopy images of biological compartments delimited by
lipid membranes. a) AMD plasma cells with putative pili (arrows) [2]. b) The Bacterium
Bacillus subtilis taken with a Tecnai T-12 TEM. Taken by Allon Weiner, The Weizmann
Institute of Science, Rehovot, Israel. 2006. c) Nonlamellar cubic membranes in UT-1 cells
[3]. d) Mature dengue virus [4].

membranes can display either lamellar or nonlamellar architectures; each structure

presents characteristic features in terms of curvature and topology.

Lipids are the most abundant constituents of natural membranes, due to their am-

phiphilic nature, these molecules usually arrange themselves into bilayers; struc-

tures that allow sequestering the hydrophobic portion of these molecules from the
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CHAPTER 1. INTRODUCTION

hydrophilic environment. The shape and packing degree of the lipid molecules not

only dictate the type of membrane that will be formed, they are also responsible

for its physico-chemical properties, e.g. its surface charge, stability and mechan-

ics. Probing these properties is of fundamental importance for understanding mul-

tiple membrane-related biological processes and for the development of promising

membrane-based biomedical applications.

1.1 Di�erent lipid molecules generate di�erent mem-

brane types

This section will brie�y describe how the structure of most lipid self-assemblies

is highly dependent on the shape and packing degree of their lipid constituents.

Based on this, parameters that are commonly used for the characterization of lipid

mesophases will be introduced, together with some examples of membranes and/or

membranous structures presenting either lamellar or nonlamellar geometries.

Lipid packing and membrane curvature

Lipids are amphiphilic molecules characterized by an hydrophilic (water soluble)

head and one or multiple hydrophobic (water insoluble) tails. Within a liquid en-

vironment, lipid molecules try to shield their hydrophobic tails from the aqueous

solvent by self-assembling into larger aggregates, in order to minimize their free

energy. It is hence possible to predict the size and shape of the aggregate by relat-

ing molecular parameters such as hydrophobic volume v, tail/chain length l0 and

head group area a0 with intensive variables like temperature and ionic strength [5].

This is because the free energy of the self-assembly is made up of three main terms:

� an hydrophobic contribution from the hydrocarbons tails, which tries to avoid

any contact with the solvent;

� a surface term, coming from the repulsive and attractive interactions between

the head groups;

� a packing term, coming from the exclusion of both solvents and head groups

from the hydrocarbon region.

The combination of these three parameters can be summarized in the so-called

Packing parameter P , which, according to Israelachvili et al. [6], is related to the

4



CHAPTER 1. INTRODUCTION

above-mentioned molecular parameters by Equation 1.1.

P = v/l0a0 (1.1)

Following 1.1, multiple self-assemblies can be generated; some of them are presented

in Figure 1.2.

Figure 1.2: Di�erent types of structures and mesophases formed by amphiphiles in
aqueous solutions depending on their packing parameter v/l0a0. Figure adapted from [7].

Double chain surfactants (like some phospholipids) tend to form structures like

vesicles and liquid crystals; whose membranes possess interfacial curvatures that

can be either lamellar or nonlamellar. These di�erent structures can be charac-

terized by employing an alternative approach, which instead of focusing on the

packing parameter of single molecular constituents, analyses the curvature of the

aggregate's interface [5]. In particular, given k1 and k2 the principle curvatures

at a speci�c point on a membrane, we can de�ne the mean curvature H, using

Equation 1.2:

H = 1/2(k1 + k2) (1.2)

It is possible to calculate H in various regions of the membrane; a common choice

is to use the lipid/water interface (i.e. the surface originated by the region that

separates the lipid headgroups from the aqueous solvent) [8]. Conventionally, pos-

itive mean interfacial curvatures describe situations in which the membrane bends

towards the hydrocarbon chain region, while negative mean interfacial curvatures

5



CHAPTER 1. INTRODUCTION

identify the opposite scenario. From the application of Equation 1.2, a vesicle (a

sphere) will be characterized by k1 = k2 = 1/R and so H = 1/R, where R is the ra-

dius of the vesicle itself, while a planar bilayer will have k1 = k2 = 0 and so H = 0.

Another parameter that helps to unequivocally identify a speci�c mesophase is the

Gaussian curvature. The Gaussian curvature (K), is de�ned by Equation 1.3

K = k1k2 (1.3)

Taken together, the values of H andK allow di�erentiating between all the possible

lipid mesophases.

Lamellar membranes

Lamellar membranes are the most commonly encountered mesophases as they can

be formed by a wide variety of double- and/or higher- chained amphiphiles. In

these mesophases, the packing parameter of the lipid constituents is typically ≈ 1,

which means a nearly cylindrical molecular shape. They consists of one or mul-

tiple stacked planar amphiphilic bilayers, forming sheets with 1D periodicity [9].

Each sheet has an extremely tiny aspect ratio, with the lateral dimensions being

orders of magnitude larger than the thickness, which is usually ≈ 5 nm. In order to

avoid edge e�ects, lamellar lipid bilayers usually bend and form closed unilamellar

lipid envelopes such as cells, vesicles and other organelles (Figure 1.3). In order

Figure 1.3: Cells, vesicles and organelles are mostly characterized by lamellar mem-
branes. A transmission electron micrograph of an Epstein�Barr virus-transformed B cell
with exosomes budding from the plasma membrane. Multivesicular bodies (MVB) can
be seen which can deliver content to lysosomes for degradation or can fuse with the cell
surface to release intraluminal vesicles as exosomes. Figure adapted from [10].
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CHAPTER 1. INTRODUCTION

to study the above-mentioned natural compartments and their membranes under

controlled and simpli�ed conditions, synthetic lipid-based models are commonly

employed; they feature Giant Unilamellar Vesicles (GUV) (i.e. micrometer sized

lipid vesicles) [11] and Liposomes (i.e. nanometer sized lipid vesicles) [12] as mim-

ics of cells, EVs (more on them in the next section) and their membranes. It is

also possible to realize synthetic planar lipid membranes (or stacks of bilayers)

either supported by a substrate (called Supported Lipid Bilayers, SLBs) or free to

�uctuate (called �oating bilayers) [13]; these planar membrane models allow per-

forming various interface and structural studies avoiding the problems related to

the three dimensional complexity of the previously-mentioned lipid compartments.

Figure 1.4 displays some examples of synthetic models used to study the structure

of lamellar membranes.

Figure 1.4: Examples of most commonly used synthetic models for studying lamellar
membranes under controlled conditions. a) a Supported Lipid Bilayer (SLB), formed by a
lipid bilayer deposited on a rigid substrate; b) multilamellar �oating bilayers, constituted
of a stack of lipid bilayers separated by water interlayers; c) a unilamellar lipid vesicle
whose membrane is made of a curved lipid bilayer; depending on its size it is classi�es as
GUV or liposome.

Extracellular vesicles

Extracellular vesicles (EVs) are an heterogeneous group of biogenic lipid vesicles,

presenting sizes that range from tenths to hundreds of nanometres [14]. They are

produced by cells according to di�erent biogenic pathways; some of them originate

from the Multivesicular Bodies (MVBs) in the intraluminal region of cells while oth-

ers directly shed from the plasma membrane; depending on their origin, they can

be di�erentiated in multiple subpopulations, such as exosomes and microvesicles.
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CHAPTER 1. INTRODUCTION

As displayed in Figure 1.5, EVs are characterized by a lamellar lipid membrane

in which various types of proteins and glycans are embedded; their cargo mostly

consists of nucleic acids (like mRNA/miRNA, DNA and other non-coding RNAs),

carbohydrates, proteins and lipids. Serving as cargoes for biological material, EVs

Figure 1.5: Schematic representation of an Extracellular vesicle (EV) with all its major
components.

play a crucial role in intercellular communication and are actively involved in vari-

ous physiological processes, such as coagulation and immune system activation

[15]. Due to their properties and functions, they represent promising candidates

for multiple diagnostic applications; indeed, it has been found that pathological

events like the initiation of pre-metastatic niche and the colonization of healthy

organs by malignant tumours are both mediated by EVs [16]. In addition to the

�eld of diagnostics, EVs could provide huge contributions also to drug delivery

applications; compared to even the most advanced synthetic nanoparticles, they

possess improved targeting, and circulation performance combined with increased

bioavailability, personalization and sustainability [15].

Due to their intrinsic heterogeneity, the taxonomy of EVs still represents a widely

open issue [17]; several criteria, such as biogenesis, morphometry, composition etc...

have to be taken into account for obtaining a thorough characterization of a single

EV population.

The mechanical properties of EVs represent another fundamental criteria for dis-
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CHAPTER 1. INTRODUCTION

criminating among di�erent EV populations; moreover, several studies reported on

alterations in the mechanical characteristics of EVs, induced by the presence of a

pathological condition [18�21].

In the following chapters, most of the knowledge derived from the study of syn-

thetic lamellar membrane models will be translated to EV samples collected from

very di�erent natural sources, in the attempt to provide useful methods for their

characterization and for shedding light on relevant, as yet unsolved issues, such as

their mechanical properties.

Nonlamellar membranes

Although the membranes of cells and most cell-derived organelles consist of �at

sheets, multiple studies revealed that lipid membranes may fold into "unusual",

highly organized structures, presenting 2D or 3D periodicity [3]. These structures

are ubiquitous in Nature and have been spotted in all kingdoms of life, both un-

der physiological or pathological conditions, such as in mitochondria or in virally

infected cells. Nonlamellar membranes also occur in the endoplasmic reticulum

(ER) of every human cell. Figure 1.6 displays few examples of nonlamellar mem-

branes occurring in Nature. These architectures can be characterized based on

Figure 1.6: Nonlamellar membranes occurring in natural systems. A) A mitochondrion
of 10 days starved amoeba Chaos cells (scale bar: 250 nm); B) hexagonal membrane
organizations observed in UT-1 cells, 48�72 hours after compactin (40 µM) treatment;
C) A cubic membrane in leucoplasts of root tip cells, where they are actively involved in
"protein storage". Images adapted from [3].

their lipid/water interface [8]. While amphiphiles with a packing parameter ≈ 1

self-assemble into lamellar structures, i.e. with zero mean interfacial curvature,

cone-shaped and wedge-shaped amphiphiles favour the formation of mesophases

with positive and negative interfacial H, respectively.

Among the various nonlamellar membranes, bicontinuous cubic phase membranes

are of particular interest, especially due to their peculiar 3D architecture, character-

ized by a continuous lipid bilayer that subdivides the three-dimensional space into
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CHAPTER 1. INTRODUCTION

two interwoven systems of water channels [22]. More precisely, in these mesophases,

lipid molecules self-assemble in a curved bilayer, whose middle plane topology can

be described by one of the three Schwarz's In�nite Triply Periodic Minimal Sur-

faces (IPMS) [23, 24], i.e. the primitive (P), double diamond (D) and gyroid (G);

all of them are displayed in Figure 1.7.

Figure 1.7: The three Schwarz's In�nite Triply Periodic Minimal Surfaces (IPMS). The
IPMS describe the midplane of the curved lipid bilayer forming the bicontinuous cubic
phase membranes.

1.2 The mechanical properties of lipid membranes

As anticipated in the previous section, lipid membranes participate in multiple bio-

logical processes and in doing that, they are subjected to stresses and deformations

of various type and extent. In exo/endo-cytosis, the plasma membrane bends and

locally adopts highly curved con�gurations, in order to internalize and/or release

material; the same happens when lipid vesicles fuse or bud from cells or when they

interact with other interfaces (e.g. when adsorbing on a rigid surface), they ex-

perience nanometric deformations. Another slightly di�erent example is o�ered by

cell division, where the plasma membrane has to stretch; even in that case, the

mechanical properties of the lipid bilayer represent fundamental regulators of the

process. Moreover, the mechanical properties of cells and cell-derived nanovesicles,

such as Extracellular vesicles (EVs), have been reported to vary in the presence of

pathological conditions [18, 19, 25, 26] and thus represent important indicators of

an organism's health condition.

From all these examples it is clear that elucidating the mechanics of lipid mem-

branes would represent a fundamental achievement for multiple research �elds;

it would shed light on numerous open issues in di�erent biological processes and

provide relevant information regarding how these natural interfaces modulate the

interaction of our organism with external materials, such as nanoparticles and bio-

molecules.
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CHAPTER 1. INTRODUCTION

The following sections brie�y describe the most important contributors to the mech-

anics of a lipid membrane, providing the basic knowledge on the concepts exploited

in the next chapters for elaborating the experimental data and deriving the presen-

ted results.

Membrane physical state

It is impossible to think about the mechanical and structural properties of a lipid

membrane, without taking into account the physical state of the membrane itself,

which depends on both temperature and degree of unsaturation of the lipids hy-

drocarbon chains. For what concerns the mechanical properties of lipid bilayers,

an important distinction has to be made between �uid and gel phase bilayers; in

the so-called �uid phase, lipid molecules are able to di�use freely in the lateral

directions, while they move in the perpendicular one only on very long time scales.

In the so-called gel phase, lipid molecules are more tightly packed, thus generating

a more rigid bilayer in which, even the lateral motion of the molecules implies an

energetic cost. A schematic representation of �uid and gel phase bilayer membranes

is given in Figure 1.8. Variations in the rigidity of the bilayer also a�ect the amp-

Figure 1.8: Representation of �uid and gel phase bilayers. Fluid bilayers are softer than
gel ones and display larger �uctuations; moreover, their lipid molecules are less tightly
packed and more free to di�use laterally. The same bilayer may undergo a phase transition
as a consequence of temperature variations; the temperature at which the phase changes
is called melting temperature Tm.

litude of its thermal �uctuations, which in the case of multiple bilayer stacks means

di�erent water interlayer thickness values. Based on this, lipids presenting one or

more unsaturations along their hydrocarbon chains will be more stable in the �uid

phase and will generate softer membranes, compared to lipids that present long and

fully saturated hydrocarbon chains. Lipid bilayers may undergo phase transitions

when the temperature of the system is varied; higher temperatures imply an in-

creased thermal agitation of the molecules and hence a transition towards the �uid

phase; on the contrary, lower temperatures favour the presence of gel phase. Each

lipid molecule undergoes phase transition at a speci�c temperature, called melting

11



CHAPTER 1. INTRODUCTION

temperature, Tm (more details can be found in [27]). Therefore, when compar-

ing the mechanical properties of di�erent lipid membranes, it is important to take

into account the phase state of their molecular constituents, since it can provide

fundamental information for understanding the observed properties.

Membrane mechanics: deformations and free-energy

According to Phillips et al. [28] and as shown in Figure 1.9, it is possible to recapit-

ulate the various kinds of deformation that usually characterize a lipid membrane

into four main types:

� stretching: when the area of a patch of membrane is increased by an amount

∆a, along the membrane plane;

� bending: when the local curvature of a membrane is varied from its spon-

taneous con�guration;

� compression: when the thickness of a membrane is altered from its equilib-

rium value;

� shearing: when the two monolayers are not completely free to slide one upon

the other, there will be some shearing deformations and stresses associated

to their motion.

All the above-mentioned membrane deformations always come with an associated

free-energy penalty; this is because it takes some energy to alter the equilibrium

con�guration of a membrane. Over the years, di�erent models and techniques have

been developed in order to probe the mechanical properties of lipid membranes,

some of them rely on the use of supported planar membranes while others on the use

of lipid vesicles. In order to compare results obtained on di�erent systems (either

vesicles or planar membranes), membrane elasticity has to be expressed employing

intrinsic biophysical parameters. The bending modulus (κ), which describes the

energy required to deform a membrane from its spontaneous curvature [29], is one

of the most important and widely used indicators. This is because the deformation

energy required for numerous biological processes to take place is mostly ascribable

to bending deformations of the membrane. Other theories [30, 31] derive another

descriptor of membrane elasticity, the so-called Young Modulus (E), which de-

scribes the tendency of a material to deform along the axis where the forces are

applied. These two di�erent membrane descriptors are related, according to the

Theory of Elasticity [32], by Equation 1.4, where ν is the Poisson modulus and h

the membrane thickness.

κ =
Eh3

12(1− ν)
(1.4)
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Figure 1.9: Di�erent types of membrane deformations; from top to bottom: stretching,
bending, compression and shearing. Picture adapted from [28]

.

As will be detailed in the next chapter, one of the most classical way to probe

the mechanics of lipid membranes is to use a nano-indenter to impart a nanoscale

deformation to the system (a vesicle or a supported planar membrane); in these

experiments, a relation between force and deformation is obtained. In order to

estimate biophysical parameters of membrane rigidity, such as κ, from this type of

experiments, numerous theoretical models have been developed, among which, the

ones that will be covered in the next chapters are:

� Hertz theory [33]: introduced by Heinrich Hertz to describe the stresses ori-

ginating from the contact of two bodies, it relies on the assumptions that i)

the surfaces are smooth and frictionless, ii) the contact area is small compared

to the size of the bodies, iii) the bodies are isotropic and elastic. This model

can be used for analysing the indentation of �at supported membranes (such

as Supported Lipid Bilayers, SLBs); in the years that followed its publication,

other re�nements and/or variants have been derived by Boussinesq, Landau

and Sneddon [30, 34, 35] also accounting for di�erent indenter geometries.

The most recent advancement was proposed by Dimitriadis et al. [36], who

modi�ed the Hertz theory in order to account for the e�ects originating from

�nite sample thickness. According to [36], Equation 1.5 summarizes the re-
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lationship between force (F ) and indentation depth (δ), and allows �nding

the Young modulus (E) of the probed material, knowing the indenter radius

(Rtip), and χ =
√
Rtipδ/h, where h is the membrane thickness.

F =
16

9
ER

1
2
tipδ

3
2

[
1 + 0.884χ+ 0.781χ2 + 0.386χ3 + 0.0048χ4

]
(1.5)

� Thin Shell Theory (TST): based on the Theory of Elasticity, by Landau

[30], TST can be used to describe the indentation of spherical shells, such as

viruses and lipid vesicles. In the latter case, the theory models the inden-

ted vesicle as being solely constituted by a homogeneous shell with thickness

equal to the height of its lipid bilayer. Despite being extensively used, this

theory does not account for the internal pressurization of lipid vesicles and

attributes all the energetic cost of deformation to the shell, i.e. the vesicle

membrane. More recently, Reissner [31], generalized the theory and proposed

an analytical solution which takes into consideration the presence of trans-

verse shear deformations (Equation 1.6) and allows calculating the Young

modulus of the indented vesicle's membrane. Multiple works in literature

employed TST-based models to derive the mechanical properties of lipid ves-

icles [37�39].

F =

(
4Eh2

R 2
√
3(1− ν2)

)
δ (1.6)

� Canham-Helfrich Theory: based on the works of Canham and Helfrich

for describing the shape of red blood cells [40] and membranes with non-

zero spontaneous curvature [41], respectively; it has been widely used for

characterizing membranes in numerous studies (mostly on vesicles of di�erent

size) [42�45]. According to this theory, the two monolayers composing the

lipid membrane are free to slide upon each other, thus experiencing negligible

shear stresses; moreover, the e�ect of internal pressurization is now taken into

account. Based on this, it is possible to express the free energy of the system

(an indented vesicle) using Equation 1.7

E =

∫ (κ
2
(2H − c0)

2 + σ
)
dA−∆p(V − V0) (1.7)

where κ is the bending modulus of the membrane, H and c0 the mean and

spontaneous curvatures, σ the membrane tension and ∆p the pressure gradi-

ent across the interior and exterior of the vesicle, generated by the volume

variation V − V0.

Despite the high accuracy with which these theories describe stresses and deforma-
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tions, the compositional heterogeneity and intrinsic complexity of most natural

membranous systems still hinder a precise characterization of their mechanics.

Given the fundamental role played by lipid membranes in numerous biological

processes, understanding their mechanical properties represents a hot and yet com-

plicated research topic, with a dramatic impact on life science.

Mechanics of nonlamellar membranes

The mechanical response of nonlamellar membranes to stresses and deformations

is largely unknown and the debate regarding their functions and properties is still

open. Some studies hypothesized that cubic membranes might originate as a spe-

ci�c cellular response, induced by viral infections in order to create a protective

environment to facilitate virus assembly and proliferation [46]; other works suggest

that these membranes represent adaptive cellular strategies to withstand unhealthy

conditions [47].

Multiple rheological characterizations of nonlamellar assemblies have been per-

formed in order to obtain information about the biophysical descriptors of these

architectures [48�50]. Results highlight that these nonlamellar lipid assemblies

possess viscoelastic properties which are strongly frequency dependent; moreover,

their rheological properties have been found to be a�ected by concentration, water

fraction present within the architecture and ultimately topology of the interface.

However, it has to be stressed that rheological characterizations are always per-

formed on lipid bulk phases (which do not closely resemble natural nonlamellar

membranes), hence they are not able to directly probe the mechanical response

of a membrane to localized deformations, like the ones happening in most biolo-

gical processes. In this framework, the nanomechanics that regulates the stability

and the structure of these highly curved interfaces represents an almost completely

unexplored �eld.
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Chapter 2
Materials and Methods

In this chapter, the main systems and techniques used in all the reported manu-

scripts are brie�y introduced. For the accurate descriptions of the experimental

apparati employed in every experiment, please refer to the speci�c manuscripts in

the Appendix.

2.1 Synthetic membrane models

Numerous membrane models have been developed throughout the years with the

aim of studying natural systems using mimics that present only those speci�c fea-

tures under investigation. The following sections, describe the main synthetic mem-

brane models that have been exploited for performing the reported studies.

Liposomes

Liposomes are spherical soft-matter particles consisting of one or more bilayer mem-

brane(s), usually composed of phospholipids [51]. One of the most commonly util-

ized phospholipid type is phosphatidylcholine, which presents a neutrally charged

polar head group; however, either negatively or positively charged phopsholipid

molecules are extensively used without further complications. Apart from charge,

the nature of the hydrocarbon tails in each lipid molecule, particularly the number

and position of double bonds along the chains, are responsible for fundamental

bilayer properties such as phase behaviour and elasticity (more on this has been

said in the previous chapter). Despite the nature of their membrane, liposomes are

usually classi�ed based on their size and degree of lamellarity, i.e. the number of

bilayers present within the vesicle; Figure 2.1 reports di�erent types of liposomes
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that can be obtained following standard lab practices [52]. Apart from being ver-

Figure 2.1: Schematic representation of the most commonly encountered liposome types.
As can be seen, their size can vary from tenths of nm to hundreds of µm. Figure adapted
from [51].

satile synthetic membrane models, liposomes have huge potential as drug delivery

systems; indeed, hydrophilic drugs can be entrapped in their lumen while lipid

soluble drugs can be incorporated into the hydrophobic core of the phospholipid

bilayer [53, 54].

In the works presented in the following chapters, nanosized liposomes of multiple

types, have been extensively used as models of EVs, allowing for the study of vesicle

nanomechanics under simpli�ed and controlled conditions. Moreover, liposomes

also provided the basic ingredient for obtaining another important and versatile

membrane mimic, i.e. Supported Lipid Bilayers.

Supported Lipid Bilayers (SLBs)

It might happen that, when performing certain interaction and/or structural stud-

ies involving lamellar membranes, the three dimensional geometry of vesicles rep-

resents an unnecessary obstacle to the main purpose of the experiment; or in other

cases, it might happen that the typical length scales of a measurement are negli-

gible compared to the curvature of the membrane under investigation. For these

cases, a planar model membrane seems a more desirable system and Supported

Lipid Bilayers (SLBs) hence represent a valuable solution. As suggested by its

name, a SLB (please refer to Figure 1.4 a) consists of a planar lipid bilayer sup-

ported on a rigid substrate. Over the years, multiple methods for SLB formation
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have been developed; a simple and e�ective strategy, pioneered by McConnell et

al. [55], involves the spreading of small lipid vesicles on hydrophilic solid supports

(also called vesicle fusion [56]). Figure 2.2 describes the main steps necessary for

obtaining a SLB through vesicle fusion, starting from the deposition of the vesicles

on the surface, to their rupture, caused by the increase of their concentration on

the surface, which generates mechanical stresses on their membranes. Numerous

Figure 2.2: Stages of SLB formation by vesicle fusion: (A) adhesion, (B) crowding,
(C-E) rupture and spreading of bilayer patches which can expose one of the two lea�ets
depending on the rupture and fusion processes, (F, G) coalescence of high energy edges
and release of water/excess lipid, (H) formation of a continuous SLB. Figure adapted from
[56].

physico-chemical parameters, such as temperature, surface charge, vesicle size etc...,

in�uence the rupture of vesicles on the surface and hence the formation of SLBs,

please refer to [57�60] for detailed investigations regarding this topic. By �nely

tuning the formation process, it is also possible to realize multicomponent SLBs,

characterized by lipid heterogeneity, phase separations or presenting asymmetrical

lea�ets; also proteins and other biomolecules can be embedded within the lipid

matrix of a SLB [61]. In addition to all the herein presented features, SLBs can be

probed by a wide variety of surface-sensitive techniques [13] and hence represent

stable and reliable membrane model systems for a plethora of interface studies.
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Supported bicontinuous cubic phase lipid �lms

Analogously to SLBs, supported bicontinuous cubic phase lipid �lms represent syn-

thetic mimics of natural cubic membranes. They consist of a �lm deposited on a

rigid substrate, whose thickness can vary from hundreds of nanometres to tenths

of micrometres and whose lipid constituents are self-assembled into a nonlamellar

architecture. Despite most properties of nonlamellar lipid membranes (in particu-

lar cubic membranes) are not yet fully understood, very few studies in literature

focused on the realization of these membrane models [62�65], most of the times

obtaining thicknesses in the µm range, which are not representative of natural

nonlamellar membranes. As mentioned in the previous chapter, three types of

lipid cubic phase have been reported for lipid systems [66], corresponding to the

primitive (P), double diamond (D) and gyroid (G) IPMS. The structure of a sup-

ported bicontinuous cubic phase lipid �lm can hence be obtained by the repetition

in the 3D space of one of the three cubic units displayed in Figure 1.7. The result

for the case of the double diamond (D) cubic architecture is shown in Figure 2.3.

Natural cubic membranes are reported to occur in cells under starvation or as a

Figure 2.3: Schematic representation of a supported bicontinuous cubic phase lipid �lm;
the cubic unit cell in this case is the so-called Double Diamond (D).

consequence of viral infections; therefore, studying the interactions of these highly

curved membranes with the extracellular environment is of fundamental importance

for better understanding the role and the mechanisms underpinning the formation

of these intriguing lipid architectures. In this context, the possibility of relying

on supported nonlamellar membrane mimics, which allow performing interaction

studies under controlled conditions, represents a desirable choice for approaching

the complexity that characterizes these highly curved biological interfaces.
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2.2 Atomic Force Microscopy (AFM)

Since its invention, occurred in 1986 by Binning et al. [67], Atomic Force Micro-

scopy (AFM) allowed imaging and manipulating matter at the atomic, molecular

and cellular scales [68]. In particular, the possibility to operate AFM in aqueous me-

dia and at physiological temperatures makes it possible to study biological samples

in their native environment, without the need of drying them on a substrate, there-

fore compromising their structure and stability. In AFM, a micrometer-sized can-

tilever presenting a molecularly sharp tip at its end is moved by a piezoelectric

scanner and used to scan the sample. Tip-sample interactions de�ect the canti-

lever; by exploiting a system of lasers, mirrors and photodiodes, it is possible to

record these de�ections and hence obtain the topography of the sample. Figure

2.4 reports a schematic representation of the structure of an AFM. In order to be

probed by AFM, samples need to be adsorbed on a rigid substrate. Over the years,

di�erent operating modes have been developed, I refer to Dufrêne et al. [69], for a

comprehensive description of the most important imaging modes of AFM. All the

Figure 2.4: Description of the working principle of a typical AFM, as can be seen from
the image, a laser beam is focused by a lens towards the tip of the cantilever which is
scanning the surface, the beam is re�ected and with the help of a system of mirrors is
recorded in a photodetector. Figure adapted from [70].

AFM images presented in the following chapters have been obtained by operating

the microscope in the so-called PeakForce Tapping mode, where the tip oscillations

are performed at frequencies well below the cantilever resonance. This operating

mode combines the bene�ts of both Contact and Tapping mode. Samples were al-

ways probed within a �uid cell, �lled with the most appropriate solution, in order
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to preserve their native structure (please refer to the speci�c manuscripts for more

detailed information).

2.3 AFM-based Force Spectroscopy

AFM-based Force Spectroscopy (AFM-FS) allows probing the mechanical proper-

ties of biological samples at the nanoscale level, with high accuracy. Di�erently

from classical AFM imaging, in a typical AFM-FS experiment, the tip is used to

indent the sample and the forces experienced during the indentation are recor-

ded as a function of the tip-sample separation. These data are then plotted in

the so-called force-indentation curves, which hence contain information about the

mechanical properties of the indented sample (refer to Chapters 3 and 5 for more

information). The analysis of these curves is often challenging and requires ad-

equate �tting models in order to extract quantitative information. When probing

samples that display lateral homogeneity, multiple indentation models are available

in literature, they depend on the characteristics of both tip and sample, as well on

the nature of their interaction; please refer to Krieg et al. [68] for a comprehensive

description of the most important indentation models.

In the herein presented work, AFM-FS has been applied to lipid membranes present-

ing both lamellar (in the form of vesicles and SLBs) and nonlamellar (in the form of

thin supported lipid �lms) structures. In some cases, an accurate analysis allowed

extracting precise information on the samples nanomechanics; in other situations,

the absence of a correct theoretical model for analysing the force-indentation curves,

forced us to develop alternative strategies for estimating the mechanical properties

of the samples.

2.4 Neutron and X-Ray Re�ectivity and Grazing

Incidence Small Angle Scattering

Neutron and X-Ray Re�ectivity (NR and XR, respectively) represent e�cient tools

for investigating the nuclear and electronic density pro�les along the depth of

nanometric thin �lms. For this reason, they are extensively used for studying

the structures of liquid-liquid interfaces, polymers and biomembranes. In a typ-

ical re�ectivity experiment, a beam of neutrons or X-rays impinges on the sample

(which is adsorbed on a rigid substrate) with a certain angle and gets re�ected

towards a detector. Given the short wavelengths of both neutrons and X-rays, the

presence of nanometer thick �lms at an interface generates interference e�ects that

modulate the re�ectivity signal observed at the detector. Figure 2.5 schematic-
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ally describes the re�ection of a beam from a thin layer between two semi-in�nite

media, detailing all the main parameters that in�uence the observed interference

patterns. The re�ections of neutrons and light have a lot of common features and

Figure 2.5: Re�ection of a beam (neutron or X-rays) for a single thin �lm between two
semi-in�nite media.

follow the same fundamental equations [71]; indeed, the propagation of both types

of radiation obeys to a second-order partial di�erential equation expressed in Equa-

tion 2.1, where k is the wave vector, while A represents, for light and X-rays the

electric E or magnetic B �eld and the wavefunction Φ for neutrons.

(∇2 + k2)A = 0 (2.1)

Introducing the Q vector as the modulus of the resultant between the incident, ki,

and the scattered/re�ected, kf , wavevectors (Equation 2.2)

|Q| = |kf − ki| =
4πn

λ
sin(θ) (2.2)

where 2θ is the scattering angle, n the refractive index and λ the wavelength; we

can express the interference condition as:

∆(2ϕ) = 2π (2.3)

where 2ϕ represents the phase change. Equation 2.3 can be rewritten as

∆
(4πn

λ
sin(θ)

)
=

2

πd
(2.4)

or

∆(Q) =
2

πd
(2.5)

23



CHAPTER 2. MATERIALS AND METHODS

Equation 2.5 tells that the Q-space distance between re�ectivity successive max-

ima or minima (in the re�ectivity curves), provides a direct measure of the �lm's

thickness d. In this way, NR and XR allow studying the structure of adsorbed

thin �lms along the axis perpendicular to the substrate. Please refer to [72] for a

detailed description of the principles and applications of neutron/X-ray re�ectivity.

More recently, the introduction of Grazing Incidence Small Angle Scattering (GISAS)

allowed probing the structure of the previously-mentioned systems even along their

lateral directions. GISAS requires a set-up similar to the one used in re�ectivity

and that is why most of the GISAS beamline are also able to perform re�ectiv-

ity measurements. With this type of experiments it is possible to investigate the

in-plane structure of the sample. Figure 2.6 displays the geometry of a typical

GISAS measurement; as it can be seen, along the z-axis, the GISAS measurement

is equivalent to the previously-mentioned re�ectivity, its main advantage resides in

probing features on the xy plane. Compared to Equation 2.5, in this experiments

Figure 2.6: Sketch of the grazing-incidence geometry; the scheme presented in the Side
view is also compatible with a simple re�ectivity experiment. Adapted from [73].

all the three components of the Q vector are obtained, as detailed in Equation 2.6:

Q =
2π

λ

cos(αf )cos(2θf )− cos(αi)cos(2θi)

cos(αf )sin(2θf )− cos(αi)sin(2θi)

sin(αf ) + sin(αi)

 (2.6)

Please refer to [73, 74] for a comprehensive description of the GISAS technique and

for the complete theoretical derivation of the equations.

2.5 Small Angle X-Ray Scattering

In a typical Small Angle Scattering (SAS) experiment, a collimated beam of either

neutrons or X-rays is directed towards the sample; once the interaction took place,
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the elastically scattered radiation is recorded by a mono- or bi-dimensional detector.

Figure 2.7 display a schematic example of a typical SAS instrument.

Figure 2.7: Scheme of a SAS instrument. The incident beam passes through a collimator
and a monochromator, which are parts of the instrument that allow for a collimated beam
with a narrow wavelength range hitting the sample. The scattered intensity is detected as
a function of the scattering angle 2θ, which can be then converted into Q using Equation
2.2.

The scattered intensity pattern can be converted into a monodimensional curve

that presents the scattering intensity (I(Q)) on the y-axis as a function of the scat-

tering vector Q (Equation 2.2). Depending on whether neutrons or X-rays are em-

ployed as the radiation source, the experiment gets called Small Angle Neutron/X-

ray Scattering (SANS or SAXS). The scattered intensity I(Q) contains information

about the structure, the shape, size and interactions between the di�erent scatter-

ing centres of the sample. Equation 2.7 gives the expression for I(Q), where K,

the amplitude accounts for instrumental factors, NP and VP are the numerical

density and the volume fraction of the scattering particles, respectively and B a

term accounting for the incoherent background contribution [75, 76].

I(Q) = KNPV
2
P (∆ρ)2P (Q)S(Q) +B (2.7)

Of particular importance are P (Q) and S(Q), the former is called "form factor"

and provides information about the shape of the individual scatterer while the lat-

ter is called "structure factor" and is related to the spatial correlation between the

di�erent scatterers. Finally, ∆ρ is the contrast term, which quanti�es the di�er-

ence between the probe-sample and the probe-surrounding medium interactions.

In a typical SAXS experiment, ∆ρ arises from the di�erent electron densities of

the sample and the continuous medium [75, 76].
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2.6 Ellipsometry

Ellipsometry measures the polarization change in the light re�ected or transmitted

from a material. To describe the change in polarization, the amplitude ratio Ψ and

the phase di�erence ∆ are the most commonly used parameters.

Light can be described as an electromagnetic wave with its own electric and mag-

netic �elds. The propagation of the wave's electric �eld in space and time is de�ned

as the polarization. When two orthogonal light waves of arbitrary amplitude and

phase combine together, the resulting light will be "elliptically polarized" and this

is where ellipsometry gets the name from.

The electric �elds parallel and perpendicular to the plane of incidence are called p−
and s− polarized, respectively; in a typical ellipsometry experiment, the variation

of these parameters upon re�ection or transmission is measured. Brie�y, a beam

of light, having a known polarization, is directed towards the sample surface (at

a speci�c angle), after it gets re�ected or transmitted, the output polarization is

measured. The change in polarization is commonly de�ned by the expression in

Equation 2.8.

ρ = tan(Ψei∆) (2.8)

Figure 2.8 conceptually describes a typical ellipsometry measurement. Ellipsometry

Figure 2.8: Conceptual scheme of an ellipsometry measurement. After being polarized
by a polarizer, a beam of light hits the sample and its polarization state gets altered. The
variation in the light polarization is measured using an analyser (non-mentioned parts are
technical components that might vary from an instrument to another). Figure adapted
from [77].

is mainly used to study thin �lms, it allows obtaining information on properties

such as the �lm thickness and its optical constants. In order to extract these para-

meters, a regression analysis is usually applied, where a model is constructed in

order to predict the Fresnel's coe�cients of the �lm (related to both its thickness

and optical properties) and then verify their actual values by comparing the cal-

culated and experimental signal. For a comprehensive theoretical and practical

description of ellipsometry, please refer to the work by Tompkins H. G. [77]. The
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huge potential of this technique is in the thickness range that it is able to measure;

indeed, ellipsometry can probe �lms whose thickness ranges from sub-nanometres

to few microns.
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Part II

Nanomechanics of lamellar

lipid membranes
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Chapter 3
The mechanical response of �uid

and gel phase nanovesicles

As anticipated in the introduction, studying the mechanical properties of lipid

membranes is fundamentally important for improving the current understanding

on multiple biological processes. This chapter focuses on lamellar membranes;

more precisely, on nano-sized lipid vesicles and SLBs, describing and elucidating

the nanomechanics of these two di�erent lipid systems.

Key biological processes that involve lipid vesicles were reported to be in�uenced by

the mechanical properties of these membranous compartments, including exo/endo-

cytosis, tra�cking and the onset of several pathological conditions [18, 19, 25, 26].

For this reason, numerous e�orts have been put into the mechanical characteriz-

ation of synthetic nanovesicles and their membranes, since they represent versat-

ile mimics for the study of biogenic membrane-bound organelles. Multiple Force

Spectroscopy (FS) techniques such as micropipette aspiration, optical tweezers and

Atomic Force Microscopy (AFM) allow for accurately probing the nanomechanics

of these membranous systems at the nanoscale [78]. However, disentangling the

contributions of all the parameters involved in the mechanical response of a lipid

vesicle still represents a challenging task and an unsolved issue, hindering mul-

tiple research �elds. AFM-FS o�ers the possibility to simultaneously determine

the morphology and the mechanical properties of individual vesicles. In a typ-

ical AFM-FS experiment, a sharp tip is used to indent the sample and the forces

experienced during the indentation are recorded as a function of its indentation

depth. The relationship between the two parameters is described by the so-called

force-indentation curves; Figure 3.1 reports two representative force-indentation
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curves that can be obtained when indenting a SLB (Figure 3.1 a) and a lipid nan-

ovesicle (Figure 3.1 b). The sti�ness of a lipid vesicle, K, can be de�ned as the

Figure 3.1: Representative force-indentation curves from an AFM-FS experiment. a)
Force-indentation curve obtained on a SLBs (light-blue trace) �tted with a modi�ed Hertz
model [36] (red trace). b) Force-indentation curve obtained on a lipid vesicle; by �tting
the linear part, it is possible to calculate its slope, which represents the vesicle sti�ness,
K. Figure adapted from [79].

linear resistance of an elastic body (i.e. the vesicle itself) to a deformation by an

applied force [21]; it accounts for multiple contributions, the most important being

membrane elasticity and the vesicle internal pressurization. As mentioned in the

introduction, several theories have been proposed in the literature with the aim

of disentangling the di�erent contributions participating to the overall mechan-

ical response of a vesicle; however, none of them seems to thoroughly describe the

mechanical behaviour of both �uid and gel phase lipid vesicles. Indeed, the phase

transition that lipid bilayers undergo at their melting temperature, Tm, alters the

intermolecular interactions, producing a softening or sti�ening of the membrane,

thus making it even more di�cult to derive a universal model for describing the

mechanics of both �uid and gel phase bilayers. In this framework, models deriving

from the TST seem better suited for describing the behaviour of gel phase vesicles;

on the other hand, models based on the Canham-Helfrich theory better describe

the properties of �uid phase vesicles. In the herein presented work [79], we combine

AFM-FS experiments on lipid vesicles (either in the �uid or gel phase) with AFM-

FS measurements on SLBs from the same lipid constituents, with the aim of better

understanding the contributions of membrane and internal pressure to the overall

vesicle mechanical response. SLBs are planar membrane models, characterized by

a simpler mechanical response than vesicles; indeed, the absence of curvature and

pressure allows for the application of well-established indentation mechanics mod-

els [68], through which it is possible to calculate the main biophysical descriptors
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of membrane elasticity.

After probing by means of AFM-FS four di�erent SLBs, namely DOPC, POPC

(both in �uid phase), DPPC and DSPC (both in gel phase), the application of a

modi�ed Hertz �t [36] allows calculating their Young Modulus; then, by exploiting

the Theory of Elasticity, their bending modulus, κSLB is obtained. Calculating

the bending modulus of lipid membranes is of particular interest in soft matter,

since bending represents one of the most important deformations taking place dur-

ing multiple biological processes; this is also the reason that makes κ the most

widely employed biophysical descriptor of membrane elasticity. The very same

lipid bilayers are then probed by AFM-FS in their vesicular con�guration and

force-indentation curves are used to calculate the sti�ness of the indented vesicles,

obtaining results in good agreement with the literature [44, 60]. In order to obtain

estimates of the vesicle's bending moduli (κV ), the Reissner equation (Equation

1.6) is used.

To better understand how membrane and pressure contribute to the measured sti�-

ness, we develop a model that describes an adsorbed lipid vesicle as a system of

two springs in series, with spring constants K1 and K2. As can be seen in Figure

3.2, K1 accounts for the mechanical response of the membrane while K2 for those

phenomena related to volume/surface variations induced by the indentation pro-

cess (the most important being internal pressurization). As a consequence of this

Figure 3.2: Spring-based model developed to describe the mechanical response of a
vesicle to indentation. The sti�ness of a vesicle accounts for the contributions of both
membrane rigidity (mostly κ) and internal pressurization and can be described by a system
of two springs in series. Figure adapted from [79].

model, the slope of the linear part in the force-indentation curves (Figure 3.1 b)

represents the equivalent spring constant of the system, Keq, whose value is given
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by:

Keq =
K1K2

K1 +K2
(3.1)

From Equation 3.1, it is immediately clear that the value of Keq is always lower

than those of K1 and K2. In the Reissner equation (Equation 1.6), the expression

within the parentheses corresponds to the sti�ness of the shell, i.e. K1 (from TST

hypothesis); however, when 1.6 is used to analyse AFM data, the value of Keq

(the one directly measured from the force-indentation curves) is usually plugged in

into the equation. This procedure unavoidably leads to an underestimation of κV .

Figure 3.3 a shows the values of κV obtained by substituting Keq into Equation

1.6, compared with the ones obtained on SLBs (κSLB). The results perfectly sup-

port the spring-based model; indeed, in very soft vesicles, like the ones consisting of

�uid phase bilayers, K1 << K2, hence Equation 3.1 can be simpli�ed in Keq ≈ K1,

yielding results in good agreement with values measured on SLBs. On the other

hand, as K1 becomes proportional to K2 (in the case of sti�er bilayers, such as gel

phase ones), the approximation is not valid anymore and Keq will be lower than

K1; in these cases, the application of the Reissner equation will generate disagree-

ment with the results on SLBs.

Exploiting the fact that the literature on SLB mechanics is solid and well-established,

it is reasonable to assume that the values of κSLB are the closest to the true bilay-

ers bending moduli. Plugging in these values into Equation 1.4 and then using

the obtained values of E to solve Equation 1.6 for the quantity within parentheses

would allow obtaining the correct sti�ness of the shell, K1 (i.e. the membrane of

the vesicle). At this point, knowing both Keq and K1, allows calculating K2 (from

Equation 3.1). Results are displayed in Figure 3.3 b and fully support the pre-

dictions of the spring-based model. Indeed, for vesicles with very soft membranes

(like DOPC), K1 << K2 and so K1 ≈ Keq; while for vesicles with sti�er bilay-

ers (DPPC and DSPC), K1 and K2 are comparable, meaning that both springs

will deform upon indentation, although to di�erent extents. The �rst information

that can be derived from these results is that K2 has very similar values across

all the di�erent liposomes, despite their bilayers being in di�erent phase states.

Since the dominant phenomenon related to volume/surface variations is the vesicle

pressurization state, we can also conclude that all the vesicles seem to be equally

pressurized. Overall, this study shows that lipid vesicles, having comparable size

but di�erent bilayer compositions, possess similar internal pressurization, making

membrane elasticity (the bending modulus in particular) the key determinant for

the observed di�erences in sti�ness. In �uid phase vesicles, this translates into a

mechanical response being completely dominated by pressure, in agreement with

�ndings from Vorselen et al. [44]; in gel phase vesicles, contributions from mem-
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Figure 3.3: Results from AFM-FS experiments on vesicles and SLBs. a) Bending moduli
obtained for lipid vesicles (blue) and SLBs (red). b) Values of the spring constants that
describe the mechanical response of a lipid vesicle to indentation; K1 is the spring constant
associated to membrane elasticity (turquoise), K2 is the spring constant associated with
the vesicle internal pressurization (blue) while Keq is the spring constant measured from
AFM-FS experiments (magenta) and is given by the combination of K1 and K2.

brane elasticity and internal pressurization are comparable and both in�uence the

measured vesicle sti�ness.

The herein presented spring-based model could also provide an interpretation for

the slope change that is often observed in the large-indentation regime of the force-

distance curves performed on gel phase vesicles. When a vesicle undergoes larger

deformations, leakage phenomena might occur; from a mathematical point of view,

they can be described as variations in the value ofK2. On the other hand, the value

of K1 is not a�ected by larger indentations (the extent of the indentation should

not a�ect the membrane elasticity). Referring again to Equation 3.1, we can see

that when the value of K2 varies but still largely exceeds K1, the new Keq will still

be well-approximated by K1 and so for �uid phase vesicles no appreciable changes

in the curves' slope will take place. This does not hold true when K1 and K2 are

comparable (gel phase vesicles); in these cases, the change in K2 will produce a

non-negligible change in Keq which will likely be re�ected in the slope change of

the curve at large indentations. Figure 3.4 shows the results obtained by averaging

(red trace) a representative ensemble of force-indentation curves (grey traces) for

each vesicle type; for those vesicles where K1 is comparable with K2 (DPPC and

DSPC), a slope change is observed; on the other hand, DOPC and POPC have

values of K1 far lower than their K2; as a consequence, almost no slope changes

can be observed in their curves.

The presented results enrich the current understanding on the mechanics of lamellar
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Figure 3.4: Average curves for the four di�erent liposome types. Red traces are the
average curves of the reported grey traces. When going from DOPC to DSPC, K1 and
K2 become comparable and variations in K2 due to leakages of internal �uid during the
indentation may have a stronger impact on Keq and on the observed curve slope. Figure
adapted from [79].

membranes in both their planar and vesicular con�gurations; moreover, they help

to shed light on the main factors regulating the mechanical response of di�erent

lipid vesicles to nanoscale deformations. Our spring-based model also represents

a simple yet versatile starting point for the development of more accurate and

complicated mechanical descriptions, able to take into account the e�ect of phase

transitions on the mechanics of both �uid and gel phase lipid vesicles.
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Chapter 4
Vesicle sti�ness and membrane

heterogeneity in�uence nanoscale

interactions

This chapter deals with how lipid vesicles interact with surfaces and nanomateri-

als. The mechanical properties of these membranous compartments are known to

regulate their response to external stimuli, hence playing a crucial role in most of

their interactions at the nanoscale. The sti�ness of a vesicle determines its overall

mechanical response to an applied deformation; as a consequence, the ability of a

lipid vesicle to deform once interacting with another object depends on this mech-

anical parameter. In this framework, measuring the sti�ness of lipid vesicles and

studying how it a�ects nanoscale interactions is relevant for multiple research �elds.

From a fundamental point of view, it could help reaching a better understanding on

the mechanics of membranous compartments, on how it a�ects their circulation in

the bloodstream and how their stability is a�ected by the presence of pathological

conditions. From an applicative standpoint, characterizing the sti�ness and the

mechanical properties of lipid vesicles (either synthetic or natural) could help solv-

ing several issues related to the pharmacokinetics and internalization of numerous

vesicle-based drug delivery systems and could pave the way for the development of

e�cient vesicle-based diagnostic tools.

The interaction of vesicles with their outer environment is also dependent on mem-

brane heterogeneity; indeed, the presence of lipid rafts or phase segregations could

generate micro/nano domains which possess completely di�erent properties with

respect to the surrounding lipid matrix. This phenomenon could result in interac-
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tions targeting only speci�c regions of the bilayer, hence a�ecting the selectivity of

numerous biological processes and the e�ciency of several internalization mechan-

isms.

In the following sections, we describe how the sti�ness of lipid vesicles a�ects

their adsorption on surfaces and how it mediates the interaction of nanomaterials

(namely gold nanoparticles, AuNPs) with their membrane; moreover, by employ-

ing multicomponent membranous systems, we show that the presence of lipid rafts

contributes to the selective adsorption of AuNPs on speci�c regions of the bilayer.

4.1 Sti�ness determines vesicle shape upon adsorp-

tion

The adhesion of lipid vesicles to a surface is related to their ability to deform,

hence to their sti�ness. This means that also the interaction of vesicles with bio-

logical surfaces is regulated by this parameter. In a recent study, Dai et al. [45]

found that softer liposomes display an increased adhesion to the extracellular mat-

rix (ECM), due to their higher deformability upon adsorption, which ultimately

causes an increase in the contact area. The deformability of membrane delimited

compartments upon adhesion can in�uence other important phenomena, such as

their mobility and stability on surfaces.

In this section we show how the sti�ness of lipid vesicles regulates their adsorption

on a substrate and their consequent deformation. Results are then used to develop

an AFM-based high-throughput mechanical characterization for both synthetic and

biogenic lipid vesicles.

Within a liquid medium, lipid nanovesicles have a spherical shape with a diameter

DL and a corresponding surface area AL. When a vesicle adsorbs on a substrate,

its adhesion is mainly driven by electrostatic interactions, occurring between the

surface and the membrane. In particular, since most biogenic lipid vesicles, such

as EVs, are known to have negative ζ-potentials, they will be necessarily attracted

by positively charged surfaces. Once adsorbed on a surface, the vesicle deforms

from its initial spherical shape, adopting a more oblate morphology which can be

described by a spherical cap. Since the stretching of the membrane is negligible,

the membrane area of the vesicle on the surface, AS , will be equal to AL. The ex-

tent of the deformation depends on parameters such as the bending modulus and

the pressurization, which are the most important contributions to vesicle sti�ness;

this means that the geometry of an adsorbed vesicle is mainly dependent on its

sti�ness. From these observations, the herein presented characterization method

estimates the sti�ness of a vesicle by calculating its contact angle, a parameter
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used to quantify the vesicle deformation upon adhesion. According to these prin-

ciples, softer vesicles will adopt more oblate shapes compared to sti�er ones and

hence they will display lower contact angles. Figure 4.1 schematically summarizes

all these observations. Being related to the morphometry of the adsorbed ves-

Figure 4.1: Schematic representation of the adsorption of a lipid vesicle on a substrate
and its consequent deformation. Since the deformation upon adhesion depends on vesicle
sti�ness, softer vesicles adopt more oblate shapes than sti�er ones. It is possible to
quantify the extent of the deformation by measuring the vesicle contact angle. Figure
adapted from Ridol� et al. [80].

icles, the contact angle can be simply determined from AFM images; indeed, under

the assumptions of membrane area conservation and vesicle adopting spherical cap

geometries upon adsorption, its value is given by Equation 4.1, where Rcap is the

projected radius of the adsorbed vesicle and Hs its height; both parameters that

can be obtained from a typical AFM image.

α = 90− sin−1(
Rcap −Hs

Rcap
) (4.1)

The assumption of membrane area conservation also allows calculating the diameter

that the vesicle would have had in solution, prior to adsorption; this can be done

by applying the equation:

DL = 2

√
AS

4π
(4.2)

The sti�ness of a lipid vesicle is considered to be an extensive property (i.e. it var-

ies with vesicle size); however, sti�ness is reported not to vary a lot within vesicles

of the same type and having relatively narrow size distributions. Based on this,

populations of compositionally similar vesicles should have similar α values across

di�erent sizes. This hypothesis was tested by measuring the contact angle values

for di�erent liposomes, all of which had the same phosphatidylcholine headgroups

(meaning same ζ-potentials). Once the contact angles are put into a scatterplot as

a function of vesicle size (DL), they generate an horizontal cluster of points; Figure

4.2 a reports a representative contact angle vs diameter scatterplot obtained from
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POPC vesicles. As displayed in Figure 4.2 a, lipid vesicles of di�erent size but same

Figure 4.2: The contact angle of liposomes. a) Representative contact angle vs diameter
scatterplot obtained for POPC liposomes. b) Contact angle distributions obtained for
di�erent liposome types; softer liposomes display lower contact angles than sti�er ones.
Figure adapted from Ridol� et al. [80].

composition have similar contact angles and hence similar sti�ness values, con�rm-

ing our previous assumption. Moreover, the scatterplot of Figure 4.2 a describes a

peculiar mechanical �ngerprint that can be regarded as representative of the typ-

ical vesicle-like behaviour. Figure 4.2 b reports the distributions of contact angles

obtained for all the probed liposome types; softer liposomes seem to have lower

contact angles than sti�er ones, meaning that they underwent larger deformations

and adopted more oblate shapes after adsorption.

After testing this characterization on synthetic vesicles, the contact angle distri-

butions of EVs from three di�erent natural sources were also measured. Figure

4.3 reports some representative AFM images and the contact angle distributions

of each EV sample. As can be seen from the scatterplots of Figure 4.3, also EVs

display the mechanical �ngerprint typical of the vesicle-like behaviour, i.e. a nar-

row contact angle distribution over a relatively wide range of sizes. In addition

to the usual horizontal cluster, the scatterplot in Figure 4.3 d presents a vertical

cluster of points corresponding to spherical objects having similar sizes but very

di�erent contact angle values; this is because the sample was a�ected by a myco-

plasma contamination and hence it contained non-vesicular objects, characterized

by a di�erent mechanical �ngerprint. In addition to estimating the sti�ness of EVs,

in this context, the contact angle characterization also revealed the presence of a

contamination and hence proved to be a versatile tool for assessing the purity of

vesicle dispersions.

To compare results from this AFM imaging-based characterization with more rig-

orous AFM-FS measurements, the sti�ness of the same liposomes (DOPC, POPC,
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Figure 4.3: Representative AFM images (top row) and contact angle vs diameter scat-
terplots (bottom row) of natural EV samples from di�erent sources. (a) EVs puri�ed from
HCT116 cell culture. (b) EVs puri�ed from bovine milk. (c) EVs puri�ed from Ascaris
suum ES fractions. (d) Mycoplasma-contaminated Ascaris suum EVs. All puri�ed EV
samples show a relatively small dispersion of contact angles around the same average
value at all sizes, resulting in horizontally elongated clusters. Contaminants (red arrow
in panel d) do not follow this behaviour and appear as an additional vertical cluster with
large contact angle variations. Ascaris EVs in both puri�ed and contaminated samples
appear in the same zone of the plot (panels c and d, dashed ovals). All scale bars are 1
µm. Figure adapted from Ridol� et al. [80].

DPPC and DSPC) was directly measured by means of AFM-FS. As can be seen

from the graph in Figure 4.4, there is a strikingly linear correlation between ves-

icle sti�ness by AFM-FS and contact angle. This holds true for all the probed

liposomes and means that it is indeed possible to quantitatively estimate vesicle

sti�ness (K) directly from AFM imaging experiments. Extrapolating the sti�ness

of Ascaris from the calibration curve of Figure 4.4 (built on liposomes' data) res-

ults in an expected sti�ness value of 21± 4 mN/m. It was also possible to measure

the sti�ness of this EV sample by AFM-FS, obtaining an average value of 20 ± 5

mN/m, in very good agreement with the predicted one. The same procedure was

replicated for Milk EVs and yielded strikingly similar results (K = 20± 7 mN/m).

These �ndings suggest that the strong correlation between α and K is also valid

for EVs and that it is thus possible to estimate their sti�ness directly from AFM

images.

The herein presented characterization represents a valuable strategy for assessing

both the morphological and mechanical properties of nanosized vesicle prepara-

tions. Although not having the accuracy of AFM-FS analysis, it allows estimating

the size and sti�ness of large numbers of vesicles in a relatively short amount of

time (few AFM images can yield the contact angle, thus the sti�ness, of hundreds
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Figure 4.4: Correlation between average contact angle α (measured from AFM images)
and average sti�ness by AFM-FS. The calibration curve (dashed grey line, R2 = 0.97)
was built by measuring both the parameters on four di�erent liposomes (black points).
The sti�ness by AFM-FS of Ascaris and milk EVs (red points) is almost coincident with
the values extracted from their average α, using the calibration curve built on liposome-
results. Figure adapted from Ridol� et al. [80].

of vesicles). Moreover, the method can be applied to biogenic vesicle samples (such

as EVs) to assess their sti�ness and reveal the presence of potential non-vesicular

contaminations. The characterization has been successfully applied in multiple EV-

related studies, providing information about EV purity, morphology and sti�ness

[81, 82].

4.2 Vesicle sti�ness mediates the adsorption of gold

nanoparticles on the membrane

Representing the overall mechanical response to external stimuli, the sti�ness of

a lipid vesicle not only in�uences its shape upon adhesion; it also mediates the

adsorption of nanomaterials, such as nanoparticles and biomolecules, on the vesicle

membrane. Moreover, given the huge attention recently gained by vesicle-based

drug delivery systems, studying how vesicle sti�ness a�ects the bilayer ability to

interact with external objects turns out to be of fundamental importance for op-

timizing processes such as internalization and encapsulation.

This section describes how the adsorption of citrated AuNPs on the membrane of

nanosized vesicles is mediated by the sti�ness of these lipid compartments. The
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obtained results are then exploited for developing a facile, cost-e�ective and high-

throughput method for measuring the mechanical properties of vesicles presenting

unknown composition.

In order to assess how sti�ness mediates the adsorption of AuNPs on the ves-

icle membrane, water dispersed liposomes obtained from di�erent lipid molecules,

more precisely, DOPC, POPC, POPC/DPPC (50/50%mol), DPPC, DPPC/DSPC

(50/50 %mol) and DSPC, were sampled. From DOPC to DSPC, the sti�ness of the

resulting liposomes increases due to the di�erent hydrocarbon chains of the lipid

constituents; indeed, higher numbers of double bonds and shorter chains generate

softer vesicles. The composition a�ects the melting temperature Tm and hence the

physical state of the bilayer at room temperature, with DOPC and POPC being

in their �uid phase while DPPC and DSPC in their gel phase [83, 84]. Similarly to

what has been shown in the previous chapter, AFM-FS was employed to calculate

the sti�ness of the mentioned liposome types, obtaining values in good agreement

with the literature [37, 44, 45]. Figure 4.5 reports representative force-indentation

curves (one for each lipid type) obtained from the AFM-FS experiments, together

with the numerical values for the measured sti�nesses. To investigate the adsorp-

Figure 4.5: AFM-FS characterization of vesicles sti�ness. a) Representative AFM force-
indentation curves (only the initial part of the vesicle indentation) for the di�erent vesicle
batches, together with a graphical representation of the AFM-FS experiment. Liposome
samples are DOPC; POPC, POPC/DPPC (50/50 mol%), DPPC, DPPC/DSPC (50/50
mol%) and DSPC vesicles; b) sti�ness values (Nm−1) of the di�erent vesicles, determined
through AFM-FS. All error bars represent the uncertainties obtained by bootstrapping
(1000 repetitions of 5 draws, with replacement). Figure adapted from Caselli et al. [85].

tion of AuNPs on the vesicle membranes, a water dispersion of citrated AuNPs

was used; these NPs are characterized by a 15 nm diameter which, due to the

plasmonic properties of AuNPs, confers a peculiar red colour to the dispersion [86].

After mixing the AuNP dispersion with the di�erent liposomes water dispersions,

the spectral variations in the optical properties of AuNPs were measured by UV-

Vis spectrophotometry. While the UV-Vis spectrum of AuNPs is characterized by

a de�ned surface plasmon resonance peak at 522 nm (which is associated with the
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colour red), the spectra of the AuNP-liposome dispersions changed according to a

continuous trend; more precisely, their plasmon resonance peaks shifted towards

higher wavelengths in the case of softer vesicles. Moreover, for very soft liposomes,

a high-wavelength shoulder is recorded in the absorbance spectrum, resulting in a

secondary peak at ≈ 625 nm (Figure 4.6). The variation in the plasmon reson-

ance peaks is related to the di�erent aggregation extent of AuNPs on the liposome

membranes; indeed, when tightly packed in clusters, the AuNPs spatial proximity

produces a coupling of their primary plasmons. This nanoscale phenomenon, mac-

roscopically translates into a colour change of the NP-liposome dispersions, which

shift from the original red colour towards darker shades of violet and blue, as dis-

played by the cuvettes in the inset of Figure 4.6. The mechanism that underpins

Figure 4.6: UV-Vis spectra of AuNPs incubated with synthetic vesicles at speci�c
concentrations; the shift in the plasmon resonance peak and the emergence of a high-
wavelength shoulder are more pronounced the softer the lipid vesicles. Inset: Visual
appearance of the samples; the di�erent aggregation of AuNPs on the liposome mem-
branes generate a change in the colour of the solutions. Figure adapted from Caselli et
al. [85].

the adsorption and aggregation of AuNPs on lipid membranes is complex and takes

place in multiple steps; therefore, we remind to the works by Montis et al. [87] and

Salassi et al. [88] for a thorough description.

The combination of results from AFM-FS and UV-Vis spectrophotometry experi-

ments con�rms that vesicle sti�ness has a primary role in mediating the adsorption

of AuNPs on the vesicle membranes, it also tells that the adsorption phenomenon

interests all the vesicles, irrespectively of their membrane physical state; this is in

contrast with previous studies, predicting no adsorption at all for gel phase bilayers

[89, 90]. The di�erence between NP adsorption on a soft vesicle, presenting lipids

in their �uid phase, and on a sti� vesicle, having its lipid in the gel phase, resides
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in the aggregation of AuNPs; NP-clusters are formed on softer vesicles while isol-

ated NPs adsorb on sti�er ones (this is also con�rmed by the SAXS experiments,

reported in the manuscript [85]). Another important observation regards the para-

meters contributing to the observed sti�ness; as detailed in the previous chapter,

both internal pressure and membrane rigidity contribute to the sti�ness of a ves-

icle and disentangling their individual e�ects is not easy. In the herein reported

experiments, vesicles presenting similar size distributions (irrespectively of their

compositions) were used (please refer to the Supplementary Information in the ori-

ginal manuscript), meaning that their internal pressure was the same; moreover, all

the di�erent lipid types presented the very same polar head groups, which ensure

that the chemical a�nity for the AuNPs was identical for all the probed vesicles.

Taken together, these observations lead to the conclusion that the adsorption of

AuNPs on the vesicles membrane is mostly dependent on membrane rigidity.

The presented relationship between AuNPs aggregation and vesicle sti�ness was

then used to build up a UV-Vis spectrophotometry-based assay for assessing the

mechanical properties of unknown vesicles. To this purpose, the aggregation of

AuNPs was quanti�ed by introducing a "Sti�ness Index" (S.I.), accounting for the

main spectral variations induced by mixing the liposomes with the AuNPs. The

S.I. is related to the sti�ness of the vesicles (measured by AFM-FS) through a

sigmoidal relation, described in Equation 4.3, with the parameters a, b, c and d

obtained by �tting the experimental values of S.I. and sti�ness.

S.I. = a+

{
b(

1 + exp
(

c−Stiffness
d

))} (4.3)

Figure 4.7 reports all the experimental points together with the sigmoidal �tting

curve. Equation 4.3 represents a functional relation for quantitatively estimating

the sti�ness of vesicles with unknown composition and properties, through a simple

and highly reproducible optical assay. Moreover, the method is able to discrim-

inate systems with very close sti�nesses, as DOPC and POPC, requiring minimal

amounts of sample. It is also worth noticing that the sigmoidal law exhibits the

highest variation of S.I. in the central region of the selected set of sti�nesses (see

grey dashed curve in Figure 4.7, representing the �rst derivative of the sigmoidal

�t); this provides maximum sensitivity in the region where the rigidities of natural

membranes usually fall (i.e., between 0.02-0.025 N/m [80]). To test this hypothesis,

the characterization was used for estimating the sti�ness of an EV sample, yielding

results in very good agreement with the ones found by probing the same vesicles

by means of AFM-FS (green point in Figure 4.8). The successful application of

this method to an EV sample demonstrates that through a simple optical method,
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Figure 4.7: S.I. values plotted as a function of membrane sti�ness (blue points); the red
curve is the sigmoidal curve �t, while the grey dashed curve is the �rst derivative of the
sigmoidal function. Figure adapted from Caselli et al. [85].

Figure 4.8: Sigmoidal trend of the S.I. as a function of vesicle sti�ness. The S.I. of
EVs (1.23± 0.01), evaluated through UV-Vis spectrophotometry, and sti�ness, predicted
by the sigmoidal law (0.026N/m), are reported as green points in the graph. The green
error bar represents the sti�ness interval obtained through AFM-FS for EVs. The right
inset reports the UV-Vis spectra of AuNPs (6.7 nM) in the presence of synthetic PC
vesicles (dashed curves) and EVs (solid green curve) at a vesicles' concentration of 0.35
nM. Figure adapted from Caselli et al. [85].

involving cheap reagents and a standard wet lab facility, it is possible to assess the

mechanical properties of complex vesicle systems from natural origins. Moreover,
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the method requires minimal sample volumes (as small as 15 µl), has an impressive

reproducibility and is able to provide an ensemble-average sti�ness, where possible

variabilities across the population (typical in biological samples) are considered.

The herein presented experiments demonstrate that the sti�ness of lipid vesicles

and in particular their membrane elasticity plays a fundamental role in mediating

their interaction with nanomaterials, such as nanoparticles, hence highlighting the

central role of membrane mechanics in interface interactions.

4.3 Membrane heterogeneity in�uences nanoparticle

adsorption

In contrast with the synthetic lipid membranes examined so far, biological mem-

branes are characterized by lateral compositional heterogeneity. The self-organization

of lipids and proteins induces subcompartmentalization in the membranes and has

important e�ects on the their biological functions [91, 92]. One of the most rel-

evant examples of lateral organization is represented by lipid rafts, micro- and/or

nanodomains enriched in lipids such as cholesterol, sphingomyelin saturated gly-

cerophospholipids and glycosphingolipids; these lipids segregate in the so-called

liquid-ordered phase (Lo), immiscible with the surrounding liquid-crystalline dis-

ordered phase (Ld) [27]. Lipid rafts have been associated with important biological

functions, they participate in the formation and targeting of biogenic vesicles (like

EVs), they act as structural platforms for organizing the protein machinery and

represent centres for the assembly of signalling molecules [15, 91, 93].

The structural perturbation introduced by lipid rafts promotes the selective ad-

sorption of materials on the membranes and hence represents an important driving

force in numerous interactions at the nanoscale. In this section, by employing syn-

thetic multicomponent SLBs, we show how the presence of lipid rafts in�uences

the adsorption of AuNPs on the membrane. According to Sheavly et al. [94], NPs

adsorption causes the bilayer to bend, this entails an energy penalty that increases

the free energy associated with the process. As schematically represented in Fig-

ure 4.9, this energetic penalty is signi�cantly reduced along the phase boundaries,

where the local curvature of the membrane, generated by the thickness mismatch

between the two lipid domains, minimizes the free energy associated with the NPs

adsorption. Multiple works in literature related the presence of phase segregations

with the selective adsorption of nanomaterials (in particular NPs) along the domain

boundaries [94, 95]; however, a direct proof of this interaction was still missing to

date.

In order to address this issue, we employed multicomponent SLBs, consisting of
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Figure 4.9: The energetic penalty associated with the bending of the bilayer, as a
consequence of NP adsorption, is signi�cantly reduced along the phase boundaries, where
the thickness mismatch between the two lipid domains, induces a local curvature that
promotes the interaction.

DOPC/DSPC/Cholesterol (39/39/22 mol%) which were obtained via vesicle fu-

sion (please refer to material and methods). SLBs were characterized by Neutron

Re�ectivity (NR), yielding an average thickness of ≈ 5 nm. Moreover, �tting the

re�ectivity pro�le of the SLB, revealed a negligible hydration of the lipid chains,

meaning that the substrate was almost completely covered by the bilayer (Figure

4.10 A and B). Since NR only provides information on the average structure along

the direction perpendicular to the bilayer, AFM was used to resolve the in-plane

bilayer heterogeneity, i.e. the lipid rafts. As displayed in Figure 4.10 C, AFM im-

ages further con�rmed that the surface was completely covered with a lipid bilayer,

characterized by the presence of nanometric domains, presenting di�erent heights.

The analysis of the AFM images and the application of appropriate masks (al-

ternatively selecting the two regions with di�erent height) allowed obtaining their

height distributions. The analysis revealed that the bilayer consisted of two distinct

lipid phase-like domains, whose height distributions were centred at height values

of 3.7 nm and 4.7 nm, corresponding to the Ld and Lo phases, respectively (Figure

4.10 D). The thicker domains consist of DSPC and Cholesterol while DOPC is

present in the thinner regions.

Once the system was fully characterized, AuNPs were injected and left interacting

with the bilayer. AFM has the su�cient resolution to simultaneously resolve both

the domain boundaries and the AuNPs, hence providing direct proof of the prefer-

ential adsorption phenomenon. To probe the adsorption of AuNPs on the bilayer,

600x600nm2 AFM images were acquired. As displayed in Figure 4.11 A, AuNPs

adsorbed on the SLB, preferentially targeting the segregated phase boundaries. To

obtain quantitative information about AuNPs preferential adsorption, the edges of
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Figure 4.10: Characterisation of the multicomponent DOPC/DSPC/cholesterol
(39/39/22 mol%) SLB. (A) Neutron Re�ectivity curve. (B) Scattering length density
(SLD) pro�le, describing variations of the SLD along the perpendicular to the bilayer.
(C) AFM topography of the SLB. Both the Lo (brighter thicker regions) and Ld phases
(darker thinner regions) are present as segregated domains. The scalebar is 1 µm. The
500 Ö 500 nm micrograph (bottom inset) displays the small hole in the bilayer; two per-
pendicular height pro�les were traced, horizontally and vertically, across the whole image,
con�rming the presence of the two distinct lipid phases covering the surface. (D) Height
distribution obtained from the AFM image; the two distinct peaks, centred at hd = 3.7
nm and ho = 4.7 nm, describe the di�erent heights that characterize the Ld and Lo phase,
respectively. Figure adapted from [96].

both rafts and NPs were mapped using Gwyddion 2.53, an image processing soft-

ware; results are displayed in Figure 4.11 B. This procedure allowed obtaining a

clearer indication about the AuNP-raft boundary relative position. As displayed in

Figure 4.11 B, AuNPs preferentially targeted the boundaries of the two lipid phases;

indeed, the lines describing their shapes are always in contact with the edges of the

lipid rafts. More precisely, the ratio between the number of NPs adsorbed along

the boundaries and the total amount of NPs present on the SLB tells that 91% of

the NPs are located along the edges. Moreover, by comparing the height of the

adsorbed AuNPs (14 ± 2 nm, obtained via AFM) with their nominal diameter (16

nm), it is possible to infer that NPs, after adsorbing, penetrate the bilayer and

reach the SiO2 surface. This observation support the idea that rafts' boundaries

could serve as regions of increased permeability [97�99], where the membrane can

easily wrap around the adsorbed NPs.
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Figure 4.11: (A) Representative AFM micrographs displaying the selective adsorption
of AuNPs along the boundaries of the lipid rafts (brighter regions of the SLB). From the
images it is also possible to distinguish between isolated and clustered NPs. All scalebars
are 100 nm. (B) Contour images obtained from the micrographs. Black lines represent the
rafts edges while gold circles are the AuNPs. The gold NPs edges are always in contact
with at least one of the lines describing the lipid segregated phase boundaries. Figure
adapted from [96].

The herein presented work provides the direct proof that phase boundaries repres-

ent energetically favourable niches for the NP-lipid interactions, hence promoting

NP preferential adsorption and subsequent internalization. The obtained results

further enrich the understanding on NP-membrane interaction, suggesting that in

addition to the mechanical properties of lipid membranes, also their compositional

heterogeneity plays a crucial role in regulating interactions at the nanoscale.

50



Part III

Nanomechanics and structural

stability of nonlamellar lipid

membranes

51





Chapter 5
Structural and mechanical

characterization of cubic phase lipid

membranes

Inverse bicontinuous cubic phase membranes are ubiquitous in Nature and parti-

cipate in numerous biological processes, like food digestion and protein storage.

Three types of bicontinuous cubic phases have been reported for lipid systems,

corresponding to the primitive (P), double diamond (D) and gyroid (G) Schwarz's

IPMS [66] (see the Introduction for a more detailed description). Compared to

planar membranes, these nonlamellar interfaces feature considerably higher mem-

brane surface to volume ratios as well as a de�ned geometry with connected aqueous

cavities, which can be exploited for the encapsulation of hydrophobic, hydrophilic

and bioactive molecules, proteins and nanoparticles [100, 101]. For these reasons,

they are widely employed as protein crystallization sca�olds and as nanoparticle-

based drug delivery systems.

Despite their biotechnological potential, the properties of these highly curved in-

terfaces are still poorly understood; in particular, their nanomechanics represents

a totally unexplored �eld, meaning that the response of cubic membranes to nano-

scale deformations, such as the ones involved in biological processes, is completely

unknown. This is also due to the lack of appropriate synthetic lipid models which

would allow characterizing these membranes under controlled and simpli�ed con-

ditions.

In this chapter, we report on the realization of thin supported lipid bicontinuous

cubic (QII) phase �lms and on their structural and mechanical characterization.
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Analogously to SLBs, information on the properties of these synthetic membrane

models could enrich the understanding of their natural counterparts.

To obtain QII phase �lms with thicknesses approaching the ones of natural mem-

branes, Glycerol monooleate (GMO), a natural food grade, biocompatible and

biodegradable lipid [102, 103], was dissolved in chloroform at a concentration of 10

mg/ml and subsequently spin-coated on the experimental substrates. According to

this procedure, the GMO molecules in the �lm, once hydrated at room temperat-

ure and atmospheric pressure, self-assemble into the double diamond cubic (QD
II)

architecture (presenting the Pn− 3m space group symmetry); Figure 5.1 schemat-

ically describes the experimental steps that lead to the fabrication of the �lm. The

Figure 5.1: Fabrication of thin supported QII phase �lms. a) The GMO/chloroform
solution is deposited on top of a rigid substrate which is then put under rotation using
a spin coater. b) The resulting iridescent �lm can be hydrated to allow GMO to self-
assemble into the expected cubic architecture. c) At room temperature, atmospheric
pressure and in excess of water, the resulting lipid �lm is characterized by the repetition
of multiple QD

II (also called Pn3m) unit cells in the 3D space. Figure adapted from [104].

�lm structure was probed by means of SAXS; Figure 5.2 a shows the di�ractogram

of the GMO-based lipid �lm prepared from a 10 mg/ml GMO:chloroform solution,

compared with the ones obtained from more concentrated GMO solutions and the

respective bulk phase. Di�erently from the more concentrated solutions, no Bragg

peaks are visible in the di�ractogram of the 10 mg/ml GMO �lm. This is most

likely due to the limited number of cubic domains present in the thin layer. Indeed,

using more concentrated GMO:chloroform solutions (which yield thicker �lms by

spin coating) resulted in progressively more de�ned Bragg peaks. In particular, the

single peak from the 100 mg/ml GMO �lm corresponds to a lattice parameter of

90 Å while the lattice parameters determined for the 1000 mg/ml GMO �lm and

bulk phase are 92.6 ± 0.2 Å and 92.8 ± 0.3 Å, respectively. Peaks positions are

consistent with a well-ordered QD
II architecture, mostly independent from the �lm

thickness. These results suggest that the same lipid arrangement should also be
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present in the 10 mg/ml GMO �lm.

The hypothesis about the 10 mg/ml GMO �lm being too thin to reveal any Bragg

peak at SAXS was supported by Ellipsometry studies, which revealed a thickness

in the nanometres range. Results were obtained from three di�erent replicates

and are displayed in Figure 5.2 b. At this point, AFM imaging (performed in li-

Figure 5.2: Structural characterization of the 10 mg/ml QD
II �lm. a) SAXS characteriz-

ation of lipid QD
II phase �lms at di�erent GMO concentrations. No Bragg peak is visible

in the more diluted sample (purple curve); peaks become more pronounced as the initial
GMO concentration is increased (until reaching the bulk phase). Peak positions are com-
patible with a QD

II phase, at all concentrations. The Miller indexes used for the lattice
parameter calculation are reported on top of each peak. b) Ellipsometry analysis of the 10
mg/ml GMO �lm. Film thickness ranges from 110 to 150 nm. As can be seen from the 1st

and 2nd acquisitions (green squares and blue circles), the �lm is destabilized by prolonged
exposures to UV light while it remains stable and preserves its original thickness for more
than 15 hours (gold diamonds), when probed by just visible light. Figure adapted from
[104].

quid) was employed for determining the local surface structure of the nanometric

�lm. Results are displayed in Figure 5.3 a and b, and demonstrate that also the

10 mg/ml lipid �lm presents a cubic architecture, directly exposed to the water

interface. From the raw AFM images, it was possible to calculate the 2D autocor-

relation function (ACF) and then use it for determining a lattice parameter of 97.6

± 0.3 Å; in good agreement with the results obtained by SAXS on thicker systems.

Scanning larger areas also allowed for an independent thickness characterization;

as can be seen in Figure 5.3 c and d, the thickness measured by AFM is in perfect

accord with the one estimated by ellipsometry.

The combination of SAXS, ellipsometry and AFM proved that it is possible to

realize thin QII phase lipid �lms with thicknesses approaching the ones found in

natural membranes; hence obtaining reliable and versatile platforms for studying

the properties of biological nonlamellar membranes under controlled conditions.
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Figure 5.3: AFM imaging characterization of the 10 mg/ml GMO lipid �lm. a) The
topography of the �lm surface revealed the presence of a cubic architecture, exposed to
the water interface; b) the 2D ACF allows noise reduction and calculation of the lattice
parameter (more information on that can be found in the manuscript). The white frame
describes the unit cell lattice pattern; c) 10x10 µm2 image describing a continuous and
relatively homogeneous �lm; d) height pro�le along the white line in panel c. Thanks
to an occasional discontinuity in the �lm, the thickness was estimated to be ≈ 150 nm).
Figure adapted from [104].

The herein presented thin QD
II phase lipid �lms were then employed to investigate

the mechanical response of cubic membranes to nanoscale deformations, by means

of AFM-FS. As already mentioned in the previous chapters, during an AFM-FS ex-

periment, a sharp tip is used to indent the sample and study its mechanical response

to deformations. The relationship between force and indentation depth is recorded

and plotted in the so-called force-indentation curves. The mechanical response re-

corded for the thin QD
II phase lipid �lms is completely di�erent from the one of

a SLB (represented in Figure 3.1 a); indeed, as displayed in the force-indentation

curve of Figure 5.4 a, after an initial, approximately linear regime, all the recorded

curves were characterized by a sequence of indentation peaks. Each peak describes

the mechanical failure and subsequent penetration of a single cubic unit cell. In-
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terestingly, the force involved in this phenomenon seems to be independent of the

penetration depth, as if the resistance o�ered by each cubic unit is una�ected by

the presence of the others. While no previous study reported about this pecu-

liar behaviour of cubic lipid membranes, several engineering and material science

investigations obtained very similar results from mechanical compression tests per-

formed on cubic-inspired macroscopic 3D-printed structures [105�107]. These ar-

chitectures are gaining increasing attention due to their combination of light weight,

high impact and stress resistance, which represents a promising solution for mul-

tiple structural challenges [105�108]. Despite being characterized by completely

di�erent length scales, it seems that QD
II lipid membranes and these cubic-inspired

3D-printed macroscopic structures share the same topology-dependent mechanics;

meaning that some of the mechanical properties studied on the macroscopic struc-

tures could remain valid for their nanoscale lipid counterparts, thus helping the

development of potential bioinspired nanomaterials.

It is also possible to obtain structural information on the QD
II architecture of the

Figure 5.4: AFM-FS analysis of the lipid QD
II phase �lm. a) Representative AFM-FS

curve obtained from the indentation of the cubic �lm; red crosses identify the indentation
peaks, which correspond to the mechanical failure of single successive cubic unit cells.
b) Distribution of the lattice parameters obtained from Equation 5.1; the distribution
was �tted with a Lorentzian function and the centre was located at a lattice parameter
value of ≈ 100 Å, in agreement with previous SAXS and AFM imaging analyses. Figure
adapted from [104].

thin lipid �lms by analysing the position of the indentation peaks along the recor-

ded force-indentation curves. From a single force-indentation curve, it is possible

to estimate both the �lm thickness (from the determination of the contact point)

and the number of indentation peaks, i.e. the number of cubic unit cells that were

penetrated before reaching the substrate (more details on this are presented in the

manuscript). Since each peak corresponds to the penetration of a single cubic unit
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cell, whose height corresponds to the lattice parameter of the whole architecture,

Equation 5.1 can be used to estimate the average lattice parameter, directly from

the AFM-FS analysis.

Filmthickness

n◦ of peaks (unit cells)
= Average cubicunitheight = Average lattice parameter

(5.1)

Repeating this procedure for all the 211 recorded force-indentation curves yields a

monomodal distribution of values (Figure 5.4 b) which can be �tted with a Lorent-

zian function centred at ≈100 Å , in agreement with values of lattice parameter

from both the SAXS and the AFM imaging analyses. This result provides the

�rst example of AFM-FS being used for characterizing the structure of nonlamel-

lar lipid mesophases, thus o�ering an alternative solution to the more commonly

used scattering and cryo-electron microscopy-based techniques.

The herein reported results show how the fabrication of thin supported QII phase

lipid �lms could provide useful membrane models for studying the properties of nat-

ural nonlamellar lipid assemblies, under controlled conditions. After characterizing

the �lm structure with multiple techniques, AFM-FS allowed obtaining the �rst

nanomechanical characterization of QII membranes. Compared to classical rheolo-

gical studies, which could only provide bulk characterizations, the herein reported

analysis probed the cubic architectures via forces and deformations occurring at

the nanoscale level, resembling the ones involved in biological membrane interac-

tions [109]. The nanomechanics of these cubic membranes seems to be length scale

independent and strictly related to their topology; this suggests that macroscopic

cubic structures could be successfully employed for studying the properties of their

nanometric membranous lipid counterparts.
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Shape and geometry a�ect

membrane stability upon nanoscale

interactions

Most of the interactions occurring at the nanoscale are mediated by biological bar-

riers, such as lipid membranes. For this reason, understanding how the stability

of biological and synthetic lipid interfaces is a�ected and a�ects these interactions

could lead to signi�cant advancements in multiple research �elds, from enriching

the knowledge about the onset of pathological conditions to optimizing the bio-

activity and cytotoxicity of various nanomaterials (e.g. NPs) for drug delivery

applications [110�112].

The e�ects of NP shape and curvature on their internalization pathways have been

widely investigated [113�116]; in particular, it has been found that NP shape regu-

lates the area available for the adsorption, therefore modulating the adhesion force

with surfaces [117] while curvature determines the energetic costs of wrapping and

internalization mechanisms [115, 116]. On the other hand, e�ects related to shape

and curvature of lipid membranes, when interacting with nanomaterials, have been

less investigated. Despite being commonly associated with lamellar structures,

lipid membranes can present di�erent shapes and curvatures; such as the case of

nonlamellar architectures. These highly curved lipid arrangements occur spontan-

eously in Nature as a consequence of pathological conditions (e.g. starvation, viral

infections) or during speci�c phases of a cell life cycle (e.g. membrane fusion).

Although their fundamental biological role, most properties of these nonlamellar

membranes, remain elusive and poorly characterized nowadays.
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This chapter describes how the shape and geometry of lipid membranes a�ect

their stability upon interaction with nanomaterials, in particular with AuNPs

presenting di�erent shapes. In order to probe the e�ect of these parameters in

such interactions, lamellar and nonlamellar synthetic lipid membrane mimics have

been employed. Stacks of lamellar planar membranes allowed modelling the com-

monly encountered �at membrane con�gurations, while supported cubic phase

lipid �lms served as mimics of their respective nonlamellar biological counter-

parts. Both the systems were challenged with AuNPs presenting di�erent shapes,

namely nanospheres (AuNSs) and nanorods (AuNRods). AuNSs capped with

mearcaptoundecyl-N,N,N-trimethyl ammonium bromide (TMA) had a diameter of

3.4 ± 0.6 nm while AuNRods were capped with Cetyltrimethyl ammonium bromide

(CTAB) and presented sizes of 18 ± 4 and 4 ± 1 nm. E�ects related to the inter-

action of these positively charged NPs on the structural stability of the two lipid

systems were then analysed by means of neutron scattering techniques, revealing

new insights into the role of membrane shape and curvature during interactions at

the nanoscale.

Both lamellar (Lα) and nonlamellar (QD
II) lipid �lms were prepared by spin-coating

n-hexane solution of GMO/DOPC (50/50 mol %) and GMO, respectively on silicon

blocks and subsequently hydrated with excess water (either H2O or D2O, depend-

ing on the measurement); before each characterization, �lms were left equilibrating

for 12 hours. Confocal microscopy analysis revealed a homogeneous thickness of

10 ± 2 µm for both the �lms (more details in the manuscript), while neutron re-

�ectivity (NR) measurements con�rmed the formation of highly ordered lamellar

(Figure 6.1 a) and cubic (Figure 6.1 b) architectures. In the lamellar �lm, the

positions of the two peaks determine an average water interlayer thickness of 26-29

Å. On the other hand, peaks position for the cubic architecture points to a lattice

parameter of 95 ± 5 Å, corresponding to a water channel diameter of ≈ 44 Å[118].

AuNSs were then injected and left interacting with the lipid matrices for 8 hours;

after that, NR pro�les were acquired to determine the e�ects of the interaction.

The impact of AuNSs on the two lipid systems can be assessed from the green

traces of Figure 6.1; in both cases, the interaction did not a�ect the position of the

peaks, which is unchanged from the initial red traces. However, an intensity drop

in the re�ectivity pro�le of the lamellar architecture can be observed, suggesting

partial disruption of the bilayers. On the other hand, the re�ectivity of the cubic

architecture displays similar intensity even after AuNSs interaction, meaning that

the cubic �lm almost completely preserved its pristine structure. To assess whether

AuNSs could induce any structural modi�cation of the cubic architecture on longer

time scales, Grazing Incidence Small Angle Neutron Scattering (GISANS) meas-

urements were performed over 24 hours. Compared to classic NR, GISANS allows
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Figure 6.1: Neutron Re�ectivity (NR) analysis of the two lipid systems following the
interaction with AuNSs. a) GMO/DOPC �lm in the absence (red trace) and in the
presence of AuNSs (green trace), together with re�ectivity of the bare silicon (grey trace).
b) GMO �lm in the absence (red trace) and in the presence of AuNSs (green trace),
together with re�ectivity of the bare silicon (grey trace). Figure adapted from [119].

monitoring the lipid arrangement and its possible alterations along the directions

parallel to the �lm plane. Results are displayed in the Qz vs Qy plots of Figure 6.2.

The GISANS pattern for the neat GMO �lm (Figure 6.2 a) is characterized by isol-

ated and well-de�ned spots, whose position is representative of the crystallographic

planes identi�ed by the (110) and (111) Miller indexes, associated to the Pn-3m

space group symmetry. Spot position is compatible with a lattice parameter of

102 Å, in good agreement with the one obtained in the previous NR investigations.

When AuNSs are left interacting with the cubic architecture for longer periods of

time, they smear out the point-like GISANS pattern, previously observed for the

neat GMO �lm. This is related to an increase in the structural disorder of the

cubic mesophase, either due to a partial disruption of the Pn-3m symmetry or to

a loss of its spatial orientation. Interestingly, spot position in Figure 6.2 b is now

compatible with a lattice parameter 2 nm smaller than the previous one, suggest-

ing that AuNSs also produced a shrinkage of the cubic architecture, perhaps as

a consequence of �lm dehydration by the NPs. All the reported results suggest

that AuNSs possess a disruptive e�ect, when interacting with lipid membranes of

di�erent architecture; however, bicontinuous cubic membranes display an higher

resistance than lamellar ones against AuNSs disruption, which still takes place,

although on longer time scales.

Compared to AuNSs, AuNRods have a much more intense impact on the structural

stability of lipid membranes; Figure 6.3 displays NR pro�les for the GMO/DOPC

and GMO lipid �lms (red traces), together with the ones acquired following AuN-

Rods interaction (blue traces). Following the injection of AuNRods, no Bragg peaks

can be observed in the NR pro�les of both lipid systems, meaning that their archi-
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Figure 6.2: a) GISANS pattern of the neat GMO cubic �lm, in the absence of NPs; b)
GISANS pattern of the GMO cubic �lm following the interaction with AuNSs. Intensities
are reported in logarithmic scale. The re�ectivity pro�les of the cubic �lm in the presence
of AuNSs has been acquired after 8 hours of incubation, employing a counting time for
the acquisition of 24 hours, leading to a lipid �lm/AuNSs total interaction time of 32
hours. Figure adapted from [119].

Figure 6.3: Neutron Re�ectivity (NR) pro�les of the two lipid systems following the
interaction with AuNRods. a) GMO/DOPC �lm in the absence (red trace) and in the
presence of AuNRods (blue trace), together with re�ectivity of the bare silicon surfaces
(grey trace). b) GMO �lm in the absence (red trace) and in the presence of AuNRods
(blue trace), together with re�ectivity of the bare silicon surface (grey trace). Figure
adapted from [119].

tectures have been almost completely disrupted by the interaction. It is therefore

impossible to assess any di�erence in the stability of the two lipid arrangements,

against the disruption generated by AuNRods. However, this does not rule out

the hypothesis that di�erent disruption mechanisms might be at play over shorter

time scales. To gain further insights into the faster disruption process induced by

AuNRods, Neutron Re�ectivity kinetics studies were employed for investigating

the phenomenon. This type of measurements allows monitoring the structural al-

teration produced by AuNRods over shorter time scales [120]. Figure 6.4 reports

representative Qz, Qx plots extracted from 5 hours long time-lapse acquisitions.
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Both lamellar and cubic �lms present well-de�ned Bragg sheets (whose position is

related to the two di�erent lipid architectures); as can be seen, the longer the inter-

action time, the more the Bragg sheets get smeared out, ultimately disappearing

completely. It is worth noticing that this process is characterized by di�erent time

scales in the two lipid architectures. In the case of lamellar membranes, the Bragg

sheets completely vanish from the plots within 12 minutes, while in the cubic archi-

tecture they can still be detected even after 2 hours. These results are in line with

Figure 6.4: Neutron Re�ectivity kinetics studies. Measurements of lamellar and cubic
�lms in the presence of AuNRods have been acquired each 2.5 minutes over 5 hours,
starting soon after the injection of AuNRods into the measurement chamber. a) E�ect of
AuNRods on the lamellar structure of GMO/DOPC �lms, any sign of lipid arrangements
vanishes completely after 12 minutes. b) E�ect of AuNRods on the cubic structure of
GMO �lms; Bragg sheets are still detectable (though with very low intensity) even after
2 hours. Figure adapted from [119].

�ndings about the interaction of AuNSs and con�rm that cubic membranes pos-

sess increased structural stability against the disruptive action of AuNPs. Confocal

Laser Scanning Microscopy (CLSM) analysis allowed investigating the disruption

of the lipid �lms at micrometric length scales and showed that the process follows

two distinct pathways in the two lipid architectures, irrespectively of the NP shape

(given the di�erent length scale probed by this technique, results are brie�y de-

scribed in the following lines while we refer to the original manuscript for details

about the CLSM characterization). The interaction of AuNPs with the lamellar

�lms produces an initial swelling of the architecture, which increases the interlamel-

lar distance and ultimately leads to the progressive peeling-o� of the whole �lm, by

gradually removing the outer surface layers. On the other hand, the disruption of

the cubic architecture is characterized by a completely di�erent mechanism; here
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the AuNPs start to excavate the cubic membranes, thinning selected areas of the

�lm and subsequently leading to the formation of cavities whose depth reaches the

substrate level. On a microscopic length scale, this process produces a retraction

of the cubic �lm according to a dewetting-like pattern. The shape of the NPs

(namely AuNSs and AuNRods) does not change the two mechanisms; however, in

both cases, AuNRods seem to accelerate the disruption, completely removing both

the lipid �lms in shorter periods of time. Figure 6.5 schematically summarizes the

disruptive mechanisms of both the lamellar and cubic �lms. The herein presented

Figure 6.5: Schematic description of the two disruption processes occurring as a con-
sequence of AuNPs interaction with lipid �lms. AuNPs induce the excavation and then
the dewetting of the cubic �lms (top panel); on the other hand, they generate the pro-
gressive exfoliation of the lamellar �lm (bottom panel). The disruption of both lipid
architectures is faster with AuNRods. Figure adapted from [119].

results demonstrate that membrane shape and geometry in�uence the structural

stability of lipid architectures against nanoscale interactions. More speci�cally,

results from our structural characterizations show that, compared to lamellar lipid

architectures, the interconnected structure of cubic membranes features a higher

resistance against the disruptive action of AuNPs, which enables the membrane to

retain its initial structure for longer time periods.

Despite both the function and origin of cubic membranes in Nature being still

poorly understood topics, some studies described the formation of such nonlamel-

lar lipid assemblies as an adaptive strategy against the onset of pathological con-

ditions [47]. In this framework, the presented results support this hypothesis and

show that cubic phase membranes could serve as more resistant biological barriers

against potentially harmful nanoscale interactions.
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Chapter 7
Conclusions

Lipid membranes, either lamellar or nonlamellar, are fundamental building blocks

of life; they actively participate in most biological processes and separate cells and

cell-derived organelles from their outer environments. In doing so, they are subjec-

ted to stresses and deformations of di�erent type and extent which perturb their

equilibrium conformations. For these reasons, understanding the nanomechanics

of lipid membranes and associated membranous compartments could provide new

insights into all those interactions involving biological interfaces. However, the in-

trinsic complexity of most natural membranes and the lack of accurate theoretical

descriptions are hindering the understanding and development of this �eld.

In the presented work, by employing multiple experimental techniques, ranging

from AFM to neutron/X-ray scattering, and leveraging various membrane models,

we probed the mechanical response of lamellar and nonlamellar lipid membranes to

nanoscale deformations, resembling the ones that can be found in several natural

processes, like vesicle-to-surface adsorption and interactions with nanomaterials,

such as AuNPs.

Results on lamellar lipid assemblies (i.e. vesicles and SLBs) revealed that pressure,

membrane elasticity and compositional heterogeneity should all be taken into con-

sideration when analysing the mechanical response of a lipid nanovesicle to external

stimuli, such as adsorption to surfaces and interaction with NPs.

Experiments aimed at probing vesicles sti�ness also lead to the development of

two high-throughput characterization methods for determining the sti�ness of un-

known vesicle preparations and were also successfully applied to natural systems,

i.e. Extracellular vesicles.

On the other hand, the fabrication of thin bicontinous cubic phase lipid �lms al-

lowed studying the structure and nanomechanics of these highly curved assemblies,
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employing synthetic models that closely resemble some of the nonlamellar mem-

branes found in Nature. Our AFM-FS analysis represents the �rst nanomechanical

characterization of bicontinuous cubic phase membranes and revealed that these

architectures possess an interesting length-scale independent mechanical response,

strictly related to their topology. Moreover, by challenging both cubic and lamellar

lipid assemblies with AuNPs of di�erent shape and by comparing their response, we

show that nonlamellar membranes possess an increased resistance to the disruption

by external nanomaterials. These �ndings support previous hypotheses, according

to which these mesophases represent a self-induced cellular defensive mechanism.

Overall, the herein presented results help to better rationalize multiple aspects re-

lated to the mechanical response of lipid membranes at the nanoscale and provide

valuable information for future thorough descriptions of these ubiquitous, fascin-

ating yet complicated systems.
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ABSTRACT: The mechanical properties of biogenic membranous
compartments are thought to be relevant in numerous biological
processes; however, their quantitative measurement remains
challenging for most of the already available force spectroscopy
(FS)-based techniques. In particular, the debate on the mechanics
of lipid nanovesicles and on the interpretation of their mechanical
response to an applied force is still open. This is mostly due to the
current lack of a unified model being able to describe the
mechanical response of both gel and fluid phase lipid vesicles and
to disentangle the contributions of membrane rigidity and luminal
pressure. In this framework, we herein propose a simple model in
which the interplay of membrane rigidity and luminal pressure to
the overall vesicle stiffness is described as a series of springs; this
approach allows estimating these two contributions for both gel and fluid phase liposomes. Atomic force microscopy-based FS,
performed on both vesicles and supported lipid bilayers, is exploited for obtaining all the parameters involved in the model.
Moreover, the use of coarse-grained full-scale molecular dynamics simulations allowed for better understanding of the differences in
the mechanical responses of gel and fluid phase bilayers and supported the experimental findings. The results suggest that the
pressure contribution is similar among all the probed vesicle types; however, it plays a dominant role in the mechanical response of
lipid nanovesicles presenting a fluid phase membrane, while its contribution becomes comparable to the one of membrane rigidity in
nanovesicles with a gel phase lipid membrane. The results presented herein offer a simple way to quantify two of the most important
parameters in vesicle nanomechanics (membrane rigidity and internal pressurization), and as such represent a first step toward a
currently unavailable, unified model for the mechanical response of gel and fluid phase lipid nanovesicles.

■ INTRODUCTION

Lipid membranes are fundamental components of most
biological systems, delimiting the inner and outer compart-
ments of cells, organelles, and viruses, hosting a significant
portion of an organism’s interactome and constituting a critical
component of extracellular vesicles (EVs).1 Several key
biological processes were revealed to be affected by the
mechanical characteristics of involved membranous compart-
ments, including, for example, exo-/endocytosis, trafficking,
and in some cases pathological onset.2−5 Given this central
role, the scientific community has devoted extended efforts for
better understanding the mechanics of synthetic nanovesicles
and their membranes, which represent widely used mimics for
the study of biogenic membrane-bound organelles.
To this end, force spectroscopy (FS) techniques such as

micropipette aspiration,6 electrodeformation,7 optical tweez-
ers,8 and atomic force microscopy (AFM)9,10 are often
employed, as they allow probing the mechanical properties at
the nanoscale with high accuracy.11 However, since it is

difficult to identify and disentangle the contributions of all the
parameters involved at this length scale, studying the
mechanics of nanosized objects is still challenging for most
of the above-mentioned techniques. In particular, the accurate
determination of the nanomechanical characteristics of natural
and synthetic lipid vesicles with sizes <500 nm remains a
largely open issue, hindering multiple research fields.
AFM-based FS (AFM-FS) has been recently applied for

studying the mechanics of both natural and synthetic lipid
vesicles.12−16 The main advantage offered by AFM-FS is the
possibility to simultaneously determine the exact morphology
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and mechanical properties of individual vesicles. In a typical
AFM-FS experiment, the forces experienced by the tip during
the indentation of a vesicle are recorded as a function of the
tip−sample separation distance; these data are then plotted as
force versus distance curves. Based on the Canham−Helfrich
theory (CHT),17,18 Vorselen et al. theorized that the initial
mechanical response of a lipid vesicle to indentation is elastic
and follows a linear correlation between the applied
perpendicular force and the penetration depth.19 The resulting
mechanical response can be broadly described in terms of
Hooke’s law, F = −Kx, where K, the stiffness (K) of the vesicle,
can be estimated from the slope of the observed linear regime.
Stiffness is an extensive property resulting from multiple
contributions, the most important being the intrinsic
membrane elasticity and the luminal pressure (the internal
pressure that originates from the fluid confined within a
vesicle).
In order to quantify a vesicle’s membrane intrinsic elasticity,

its contribution to the experimentally accessible quantity K has
to be disentangled from the others. Among the various
biophysical descriptors, the bilayer bending modulus (κ) is a
widely used parameter in membrane biophysics to quantify the
energy required to deform a membrane from its spontaneous
curvature;20 moreover, its evaluation is of fundamental
importance for understanding the effect of the membrane
bending rigidity in biological processes such as vesicle fusion
and budding.
Several theories and models have been proposed in the

AFM-FS literature to derive κ from the measured K values,
obtaining different degrees of agreement with the results from
other techniques (examples can be found in Table 1). The
description is further complicated by the dual nature that lipid
membranes display above and below their melting temperature
(Tm); at T > Tm, lipid bilayers are generally found in the so-
called fluid phase, in which their acyl chains present an

increased lateral mobility compared to the case of T < Tm,
where membranes display the so-called gel phase, characterized
by a limited lateral mobility and a tighter packing degree
between the acyl chains of the two leaflets. One of the most
straightforward theories used to describe the mechanics of
adsorbed lipid vesicles is the thin shell theory (TST),21 which
models the lipid vesicle as being solely constituted by a
homogeneous shell of thickness h and curvature radius R,
provided that the ratio h/R is sufficiently small.22 Following
this approach, TST does not account for the luminal
pressurization, hence ascribing all the energetic contributions
of vesicle indentation to the membrane elasticity. Moreover, by
describing the membrane as a single homogeneous shell,
simple TST models ignore the fact that in fluid phase bilayers,
the two leaflets are free to slide upon each other. Reissner23

generalized the TST and proposed an analytical solution for
the case of shallow segments of thin elastic spherical shells,
which takes into consideration the presence of transverse shear
deformations.22

More recently, both experimental and theoretical stud-
ies19,25,26 found that the pressure contribution to the
indentation response of nanosized fluid phase liposomes
accounts for a great part of the overall deformation energy.
Based on these findings, they developed a CHT-based model
that allows calculating both the bending modulus and the
luminal pressure of nanosized fluid phase lipid vesicles from
their stiffness K and tether force (i.e., the force at which a lipid
tube of uniform diameter is elongated away from the vesicle by
the AFM tip). This model has been employed for studying the
mechanical properties of EVs,27 revealing that specific
pathological conditions can induce a change in their membrane
rigidity.4

In this context, it is immediately apparent that the two
above-presented models differ irreconcilably in their treatment
of the lipid bilayer, which is modeled either as a single

Table 1. Bending Modulus Values Reported in Literature for Fluid and Gel Phase Lipid Bilayers, Calculated Using Different
Techniques

references lipid technique temperature (°C) κ (×1019J) κ (kBT)

Liu and Nagle, 200453 DOPC scattering experiments 30 0.8 19.1
Levine, et al., 201454 DOPC atomistic simulations 25 1.1 27.7
Et-Thakafy, et al., 201714 DOPC AFM-FS on vesicles 25 0.9 21.9
Et-Thakafy, et al., 201714 DOPC AFM-FS on SLBs 25 0.9 21.4
Picas, et al., 201255 DOPC AFM-FS on SLBs 25 0.7 18.0
present study DOPC AFM-FS on vesicles 28 0.8 17.7
present study DOPC AFM-FS on SLBs 28 0.7 17.5
Dimova, 201456 POPC X-ray scattering 30 0.9 20.3
Nagle, 201757 POPC X-ray scattering 30 1.1 25.7
Henriksen, et al., 200658 POPC micropipette aspiration 25 1.6 38.5
present study POPC AFM-FS on vesicles 28 1.6 40.5
present study POPC AFM-FS on SLBs 28 2.0 49.2
Et-Thakafy, et al., 201714 DPPC AFM-FS on SLBs 25 2.0 49.3
Yi, et al., 200959 DPPC neutron spin echo 30 2.1 49.6
Picas, et al., 201255 DPPC AFM-FS on SLBs 25 2.3 56.6
Et-Thakafy, et al., 201714 DPPC AFM-FS on vesicles 25 15.5 376.7
Delorme and Fery, 200660 DPPC AFM-FS on vesicles 25 13.5 330.0
present study DPPC AFM-FS on vesicles 28 4.7 113.4
present study DPPC AFM-FS on SLBs 28 10.0 240.1
Yi, et al., 200959 DSPC neutron spin echo 40 3.4 79.1
Daillant, et al., 200552 DSPC X-ray scattering ∼50 11.2 275.0
present study DSPC AFM-FS on vesicles 28 5.2 125.9
present study DSPC AFM-FS on SLBs 28 14.0 335.8
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homogeneous shell in one case (TST) or as a pair of
independently sliding monolayers in the other. These different
scenarios seem at first glance most suited to describe vesicles
constituted by lipids in their gel and fluid phases, respectively,
thus suggesting that the applicability of the two models might
be dictated by the state of the lipid membrane under
investigation.
An orthogonal experimental strategy to determine via AFM-

FS the κ values of membranes is to drastically simplify the
problem and deposit them on a rigid substrate, obtaining
supported lipid bilayers (SLBs),28−30 whose indentation
mechanics is considerably simpler to model with respect to
intact vesicles. This is mainly due to the fact that the
mechanical response of SLBs is not affected by internal
pressure-related phenomena, hence making it possible to
univocally relate the SLB indentation forces to the rigidity of
the bilayer. To this purpose, various contact mechanics models
have been developed to extract κ from AFM-FS experiments
on SLBs.9 Despite the extensive number of reports both on
SLBs and vesicles, there is still disagreement between the κ
values measured on the same membranes in the two
experimental configurations. This issue further complicates
the interpretation of experimental data and ultimately hinders a
complete understanding of several membrane-related processes
in terms of stiffness.
In an attempt to reconcile the different interpretations

outlined above, we propose a simple model where the
contributions of membrane rigidity and luminal pressure to
the overall stiffness of a nanosized vesicle are described as a
series of springs. This approach permits us to quantitatively
estimate the individual contributions to the stiffness of fluid or
gel phase nanosized vesicles by using a single model. We test
this approach on a library of synthetic liposomes, composed of
phospholipids having the same polar head group [phosphati-
dylcholine (PC)] but different acyl chains. This allows
exploring different lipid lateral interaction energies, spanning
the bilayer phase space between fluid and gel phases. All the
bilayers are probed by AFM-FS both as SLBs and vesicles,
allowing us to quantitatively distinguish the contributions of
the membrane bending modulus and luminal pressure to the
overall stiffness of the liposomes. Particle-based simulations
performed on realistic models of lipid bilayers mimicking the
experimental setup are then employed to support the AFM-FS
results and provide new insights into the origin of the observed
different mechanical responses.

■ EXPERIMENTAL SECTION
Vesicle Preparation. Different lipids with a PC polar headgroup

[DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) (>99%), POPC
(1-palmitoyl-2-oleoyl-glycero-3-phosphocholine) (≥98.0%), DPPC
(1,2-dipalmitoyl-sn-glycero-3-phosphocholine) (>99%), and DSPC
(1,2-1,2-distearoyl-sn-glycero-3-phosphocholine) (>99%)] were pur-
chased from Sigma-Aldrich (St. Louis, MO, USA). All chemicals were
used as received. Lipid dry powders were dispersed in defined
amounts of chloroform to prepare stock solutions. Lipid films were
obtained by evaporating appropriate amounts of lipid stock solutions
in chloroform under a stream of nitrogen, followed by overnight
drying under vacuum. The films were swollen by a suspension in
warm (50 °C) water (Milli-Q grade water was used in all
preparations) to a final lipid concentration of 4 mg/mL, followed
by vigorous vortex mixing. The resultant multilamellar liposomes in
water were subjected to 10 freeze−thaw cycles and extruded 10 times
through two stacked polycarbonate membranes with 100 nm pore size
at room temperature, to obtain unilamellar liposomes with a narrow

and reproducible size distribution. The filtration was performed with
the Extruder [Lipex Biomembranes, Vancouver (Canada)] through
Nuclepore membranes (please refer to Caselli et al.31 for further
details about the vesicle preparation and characterization).

Surface Cleaning Procedure. All reagents were purchased from
Sigma-Aldrich Inc. (www.sigmaaldrich.com). Liposomes and SLBs
were evaluated on microscopy borosilicate glass coverslips (Menzel
Glas̈er) and on SiO2 wafers, respectively. The substrates were first
immersed in a 3:1 mixture of 96% H2SO4 and 30% v/v aqueous H2O2
(“oxidizing piranha”) solution for 2 h in order to remove any organic
residue present on their surface. Their surfaces were then cleaned in a
sonicator bath (Elmasonic Elma S30H) for 30 min in acetone
followed by 30 min in isopropanol and 30 min in ultrapure water
(Millipore Simplicity UV). After this procedure, the substrates can be
stored in ultrapure water, preserving their pristine conditions for
weeks.

Surface Preparation for AFM-FS on Intact Vesicles. Cleaned
glass coverslips were treated with air plasma for 15 min (air plasma
cleaner, PELCO easiGlow) and incubated overnight in ultrapure
water in order to maximize the silanol surface density. Slides were
then functionalized by vapor-phase silanization with (3-aminopropyl)-
triethoxysilane (APTES). Small batches of three to five slides were put
in a desiccator with 30 μL of APTES and 10 μL of triethylamine
(TEA), then a gentle static vacuum was induced by briefly engaging a
rotary pump. Glass slides were then kept under these conditions for 8
h. TEA was used to promote APTES−silanol binding.32 After that,
functionalized glass coverslips can be stored in sealed Petri dishes,
preserving the same surface properties for several weeks (please see
the Supporting Information for surface characterization).

Surface Preparation for AFM-FS on SLBs. Cleaned silicon
wafers were treated with air plasma for 15 min (air plasma cleaner,
PELCO easiGlow), incubated in ultrapure water for 10 min in order
to maximize the number of reactive surface silanols, and then dried
with nitrogen.

SLB Formation via Vesicle Fusion. A 100 μL droplet of 200
mM CaCl2 diluted 1:10 in 100 mM NaCl was spotted on a SiO2 slide.
A 10 μL droplet of the chosen vesicular dispersion was then added to
the previous droplet and left incubating at room temperature for 30
min in order to promote vesicle adsorption on the surface. After that,
the droplet was replaced (keeping the sample under constant
hydration) by a 100 μL droplet of ultrapure water, which was then
left incubating for additional 15 min. After the system equilibrated,
the large droplet was gently removed, and the slide was placed in the
AFM fluid cell for the measurements. This procedure is reported to
promote the formation of continuous and homogeneous SLBs.33

AFM Setup. All AFM experiments were performed on a Bruker
MultiMode 8 (equipped with NanoScope V controller electronics, a
sealed fluid cell, and a type JV piezoelectric scanner) using Bruker
SNL-A probes (with a triangular cantilever; nominal tip curvature
radius, 2−12 nm; and nominal elastic constant, 0.35 N/m) calibrated
with the thermal noise method.34 The temperature within the fluid
cell was 28 °C.

AFM Imaging. Imaging was performed in the PeakForce mode. In
order to minimize vesicle deformation or rupture upon interaction
with the probe, the applied force setpoint was kept in the 150−250
pN range. The lateral probe velocity was not allowed to exceed 5 μm/
s. Feedback gain was set at higher values than those usually employed
for optimal image quality in order to ensure minimal probe-induced
vesicle deformation upon lateral contact along the fast scan axis (a
comprehensive explanation of this procedure was given elsewhere35).
The average height value of all bare substrate zones was taken as the
baseline zero height reference. Image background subtraction was
performed using Gwyddion 2.53.16.36

AFM-FS on Vesicles. In order to perform the mechanical
characterization of vesicles via AFM-FS, the samples were first
scanned to locate individual vesicles. The chosen vesicle was then
imaged at a higher resolution (∼500 × 500 nm scan, 512 × 512
points); its height profile along the slow scan axis was fitted with a
circular arc taking into account values only 10 nm above the bare
substrate (typical fit, R2 ≥ 0.95). This procedure yielded, for each
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vesicle, an apparent fitted curvature radius RC and a vesicle height
value H, which were corrected as described elsewhere.19 To avoid
intrinsic piezo inaccuracy and drift, which imply a certain degree of
uncertainty on both the XY position at which the force curve was
constructed relative to the original image and on the maximum
applied force, multiple force curves were constructed. In particular, we
recorded a series of force/distance curves at multiple XY positions
(typically around 64−100 curves arranged in a square array covering
the vesicle initial location) for each individual vesicle. All force/
distance curves were recorded at a frequency of one full approach/
retraction cycle per second and a ramp size of 200−250 nm. In most
cases, only a few curves showed the full mechanical fingerprint of an
intact vesicle on both the approach and retraction cycles, showing a
linear deformation upon applying pressure and a tether elongation
plateau upon probe retraction. Of these, we first discarded those with
probe-vesicle contact points occurring at probe−surface distances
below the vesicle height, as measured by imaging. We then discarded
traces in which the tether elongation plateau occurring during probe
retraction did not extend beyond the initial contact point (further
details can be found in ref 35). The remaining traces were used to
calculate the vesicle stiffness (K). Multiple valid curves referring to the
same vesicle resulted in very narrow distributions of K (with the
average measured values taken as representative for each vesicle),
while different vesicles of the same type showed much larger
variations.
AFM-FS on SLBs. When performing AFM-FS on SLBs, the

accuracy of the XY position at which each force curve is performed
becomes less important in comparison to vesicles. We nevertheless
recorded a series of force/distance curves at multiple XY positions
(typically around 64−100 curves arranged in a square array covering
large regions of the SLB) in order to minimize the impact of
(putative) local anisotropies of either the substrate or the bilayer on
the measured mechanical properties. All force/distance curves were
recorded at a frequency of one full approach/retraction cycle per
second and a ramp size of 200−250 nm. The recorded curves were
then analyzed to extract the bending modulus (κ) values.
Particle-Based Molecular Dynamics Simulations. Particle-

based molecular dynamics (MD) simulations were performed on
realistic models of SLBs using the Martini coarse-grained
potential.37−39 Simulations were performed with the LAMMPS
program package40 and run on the CNR-ISMN high-performance
computing facility.
The model system was composed of a 2D periodic support surface,

a finite-size model of SLBs in water solution, and a model of a
mechanical probe. Models of DPPC and DOPC lipid bilayers in water
solution were considered. Upon equilibration onto the substrate in
water, lipid bilayer models relax into a round-like shape, with a
diameter of about 24 nm. A model of a mechanical probe mimicking
the AFM tip was built as a disc of SG4 beads, similar to the support
surface. A radius of the AFM tip model of 9 nm was considered. The
mechanical properties of SLB were simulated by reproducing the
displacement of the AFM tip toward the surface, which was kept fixed
in simulations. A first trajectory was obtained by displacing the AFM
tip toward the SLB at a constant velocity of 0.1 nm/ns. This first fast
trajectory allowed us to obtain starting configurations for subsequent
accurate sampling of force versus distance curves. Further details are
provided in the Supporting Information section.

■ RESULTS AND DISCUSSION

We employed AFM-FS to measure the mechanical response of
a series of lipid bilayers in their planar (SLB) and vesicular
configurations. All the FS experiments were performed under
the same experimental conditions (deposition protocol,
solution, temperature, and substrate; see the Experimental
Section). All the probed lipids have the same polar head group
(PC) but differ in the length and degree of unsaturation of
their hydrocarbon chains. As a general rule, short and
unsaturated hydrocarbon tails generate softer lipid bilayers,

while long fully saturated tails have a higher packing degree,
which increases the overall bilayer rigidity. It is known from
the literature that the bending modulus of lipid bilayers used in
this study increases in the following order: DOPC < POPC <
DPPC < DSPC31,41,42 (with DOPC and POPC being in their
fluid phase and DPPC and DSPC in their gel phase under the
experimental conditions employed herein). All the four lipids
were used to form liposomes and SLBs and then measured via
AFM-FS.

Measurement of Vesicle Stiffness. We first measured
the stiffness of several different vesicles composed of each of
the lipids in the above-mentioned set (details can be found in
previous works31,35). Despite stiffness being an extensive
property, the very similar average size and narrow polydisper-
sity of the measured liposomes resulted in a relatively small
variance within each sample (as it can be seen from the small
overlap between the error bars in Figure 1 and from their

numerical values in the second column of Table 3). The
liposomes follow the expected stiffness ranking, with DOPC
liposomes being the softest and DSPC liposomes the stiffest,
and the stiffness values are in close agreement with those
reported in the literature for similar-sized vesicles.19,43

Measurement of SLB Bending Modulus. We then
performed AFM-FS measurements on SLBs obtained from the
rupture of the same set of liposomes. The mechanical response
of SLBs to indentation is much simpler to model with respect
to that of vesicles; indeed, their bidimensional geometry and
the absence of internal pressure contributions allow one to
unambiguously probe the membrane rigidity in itself. Once the
bilayer adsorbs on the substrate, it can be effectively modeled
as a layer of a continuous material and hence the AFM tip can
be used to apply a perpendicular force to the SLB, resulting in
its compression. Fitting an appropriate contact mechanics
model to the recorded indentation traces allows extracting
quantitative nanomechanical information about the SLB.
Among the numerous contact mechanics models developed
to describe the indentation of a flat material by probes of
various shapes and sizes,9 we found that the modified Hertz
model44 proposed by Dimitriadis et al.45 is the one that best

Figure 1. Linear correlation between the average vesicle stiffness K
and the average SLB bending modulus κSLB. Error bars for vesicle
stiffness describe the standard deviation of the mean, while the ones
for κSLB of SLBs represent the uncertainties obtained by bootstrapping
(1000 repetitions of 5 draws, with replacement).
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fits all our SLB indentation profiles (Figure S1). According to
this model, the Young modulus of the probed bilayer can be
calculated from eq 1

F ER
16
9

1 0.884 0.781 0.386

0.0048

tip
1/2 3/2 2 3

4

δ χ χ χ

χ

= [ + + +

+ ] (1)

where the force F is related to the Young modulus E, tip radius
Rtip, and indentation depths δ and χ, which is equal to R h/δ ,
with h being the thickness of the bilayer (evaluated by AFM
imaging experiments on different SLBs and in good agreement
with the literature,14,46−51 please refer to Figure S3 for further
details). According to Saavedra et al.,64 probing SLBs with tips
having radii of ∼2 nm leads to the penetration of the lipid
membrane with minimal compression and an absence of any
clear mechanical event associated to membrane rupture in the
force/distance traces; under these conditions, the estimation of
E is not possible. However, all of our SLB indentation curves
contained a clear compression region before a sharp force drop
corresponding to the mechanical failure of the bilayer,
suggesting that Rtip was always above 2 nm in our experiments.
To estimate the value of Rtip, a subset of SLB indentation
curves for each lipid was fitted, leaving the tip radius as a free
parameter; this always yielded Rtip values in the 7−8 nm range,
which would therefore allow for a correct estimation of E. TST
provides a relation between the Young modulus E and the
bending modulus κ; such an expression can be used to obtain
the SLB bending modulus κSLB and is described in eq 2, where
ν is the Poisson modulus (assumed to be 0.512,14 for all the
following calculations).

Eh
12(1 )

3
κ

ν
=

− (2)

The values obtained for the bending moduli of the whole
SLB series are (17.5 ± 2.8) kBT for DOPC, (49.2 ± 5.2) kBT

for POPC, (240.1 ± 50.4) kBT for DPPC, and (335.8 ± 48.1)
kBT for DSPC; remarkably, they follow the same trend
observed for the stiffness of the respective liposomes and are in
good agreement with the vast majority of literature results, in
that fluid phase bilayers typically show bending moduli around
1 order of magnitude lower than those of gel phase bilayers.52

Table 1 reports a comparison of our results with several
bending modulus values reported in the literature both for fluid
and gel phase bilayers.

Vesicle Stiffness and SLB Bending Modulus Are
Linearly Correlated. While the κSLB values obtained as
described above are intensive (i.e., size-independent) mechan-
ical properties, specific for each bilayer type, and the stiffness
values K, measured on their vesicular configuration, are
extensive properties and might be influenced by the size
and/or geometry artifacts. Nevertheless, it is possible to obtain
a strong indication of K being representative of the vesicles’
mechanical response by plotting it against κSLB for the whole
series of lipids (see Figure 1). The resulting linear correlation
between mechanical descriptors, obtained from two series of
independent measurements, performed with the same setup,
on the same lipid bilayers, in either planar or vesicular
geometry, can be considered as indicative of two facts: first, the
average stiffness K is indeed a good descriptor of mechanical
differences occurring across the panel of lipids, as hypothesized
previously (see the section, “Measurement of Vesicle Stiff-
ness”). Second,despite K being a complex parameter
emerging from the interplay of several concurring phenomena
including vesicle geometry, bilayer bending modulus, and its
resistance to pressurizationall of its determinants appear to
be effectively recapitulated in just one parameter, κ.
This observation can be rationalized as follows: K values

were measured on vesicles having similar sizes, same polar
head group, and in the absence of an osmotic imbalance; under
these conditions, any systematic difference between the
mechanical responses exhibited by vesicles of different

Figure 2. Simulated force/distance curves for DOPC (orange curve) and DPPC (blue curve) SLBs; dashed lines, in the inset, are the modified
Hertz fits, also used for fitting the AFM-FS curves on SLBs. Distribution of the radius of gyration for configurations extracted from the points
indicated by the arrow and the corresponding snapshots extracted from MD simulations. The blue segments indicate the coarse-grained beads
(Martini C3 particle), describing the double-bond moiety in the structure of DOPC.
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compositions will necessarily arise from the different degrees of
interaction exhibited by their constituent lipids. Different
interlipidic interaction energies will ultimately determine both
κ and the various phenomena contributing to K, thus resulting
in the observed direct proportionality between κSLB and K.
Moreover, the linear relation displayed in Figure 1 is in good
agreement with Dai et al.,61 who theorized a linear relation
between the stiffness and the bending modulus of lipid
nanovesicles.
MD Simulations. Coarse-grained simulations were per-

formed on model systems of SLBs, with the aim of reproducing
their response to the indentation by the AFM tip. A
representative snapshot of a configuration extracted from
MD simulations for the evaluation of the mechanical properties
of SLBs is shown in Figure S2 (refer also to Figure S4 for
further details). The two considered lipids, DOPC and DPPC,
are representative of the fluid and gel states of SLBs,
respectively.
The simulated force/distance curves are qualitatively very

similar to the ones obtained from the AFM-FS measurements
on SLBs. Moreover, the modified Hertz fit applied to the
experimental force/distance curves can still be used for
describing the simulated ones with remarkable accuracy (see
Figure 2). The offset in the absolute value of computed forces
with respect to the experiments is related to the details of the
simulations (the size and shape of the simulated mechanical
probe, etc.). Namely, the flat shape of the probe used in MD
simulations (see Figure S2 in the Supporting Information)
partially accounts for the larger overall computed force with
respect to values measured for DPPC and DOPC SLBs in
AFM-FS experiments.54,62−64 This effect can be related to the
higher contact area of the probe used in simulations with
respect to a curved tip shape. However, the shape of the probe
used to simulate force spectra allowed us to sample the
dynamics of a large portion of the SLB.
In agreement with the experimental results, the DPPC SLB

displays a stiffer mechanical response with respect to the
DOPC SLB. At small indentations (tip−surface distances
between 6 and 3 nm), the SLBs undergo an essentially elastic
deformation which only entails minimal perturbations to the
equilibrium configuration for both DOPC and DPPC (see
Figure 2); differences in the response of the two simulated
SLBs can be mainly ascribed to the different cohesive energies

(hydrophobic interactions) of the bilayers. At larger inden-
tations (tip−surface distances of ∼2.5 nm), a qualitative
difference emerges for the two considered lipid species. The
stiffness of the DPPC SLB still exceeds the one of the DOPC
SLB, as expected; however, starting from a tip−surface distance
of about 2.5 nm, the DOPC SLB undergoes a more evident
structural rearrangement with respect to DPPC (see Figure 2,
rightmost panels). This behavior can be related to the presence
of saturated chains in the fatty acid moieties of DPPC, in
contrast with the unsaturated chains of DOPC. These
structural features are reproduced by the potential parameters
used in simulations and lead to the observed differences in the
mechanical properties of the two considered species. The
occurrence of C−C double bonds in the unsaturated fatty acid
chains of DOPC provides these molecules with a higher
propensity to deform under a mechanical stress, with respect to
those of DPPC (see Figure 2). The magnitude of this local
distortion can also be visualized when computing the average
radius of gyration for the individual lipid molecules
constituting the bilayer. In this context, the radius of gyration
provides a measure of the linearity of the molecular structure.
As shown in Figure 2, the radius of gyration of DOPC
molecules exhibits a significant drop in tip−surface distances
below 2.5 nm, signaling molecular deformations toward a coil-
like structure. These deformations affect the structure of the
whole bilayer and the resulting mechanical response, as
evidenced by the kinks in the computed force−displacement
curves for DOPC in the range between 1 and 2 nm. Based on
these results, differences in the mechanical behavior of the two
considered SLBs, representative of gel and fluid phase bilayers,
can be related to the interplay between intermolecular
cohesion energy and intramolecular deformation. It is also
worth noting that, at very large stress values, irreversible
(plastic) structural deformations, falling beyond the range of
elastic deformations considered by the employed model, occur.
On a qualitative level, results from these simulations confirm
that the different cohesion energies of fluid and gel phase lipids
and the molecular structure can explain their different
mechanical behaviour, as observed by AFM-FS.

A Mechanical Model for Both Fluid and Gel Phase
Vesicles. The two most widely employed models for vesicles’
mechanics are limited to the study of either fluid or gel phase
bilayers. However, in the previous paragraphs, we have shown

Figure 3. Spring-based model developed to describe the mechanical response of a vesicle to indentation. The stiffness of a vesicle accounts for the
contributions of both membrane rigidity (mostly κ) and internal pressurization and can be described by a system of two springs in series. As a
consequence, AFM-FS indentation experiments sample the overall spring constant of the whole system, which is lower than both the single spring
constants K1 and K2.
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that the experimentally determined vesicle stiffness K is
directly proportional to the SLB bending modulus κSLB,
irrespective of the phase state of the constituent bilayers,
thus suggesting that their mechanical behavior can be
interpreted within a unified theoretical framework.
In order to gain more insights into the relationship between

the mechanical responses of a lipid bilayer in its vesicular and
SLB forms, we developed a simple model that allows
separating the contributions of membrane elasticity and
luminal pressure from the mechanical response of a fluid or
gel phase lipid vesicle subjected to an applied perpendicular
force. As schematized in Figure 3, we model an adsorbed lipid
vesicle as a system of two springs in series, with spring
constants K1 and K2. The spring constant K1 accounts for the
mechanical response of the membrane, while K2 accounts for
those phenomena arising as a consequence of the volume/
surface variations induced by the indentation process (the
most relevant being internal pressurization).
More specifically, the slope observed in the linear part of the

AFM force/distance curves (Figure S5) represents the
equivalent spring constant of the system, Keq, which is related
to K1 and K2 by eq 3.

K
K K

K Keq
1 2

1 2
=

+ (3)

The relation expressed by eq 3 implies that the value of Keq
is lower than the values of both K1 and K2.
TST Underestimates the Mechanical Response of Gel

Phase Lipid Vesicles. As detailed above, TST models a
vesicle as a hollow homogeneous shell with no internal
pressure.65 Reissner24 derived a TST-based analytical solution
(eq 4) for describing the relation between force and shell
indentation66

F
Eh

R

4

3(1 )

2

2 2ν
δ=

−

i

k

jjjjjjj
y

{

zzzzzzz (4)

where E is the Young modulus, h the bilayer thickness, δ the
penetration depth, R the shell (vesicle) radius of curvature, and
ν the Poisson modulus. Equation 4 is analogous to Hooke’s
law, where the term within the parentheses represents, for
small penetration depths, the stiffness of the vesicle. Once K is
known, E and κ can be determined, applying eqs 4 and 2.
Equation 4 is designed for hollow shells; hence it assumes that
the stiffness (the proportionality constant between F and δ) is
only ascribed to the vesicle membrane.
According to the just-defined spring-based model, if we use

the stiffness obtained from the AFM measurements, Keq (a
combination of K1 and K2) to estimate the Young modulus
from eq 4, we could obtain unexpected results. Notably, since
Keq is lower than K1, the mechanical contribution of the
membrane and hence the values of E and κV (the bending
modulus calculated with the vesicular configuration) are
necessarily underestimated. Table 2 shows the bending moduli
obtained by substituting Keq into the Reissner equation for the
panel of investigated liposomes and compares them with the
values of the bending modulus obtained for the SLBs; the
errors represent the uncertainties obtained by bootstrapping
(1000 repetitions of 5 draws, with replacement).
As hypothesized, the κV values obtained via TST from

vesicle indentation are lower than the ones obtained via the
modified Hertz model from the corresponding SLBs (κSLB).

Interestingly, the higher the vesicle stiffness, the higher the
difference between κV and κSLB. These results support the
predictions of this spring-based model; indeed, when probing
very soft liposomes, such as DOPC, Keq∼K1, and the Reissner
formula yields results that are in good accord with the values
measured on SLBs. However, as the K1 of the probed
liposomes increases and becomes proportional to K2, the
approximation is not valid anymore; Keq will be lower than the
other two spring constants, yielding values of κV lower than the
respective κSLB.

Estimating the Membrane-Associated Spring Con-
stant. Since the SLB indentation can be modeled as a 2D
process, the complexity related to the 3D geometry of vesicles
can be circumvented, and the contributions from the vesicle
internal pressure neglected. Moreover, since the literature on
SLB mechanics is well established, and there are very few
uncertainties regarding data interpretation, we herein assume
that the κSLB values are the ones that most closely represent the
intrinsic bending rigidity of the membranes. Leveraging this
assumption, if we now replace the κSLB values back in eq 2, we
obtain the respective Young moduli E that can be then
substituted in eq 4, in order to extract the correct values for the
spring constant associated with the vesicle membrane
(corresponding to the expression within parentheses in eq
4), K1. Table 3 displays the K1 values that we obtained for the
probed vesicles and compares them with the respective Keq
values, calculated directly from the AFM force/distance curves.

The results in Table 3 strongly support the predictions
derived from the spring-based model; indeed, for very soft fluid
phase vesicles (such as DOPC), we can assume that K1 ≪ K2,
hence obtaining Keq∼K1, which means that the stiffness
measured from the AFM force/distance curves (Keq) is close
to the actual value of the membrane stiffness (K1). When
dealing with stiffer membranes, as in the case of gel phase
bilayers (DPPC and DSPC), K1 increases and becomes
comparable with K2; in this new configuration, both the
springs of the model deform (although to different extents)
under application of a force. In this second scenario, the
stiffness calculated from the AFM force/distance curves (Keq)
results from the combination of both springs (hence from the
contributions of both the membrane and luminal pressure).
Using the newly obtained values of K1, we can exploit eq 3 to
derive the values of K2 for each different liposome. These

Table 2. Comparison between the Bending Modulus Values
Obtained for Vesicles and SLBs

κV from TST (kBT) κSLB from modified Hertz model (kBT)

DOPC 17.7 ± 1.7 17.5 ± 2.8
POPC 40.5 ± 5.5 49.2 ± 5.6
DPPC 113.4 ± 20.2 240.1 ± 50.5
DSPC 125.9 ± 15.4 335.8 ± 48.1

Table 3. Spring Constant Values that Describe the
Mechanical Response of a Lipid Vesicle to Indentation

K1 derived from
SLB assumption

(mN/m)

Keq from the
AFM curves
(mN/m)

K2 obtained by
substituting K1 and Keq in

(3) (mN/m)

DOPC 6.9 ± 0.3 6.0 ± 0.6 ∼47.3
POPC 22.7 ± 2.9 14.5 ± 1.5 ∼40.0
DPPC 74.4 ± 7.2 28.0 ± 3.6 ∼44.9
DSPC 97.4 ± 8.4 34.0 ± 3.3 ∼52.2
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values are shown in the third column of Table 3 and should
recapitulate the mechanical contribution arising from changes
in the volume/surface of the vesicles, the most relevant being
the internal pressurization. Surprisingly, the estimated K2
values are very similar for most of the probed liposomes,
irrespective of their membrane phase state. Only DSPC
vesicles display a slightly increased pressurization, compared to
the other ones. These results suggest that the mechanical
contributions from the internal pressurization of most of the
probed vesicles are very similar across different liposome types.
Looking at the K2 values for the fluid phase liposomes (DOPC
and POPC), it can be seen that the pressure plays a
predominant role in the general mechanical response of
these vesicles (with DOPC having a K2 that is 1 order of
magnitude higher than K1), which is in perfect accord with the
findings of Vorselen et al.,19 according to which the internal
pressure of fluid phase liposomes provides the most relevant
contribution to the vesicles’ mechanical response. The
obtained results also highlight the different contributions of
membrane elasticity and internal pressure to the overall vesicle
stiffness, in fluid and gel phase liposomes; in the first ones, the
greater contribution to the vesicle stiffness is from the internal
pressure, while in the second ones, the contributions of
membrane and pressure become comparable, and the vesicle
mechanical response is given by their combination.

The Difference between K1 and K2 Could Explain the
Slope Change Often Observed at Large Indentation
Lengths in the AFM Force/Distance Curves. When the
penetration depth is further increased (to values much larger
than the membrane thickness), different events may take place:
the AFM tip can puncture the bilayer (as often suggested by a
sudden drop in the force signal in several vesicle indentation
curves), the vesicles may lose part of their luminal content
(depressurization) or even burst under excessive pressure. The
manifestation of these events varies across different vesicle
types; from the analysis of the force curves obtained during the
AFM-FS measurements on vesicles, we found that the ratio
between K1 and K2 could provide an interpretation of the
variability in the mechanical response characterizing the
second part of the force/distance curves. Figure 4 displays
the force curves collected during a representative ensemble of
indentation cycles performed on four different vesicle types
(gray curves). Different from the calculation of the vesicle
stiffness, this time, the curves were processed exploiting a
custom Python script that allowed for the automatic
determination of the contact point, for the subsequent
alignment and for the estimation of the average curves (red
traces). Due to this, occasional misalignment issues might
occur, which, however, do not significantly affect the following
qualitative interpretation of the results. The average curves are

Figure 4. Average curves for the four different liposome types. Each average curve (red curve) was calculated by computing the average value of the
single force/distance curves at each separation value. As can be seen, when going from DOPC to DSPC, K1 and K2 become comparable, and
variations in K2 due to leakages of internal fluid during the indentation may have a stronger impact on Keq and on the observed curve slope.
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obtained by averaging the values of the displayed gray curves at
each separation point. As seen in Figure 4, the straightness of
the red curves decreases from DOPC to DSPC, with the latter
displaying a pronounced slope change.
These different behaviors can be rationalized by analyzing

how Keq changes when the value of K2 is decreased. For those
cases in which the overall stiffness is dominated by K2, Keq∼K1
and hence a variation in K2 has a negligible effect on the
observed curve slope (Keq), as the new value of K2 still largely
exceeds K1 (see eq 3). On the other hand, when K2 is
comparable with K1, its variation has a stronger impact on Keq,
generating an appreciable change in the slope of the curve.
A decrease in K2 could come as a consequence of larger

indentations, which imply an increase in the internal
pressurization of the vesicles, an event that could trigger the
release of part of the internal fluid with a subsequent loss of
volume. As a result, the vesicle would consequently have less
fluid inside its lumen, hence being less pressurized, that is, its
K2 would have a lower value. On the other hand, since K1
represents the membrane stiffness, which should not be
affected by depressurization phenomena, its value is assumed
to remain constant during the whole indentation process.
According to these predictions, in Figure 4, the effect of
depressurization on the curves’ slope is negligible for DOPC
(the curves retain the initial slope also for larger indentations),
but it becomes gradually more important approaching the
stiffer gel phase liposomes, where the curves display larger
variability for higher indentation values. The onset of a second
linear regime in the force/distance curves has also been
recorded in the AFM studies of Vorselen et al.19 and Calo ̀ et
al.,12 while Vella et al.67 obtained a similar response from
indentation tests on inflated spherical shells; most of these
studies point to the pressure as the main responsible factor for
the observed effect. This aspect might also explain why in
stiffer liposomes, variations in the measured values of both
stiffness and bending modulus are higher than those found for
softer ones.

■ CONCLUSIONS
Lipid membranes are involved in a plethora of relevant
biological processes; for this reason, characterizing their
mechanical properties can help understand the fundamental
interactions between interfaces at the nanoscale. FS techniques
can be used to probe the mechanical properties of nanosized
membranous envelopes such as vesicles, viruses, and other
organelles; despite the high accuracy of these techniques, the
data interpretation still stirs a debate, ultimately leading to a
disagreement of the results obtained with different techniques.
By performing AFM-FS on a set of fluid and gel phase SLBs,

we characterized their mechanical response in terms of
bending modulus, which is an intrinsic descriptor of the
membrane rigidity. Coarse-grained MD simulations performed
on realistic SLBs models confirmed and supported the AFM-
FS results, showing that the differences, experimentally
observed between fluid and gel phase bilayers, can be ascribed
to the interplay between intermolecular cohesion energy and
intramolecular deformation.
Leveraging these results, we probed (by means of AFM-FS)

the same set of fluid and gel phase lipid bilayers, in the
liposome configuration, and found that the mechanical
response of a lipid vesicle to an applied deformation can be
modeled by a system of two springs in series. One of the
springs accounts for the effect of membrane elasticity while the

other for the effects arising from large volume/surface
variations, whose greater contribution comes from the luminal
pressure.
Exploiting this spring-based model, we find that despite not

accounting for internal pressure contributions, the TST can
still be used to extract the bending modulus values of very soft
vesicles (such as DOPC), for which the spring constant
representing membrane stiffness has a negligible value
compared to the one representing the luminal pressure.
When these two contributions become comparable, the
mechanical response of vesicles is a combination of the two
springs and cannot be correctly analyzed by means of TST
only. By assuming that the correct values of the bending
modulus are the ones obtained from the AFM-FS on SLBs, we
find that the pressurization of most of the probed vesicles
(which had a similar size) is similar, independent of the lipids
forming the bilayer. Moreover, our mechanical model provides
an interesting interpretation of the change in the slope
displayed in the force curves of stiffer liposomes, showing that
when the two spring constants are comparable, a change in the
internal pressure would have a more appreciable effect on the
vesicle stiffness, as probed through AFM-FS.
Our findings shed light on the nanomechanics of lipid

vesicles and provide a possible explanation to the discrepancy
that is often observed among the results of the bending
modulus obtained from intact vesicles and SLBs. Future works
will be aimed at quantifying the extent of the internal pressure
contribution, in order to correct and hence extend the
applicability of TST-based models to the description of both
gel and fluid phase vesicles. Ultimately, when applied to natural
vesicles, such as EVs, the simple but clear-cut insights afforded
by our model might help to better understand the fundamental
biological processes that involve vesicular deformation and/or
reorganization.
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(13) Sorkin, R.; Huisjes, R.; Bosǩovic,́ F.; Vorselen, D.; Pignatelli, S.;
Ofir-Birin, Y.; Freitas Leal, J. K.; Schiller, J.; Mullick, D.; Roos, W. H.;
Bosman, G.; Regev-Rudzki, N.; Schiffelers, R. M.; Wuite, G. J. L.
Nanomechanics of Extracellular Vesicles Reveals Vesiculation Path-
ways. Small 2018, 14, 1801650.
(14) Et-Thakafy, O.; Delorme, N.; Gaillard, C.; Mériadec, C.;
Artzner, F.; Lopez, C.; Guyomarc’h, F. Mechanical Properties of
Membranes Composed of Gel-Phase or Fluid-Phase Phospholipids
Probed on Liposomes by Atomic Force Spectroscopy. Langmuir
2017, 33, 5117−5126.
(15) Takechi-Haraya, Y.; Goda, Y.; Sakai-Kato, K. Atomic Force
Microscopy Study on the Stiffness of Nanosized Liposomes
Containing Charged Lipids. Langmuir 2018, 34, 7805−7812.
(16) Di Santo, R.; Romano,̀ S.; Mazzini, A.; Jovanovic,́ S.; Nocca, G.;
Campi, G.; Papi, M.; De Spirito, M.; Di Giacinto, F.; Ciasca, G.
Recent Advances in the Label-Free Characterization of Exosomes for
Cancer Liquid Biopsy: From Scattering and Spectroscopy to
Nanoindentation and Nanodevices. Nanomaterials 2021, 11, 1476.
(17) Canham, P. B. The Minimum Energy of Bending as a Possible
Explanation of the Biconcave Shape of the Human Red Blood Cell. J.
Theor. Biol. 1970, 26, 61−81.
(18) Helfrich, W. Elastic Properties of Lipid Bilayers: Theory and
Possible Experiments. Z. Naturforsch., C: Biochem., Biophys., Biol.,
Virol. 1973, 28, 693−703.
(19) Vorselen, D.; Mackintosh, F. C.; Roos, W. H.; Wuite, G. J. L.
Competition between Bending and Internal Pressure Governs the
Mechanics of Fluid Nanovesicles. ACS Nano 2017, 11, 2628−2636.
(20) Boal, D. Mechanics of the Cell, 2nd ed.; Cambridge University
Press, 2012.
(21) Landau, L. D.; Lifshitz, E. M. Theory of Elasticity, 3rd ed.;
Course of Theoretical Physics, 1986.
(22) Wan, F. Y. M.; Gregory, R. D.; Milac, T. I. A Thick Hollow
Sphere Compressed by Equal and Opposite Concentrated Axial
Loads: An Asymptotic Solution. SIAM J. Appl. Math. 1998, 59, 1080−
1097.
(23) Reissner, E. Stresses and Small Displacements of Shallow
Spherical Shells I. J. Math. Phys. 1946, 25, 80−85.
(24) Reissner, E. Stresses and Small Displacements of Shallow
Spherical Shells. I. J. Math. Phys. 1946, 25, 80−85.
(25) Vorselen, D.; Piontek, M. C.; Roos, W. H.; Wuite, G. J. L.
Mechanical Characterization of Liposomes and Extracellular Vesicles,
a Protocol. Front. Mol. Biosci. 2020, 7, 139.
(26) Tang, X.; Shi, X.; Gan, Y.; Yi, X. Nanomechanical Character-
ization of Pressurized Elastic Fluid Nanovesicles Using Indentation
Analysis. Extreme Mech. Lett. 2020, 34, 100613.
(27) Kalluri, R.; LeBleu, V. S. The Biology, Function, and
Biomedical Applications of Exosomes. Science 2020, 367,
No. eaau6977.
(28) Richter, R. P.; Bérat, R.; Brisson, A. R. Formation of Solid-
Supported Lipid Bilayers: An Integrated View. Langmuir 2006, 22,
3497−3505.
(29) Hardy, G. J.; Nayak, R.; Zauscher, S. Model Cell Membranes:
Techniques to Form Complex Biomimetic Supported Lipid Bilayers

Langmuir pubs.acs.org/Langmuir Article

https://doi.org/10.1021/acs.langmuir.1c01660
Langmuir 2021, 37, 12027−12037

12036



via Vesicle Fusion. Curr. Opin. Colloid Interface Sci. 2013, 18, 448−
458.
(30) Clifton, L. A.; Campbell, R. A.; Sebastiani, F.; Campos-Terán,
J.; Gonzalez-Martinez, J. F.; Björklund, S.; Sotres, J.; Cárdenas, M.
Design and Use of Model Membranes to Study Biomolecular
Interactions Using Complementary Surface-Sensitive Techniques.
Adv. Colloid Interface Sci. 2020, 277, 102118.
(31) Caselli, L.; Ridolfi, A.; Cardellini, J.; Sharpnack, L.; Paolini, L.;
Brucale, M.; Valle, F.; Montis, C.; Bergese, P.; Berti, D. A Plasmon-
Based Nanoruler to Probe the Mechanical Properties of Synthetic and
Biogenic Nanosized Lipid Vesicles. Nanoscale Horiz. 2021, 6, 543−
550.
(32) Kanan, S. M.; Tze, W. T. Y.; Tripp, C. P. Method to Double the
Surface Concentration and Control the Orientation of Adsorbed (3-
Aminopropyl)Dimethylethoxysilane on Silica Powders and Glass
Slides. Langmuir 2002, 18, 6623−6627.
(33) Ridolfi, A.; Caselli, L.; Montis, C.; Mangiapia, G.; Berti, D.;
Brucale, M.; Valle, F. Gold Nanoparticles Interacting with Synthetic
Lipid Rafts: An AFM Investigation. J. Microsc. 2020, 280, 194−203.
(34) Hutter, J. L.; Bechhoefer, J. Calibration of Atomic-Force
Microscope Tips. Rev. Sci. Instrum. 1993, 64, 1868−1873.
(35) Ridolfi, A.; Brucale, M.; Montis, C.; Caselli, L.; Paolini, L.;
Borup, A.; Boysen, A. T.; Loria, F.; Van Herwijnen, M. J. C.; Kleinjan,
M.; Nejsum, P.; Zarovni, N.; Wauben, M. H. M.; Berti, D.; Bergese,
P.; Valle, F. AFM-Based High-Throughput Nanomechanical Screen-
ing of Single Extracellular Vesicles. Anal. Chem. 2020, 92, 10274−
10282.
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Figure S1 

 

Difference between the classical and the corrected Hertz fitting model (proposed by Dimitriadis et 

al.); as can be seen, the classical Hertz fit underestimates the Young Modulus, indeed the fitted 

curve (obtained from the indentation of a POPC SLB) is less steep than the original one. On the 

other hand, the modified Hertz fit presents a much better accord with the experimental data. This is 

probably due to the low thickness of the lipid bilayers and to the related substrate contributions; both 

being phenomena not taken under sufficient consideration by the Hertz theory. The more recent 

model, proposed by Dimitriadis et al. (1) instead, accounts for those cases in which the substrate 

contributions become relevant, as a  consequence of the low layer thickness.  

Additional details about the particle-based molecular dynamics (MD) simulations 

The support surface was composed by seven stacked layers of SGA beads arranged in a hexagonal 

(honeycomb) lattice, with a 2:1 mapping with respect to graphite. The interaction within the particles 

constituting the support layer was defined in terms of a deep LJ potential only. This allows to exclude 



the mechanical part of the potential from the total energy. The interaction of the support layer with 

all other particles was defined by using the parameters of SN0 beads. The surface roughness was 

introduced by randomly removing a variable number of particles from the support layers, from 90% 

for the topmost layer to 0% in the central layer. A model substrate of about 30x30 nm with periodicity 

in 2 dimensions was first relaxed by MD in vacuum.  

The model system constituted by the SLB model in water solution and the AFM tip model, at a 

distance of about 8 nm from the surface, was first relaxed by equilibrium MD for about 40 ns in the 

NPT ensemble, keeping the particle of the AFM tip fixed (see also Fig. S2).  

From this initial run, configurations were extracted at intervals of 0.75 nm along the trajectory. These 

configurations were used as starting points for equilibrium MD simulations (about 50 ns), keeping 

the AFM tip model fixed and evaluating the mean force between the tip and the SLB over the last 5 

ns. 

Figure S2 

 

Side view (section) of the model system used in MD simulations of a DPPC SLB. Particles of the 

support layer (bottom) and of the mechanical probe (top) are in orange; water particles are in blue. 

The lateral size of the model shown is 30 nm. The figure shows a snapshot from one of the 

equilibration runs carried out to evaluate the force between the mechanical probe and the SLB 

Figure S3 

 



 

AFM images of SLBs were analyzed and processed using Gwyddion(2), following the procedures 

described elsewhere(3), in order to extract the height distributions of the SLBs from the four different 

lipid types. Peaks of the distributions were then fitted to obtain an average value of the SLB 

thickness. Dotted lines display the Gaussian distributions that were used for extracting the thickness 

values. Numerical results from the fits are displayed in Table S1.  

 

Figure S4 

 



Total energy and components of the force between the mechanical probe model and the SLB for the 

initial (non-equilibrium) trajectories. DPPC: blue curves; DOPC: orange curves. 

Figure S5 

 

Representative AFM force-indentation curve obtained from an AFM-FS measurement on a lipid 

vesicle. The slope of the initial linear part can be fitted in order to obtain the value of the vesicle 

stiffness K. 

Figure S6 



 

Representative AFM images of the probed liposomes (one for each lipid type). On the right, the 

height profiles (black is the slow scan axis while red the fast scan axis) from which it is possible to 

calculate the radius of the adsorbed vesicle (refer to Ridolfi et al. (4) for more details). 

 



Figure S7 

 



Representative SLB images for each of the probed lipids. On the right, the height distributions were 

fitted with Gaussian curves (red curve for the SLB, green curve for the substrate). The distance 

between the two peaks is close to the average thickness values used in the manuscript and reported 

in Table S1.  

  

Table S1:  

Thickness values of the different Supported Lipid Bilayers obtained by fitting a Gaussian distribution 

to the profile of Figure S4. The indicated thicknesses and errors refer to the values of mean and 

standard deviation of the respective distribution. 

Lipid  SLB thickness (nm) 

DOPC 3.429 ± 0.007 

POPC 4.407 ± 0.009 

DPPC 5.584 ± 0.004 

DSPC 5.679 ± 0.009 

  

  

Table S2: 

Curvature radii of the liposomes measured in this study; at least 15 vesicles for each lipid were 

measured via AFM-FS. The curvature radius (Rc) of each vesicle was measured by fitting the profile 

of the adsorbed vesicle, using Gwyddion(2). Mean curvature radii and their standard deviations are 

also reported below.  

DOPC Rc (nm) POPC Rc (nm) DPPC Rc (nm) DSPC Rc (nm) 

Vesicle 1 80.7 Vesicle 1 84.2 Vesicle 1 80.7 Vesicle 1 81.7 

Vesicle 2 84.3 Vesicle 2 115.6 Vesicle 2 105.5 Vesicle 2 58.2 

Vesicle 3 116.8 Vesicle 3 104.2 Vesicle 3 94.7 Vesicle 3 40.8 

Vesicle 4 84.1 Vesicle 4 72.4 Vesicle 4 191.8 Vesicle 4 81.6 

Vesicle 5 78.0 Vesicle 5 19.5 Vesicle 5 156.6 Vesicle 5 36.1 

Vesicle 6 80.3 Vesicle 6 33.2 Vesicle 6 72.8 Vesicle 6 49.4 

Vesicle 7 46.4 Vesicle 7 89.6 Vesicle 7 49.6 Vesicle 7 62.0 

Vesicle 8 102.8 Vesicle 8 52.2 Vesicle 8 68.1 Vesicle 8 44.3 

Vesicle 9 53.3 Vesicle 9 38.5 Vesicle 9 57.3 Vesicle 9 52.1 

Vesicle 10 57.1 Vesicle 10 39.1 Vesicle 10 45.1 Vesicle 10 73.5 

Vesicle 11 76.1 Vesicle 11 49.5 Vesicle 11 30.8 Vesicle 11 54.3 

Vesicle 12 74.4 Vesicle 12 59.9 Vesicle 12 34.9 Vesicle 12 89.4 

Vesicle 13 91.5 Vesicle 13 61.1 Vesicle 13 47.4 Vesicle 13 103.7 



Vesicle 14 76.7 Vesicle 14 37.7 Vesicle 14 51.5 Vesicle 14 81.5 

Vesicle 15 90.6 Vesicle 15 53.3 Vesicle 15 35.5 Vesicle 15 79.0 

Vesicle 16 65.3 Vesicle 16 60.8 Vesicle 16 49.3   

Vesicle 17 67.4 Vesicle 17 65.0 Vesicle 17 62.1   

Vesicle 18 68.5   Vesicle 18 71.8   

Vesicle 19 66.8   Vesicle 19 79.6   

Vesicle 20 77.7   Vesicle 20 39.7   

        

mean (nm) 76.9 mean (nm) 60.9 mean (nm) 71.2 mean (nm) 65.8 

st. dev (nm) 16.4 st. dev (nm) 25.8 st. dev (nm) 40.9 st. dev (nm) 20.0 
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ABSTRACT: The mechanical properties of extracellular vesicles (EVs) are known
to influence their biological function, in terms of, e.g., cellular adhesion, endo/
exocytosis, cellular uptake, and mechanosensing. EVs have a characteristic
nanomechanical response which can be probed via force spectroscopy (FS) and
exploited to single them out from nonvesicular contaminants or to discriminate
between subtypes. However, measuring the nanomechanical characteristics of
individual EVs via FS is a labor-intensive and time-consuming task, usually limiting
this approach to specialists. Herein, we describe a simple atomic force microscopy
based experimental procedure for the simultaneous nanomechanical and
morphological analysis of several hundred individual nanosized EVs within the
hour time scale, using basic AFM equipment and skills and only needing freely
available software for data analysis. This procedure yields a “nanomechanical snapshot” of an EV sample which can be used to
discriminate between subpopulations of vesicular and nonvesicular objects in the same sample and between populations of vesicles
with similar sizes but different mechanical characteristics. We demonstrate the applicability of the proposed approach to EVs
obtained from three very different sources (human colorectal carcinoma cell culture, raw bovine milk, and Ascaris suum nematode
excretions), recovering size and stiffness distributions of individual vesicles in a sample. EV stiffness values measured with our high-
throughput method are in very good quantitative accord with values obtained by FS techniques which measure EVs one at a time.
We show how our procedure can detect EV samples contamination by nonvesicular aggregates and how it can quickly attest the
presence of EVs even in samples for which no established assays and/or commercial kits are available (e.g., Ascaris EVs), thus making
it a valuable tool for the rapid assessment of EV samples during the development of isolation/enrichment protocols by EV
researchers. As a side observation, we show that all measured EVs have a strikingly similar stiffness, further reinforcing the hypothesis
that their mechanical characteristics could have a functional role.

Extracellular vesicles (EVs) are cell-released, submicrom-
eter membranous particles involved in numerous

physiological and pathological functions.1,2 Due to their almost
ubiquitous relevance, they are focalizing the interest of a
rapidly growing, highly multidisciplinary research community
including oncologists, neurologists, bioengineers, parasitolo-
gists, cell biologists, food scientists, and biophysicists.3−9

Because of the diverse biogenesis/release mechanisms of EVs
and their enormous heterogeneity, the EV community is
making a continuous effort to reach a consensus regarding
several fundamental issues, including EV nomenclature.10

The vast majority of experimental research on EVs of any
type starts with their isolation, purification, and enrichment
which are nontrivial endeavors, often needing sample-specific
protocol optimization to limit contamination by nonvesicular
material or excessive EV size polydispersion.11−14 Further-
more, the analysis of EV samples is made difficult by a general
scarcity of established tools for characterizing EVs with highly
varied size, origin, function, membrane lipid/protein compo-

sition, and cargo content.10,15 Some of the most powerful EV
characterization techniques (e.g., cryo-EM) are highly
demanding in terms of costs, time, and expertise. Hence,
there is a need to develop methods for rapid, label-free
assessment of EV samples, which are able to discern between
vesicular and nonvesicular particles in the submicrometer
range and are applicable to EVs isolated from highly diverse
sources. In this context, single-vesicle measurements seem
especially promising.16

One relatively constant feature of EVs isolated from different
sources is their mechanical behavior, which is known to be
influential on cellular adhesion, endo/exocytosis, cellular
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uptake, and mechanosensing.17 EVs have been shown to give a
characteristic mechanical response to an applied load: a highly
linear force/distance elastic deformation regime, which is also
typical of synthetic liposomes but is otherwise very uncommon
in nonvesicular objects.18−21 This characteristic behavior can
be recognized by probing the mechanical response of
individual vesicles deposited on a substrate via atomic force
microscope (AFM)-based force spectroscopy (FS).22 The
linear deformation regime slope reflects the vesicle’s overall
stiffness (kS), i.e., its resistance to deformation, and can be
quantitatively measured via AFM-FS nanoindentation experi-
ments. Specific types of EV were observed to have character-
istic kS values, which can vary in the presence of pathological
processes.21,23 Due to this, it seems reasonable to consider
mechanical response in general, and kS in particular, as the
basis for a method capable of discriminating EVs from
contaminants or even between different types of EVs.
The observed linear mechanical response of vesicles is best

rationalized by the Canham−Helfrich (CH) model,24,25 in
which the overall stiffness kS is the sum of two contributing
factors: membrane rigidity, quantified by its bending modulus
(κ), and luminal pressurization (Π). Wuite and co-workers
recently demonstrated that AFM-FS can be employed to
separately determine the κ and Π values of individual
liposomes,26 that the same approach is applicable to EVs,21

and that it can detect quantitative mechanical behavior
variations linked to biological function.17 This elegant and
powerful AFM-FS approach is however quite labor-intensive,
requiring the experimental determination of kS, tether
elongation force (FT), and curvature radius (RC) for each
individual vesicle. In particular, obtaining clear FT readings
involves the establishment of a single mechanical link between
the vesicle’s membrane and the AFM probe and can be
problematic on EVs with abundant membrane proteins and/or
lipopolysaccharides content. Finally, it is necessary to pool the
readings of at least several tens of individual vesicles to obtain a
reasonably clear picture of an EVs population’s overall
mechanical characteristics. Combined together, these consid-
erations imply that the FS-based strategy mentioned above is
in our opinion the best currently available method to obtain a
quantitative mechanical characterization of individual vesicles
but is also poorly suited to a quick, routine screening of
unknown EV samples mainly aimed at achieving a broad
picture of their size distribution and purity.
We herein propose a method for the rapid nanomechanical

assessment of EV populations based on simple AFM imaging
performed in liquid and successive morphometric analysis
easily performed with freely available software. Following the
procedure detailed in the following sections, it is possible to
define the size and mechanical characteristics of a few hundred
individual vesicles in the hour time scale in ideal experimental
conditions. Although the mechanical readout provided by our
procedure is semiquantitative, it is able to discriminate
between subpopulations of vesicular and nonvesicular objects
deposited on the same substrate and between populations of
vesicles with similar sizes but different mechanical character-
istics. Moreover, we show a calibration procedure that can be
used to estimate the kS of EVs without performing FS
experiments.
As a proof of concept, we demonstrate the applicability of

our method to EV samples isolated from three purposedly very
different natural sources: human colorectal carcinoma
(HCT116) cell culture, raw bovine milk, and the excretory/

secretory products of the parasitic nematode Ascaris suum.
Being so dissimilar, the selected sources must be subjected to
very different isolation/enrichment procedures to obtain EV
samples. Nevertheless, our method is able to assess the
presence of vesicles and/or contaminants in aliquots of each
sample and to yield a distribution of size and nanomechanical
characteristics of hundreds of individual EVs within several
hours. It is worthwhile to add that we were able to quickly
verify the presence of vesicles with the “typical” nano-
mechanical characteristics of EVs in the Ascaris suum samples,
whose characterization is otherwise still challenging, e.g., due
to the current lack of specific protein markers. This suggests
that our method could help the iterative optimization of
isolation/enrichment protocols of other currently uncharac-
terized EVs.

■ EXPERIMENTAL SECTION
Full details about synthetic and natural vesicles preparation,
characterization, and surface immobilization are given in the
Supporting Information (see below).
We refer the reader to the Supporting Information section

also for experimental details on AFM setup, AFM imaging
conditions, and AFM force spectroscopy measurements.

Quantitative AFM Morphometry of Vesicles. The
mechanical characterization of vesicles via quantitative AFM
morphometry was performed as follows. Representative AFM
micrographs (typically 5 × 5 μm, 512 × 512 points) were first
acquired as described above. Since all the following image
analysis steps rely on a correct zero-height baseline assignment,
special care was taken to ensure that the image was devoid of
image flattening artifacts by masking all positive features
appearing on the surface and excluding them from linear
background interpolation. In some cases, it was necessary to
iterate the masking/subtraction procedure several times to
obtain the required background flatness.
Figure S2a exemplifies a correctly processed AFM image of

DPPC liposomes: after background subtraction, height profiles
measured along the diagonals of the whole image (Figure S2b)
are extremely flat, and the average height of empty areas is
zero. Moreover, height profiles measured along the X and Y
axis for individual vesicles are symmetrical and almost
superimposable (Figure S2c), denoting that probe-induced
deformation of vesicles along the fast scan axis is marginal.
Putative vesicles are then singled out from the background

by marking all pixels exceeding a height threshold (Figure
S2a). The employed threshold value was 10 nm in all cases
except for DOPC samples, for which we employed a 5 nm
threshold (for reasons explained below). Objects touching any
edge of the image were automatically excluded from successive
analysis. We then manually excluded objects evidently
corresponding to clusters of two or more adjoining globular
objects or to imaging artifacts such as vesicles that detached
themselves from the surface between successive scan lines,
resulting in nonglobular shapes with sharp drops along the
slow scan axis (Figure S2d). The radius of the largest possible
inscribed disc was then calculated for each object (Figure S2d,
white circles); those with an inscribed circle radius <10 nm
were discarded to exclude spikes and streaks from successive
analysis.
Figure S2e shows a representative AFM image of a single

putative DPPC vesicle. Our morphometrical analysis starts
with the consideration that the shape observed in AFM
micrographs is the combination of the vesicle’s true shape,
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probe convolution, feedback artifacts, and the intrinsic AFM
limitation of not being able to follow the shape of objects with
fractal dimension above 1 along the Z axis.27 Images can be
optimized for minimal feedback artifacts (as discussed above),
and their quantitative analysis can take probe convolution into
account (see Figure S3). The observed AFM morphology is
thus assumed to be a close “pseudo-3D” rendition of the
examined object, resulting from the combination of the
object’s true height values measured along the Z axis and its
projection on the XY plane. According to this, a globular
object’s true maximum surface height HS and projected surface
radius RProj can be quantitatively measured from its AFM
image (Figure S2e): HS is simply its maximum Z value, while
RProj corresponds to its maximum inscribed disc radius
corrected for tip convolution (see Figures S3 and S4).
We then assume that the spheroid shape of a surface-

adhered vesicle can be approximated to that of a spherical
cap28 with a height equal to HS and a projected surface radius
equal to RProj (Figure S2f). The vesicle’s projected radius RProj
is used as the best approximation of its curvature radius (RCap)
if RProj < HS (Figure S2f, left panel) and of its base radius
(ACap) if RProj > HS (Figure S2f, right panel). The
corresponding vesicle−surface contact angle (α, see Figure
S2f) and total membrane area (AS, see Figure 1) can be
obtained via simple trigonometry calculations (see the
Supporting Information). Finally, we estimate the vesicle’s
size in solution by assuming that even if its shape (originally
spherical) was distorted upon interaction with the surface, its
membrane underwent negligible stretching,29 thus allowing us
to calculate the diameter of a sphere of area AL equal to the AS
value recovered from AFM imaging (Figure 1).

■ RESULTS AND DISCUSSION
Nanomechanical Screening of Vesicles via AFM

Imaging. The rationale for our mechanical screening
methodology is schematized in Figure 1. In the absence of
external perturbations, the average shape of a vesicle in
solution is spherical (Figure 1a) and can be geometrically

characterized in terms of its diameter (DL) and total surface
area (AL). Most, if not all, EVs have a negative surface
charge30−32 and can adhere to positively charged surfaces by
electrostatic interactions exerting an attractive force between
its membrane and the substrate.28 Upon interaction, adhesion
forces deform the initially spherical vesicle into an increasingly
oblate shape. This deformation is opposed by both membrane
rigidity and luminal pressurization, which jointly contribute to
the vesicle’s observed stiffness (Figure 1b). The extent to
which a surface-adhered vesicle is deformed at equilibrium is
thus a function of its stiffness, with higher kS values resulting in
smaller geometrical distortions and softer vesicles assuming
more oblate shapes.33 The vesicle−surface contact angle (α)
can be employed as a size-independent quantitative descriptor
of the adhered vesicle’s deformation (Figure 1c).
With the opportune precautions (see the Supporting

Information), simple AFM imaging in liquid can be used to
determine the unperturbed equilibrium geometry of EVs
deposited on a substrate in terms of their height HS and
surface-projected radius RProj (Figure 1c). These values can be
used to calculate each vesicle’s contact angle α and (assuming
membrane area conservation during deformation) its original
solution diameter DL.
It is worthwhile to note that the membrane area

conservation assumption26,34 we use is just a useful
simplification of the complex interplay of phenomena
occurring when a vesicle electrostatically adheres to a surface;
an alternative approach reported in the literature is to instead
assume volume conservation.35−38 Although theoretically
incompatible, both approaches yielded accurate vesicular size
characterization in different AFM-based studies.17,39 We chose
the area conservation assumption on the basis of the fact that
in our hands it yielded the best accord between AFM
morphometry and other vesicle sizing techniques (see below);
most importantly, analyzing our data assuming volume
conservation would imply hypothesizing that, upon surface
adhesion, vesicles were able to stretch their surface area by very

Figure 1. Schematic depiction of the surface adhesion process of a vesicle. (a) In liquid, the vesicle’s average shape is a sphere with diameter DL
(“diameter in liquid”) and corresponding total membrane area AL (“area in liquid”). All vesicles utilized in this study have a negative ζ-potential in
ultrapure water and are thus electrostatically attracted to substrates coated with poly-L-lysine. (b) When the vesicle first contacts the substrate,
adhesive forces tend to maximize surface/membrane contact, causing the deformation of its previously spherical shape into an increasingly oblate
spheroid. Membrane stretching is assumed to be negligible throughout the whole process, and thus the total membrane area of the vesicle on the
surface (AS) is equal to AL (see panel a). The vesicle resists deformation to a degree quantified by its membrane bending modulus κ and internal
pressurization Π, which jointly contribute to overall stiffness (kS). (c) The equilibrium geometry of the adsorbed vesicle is thus a function of its
stiffness kS (see panel b) and can be quantified in terms of height HS and projected radius RProj. These two values can be used to calculate the
vesicle’s contact angle α, which describes the entity of its oblate deformation independently from its size; α will be >90° when HS > RProj (top) and
<90° in the opposite case (bottom). Comparatively stiffer vesicles will experience smaller deformations and will thus have larger measured α (top)
than softer ones (bottom).
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large amounts (up to ∼250%) without rupturing, which we
rejected as unphysical.
It is also important to note that CH theory assumes κ to be

an intrinsic property of vesicles formed by the same type of
membrane, while kS is expected to vary with vesicle size.40

However, we hypothesize that kS variations observed within
populations of vesicles of the same type will be relatively small
in the relatively narrow size distribution most relevant to EV
research (30−500 nm in diameter). If this is true, populations
of compositionally similar vesicles should show a limited
dispersion of α values across different vesicle sizes, possibly
small enough to resolve their distributions.
Vesicles of the Same Type Have a Characteristic

Average Contact Angle Value. To verify the above
hypothesis on the simplest possible vesicular objects, we first
prepared solutions of synthetic liposomes having a negative ζ-
potential (DOPC, POPC, DPPC, and DSPC) in ultrapure
water, deposited them on PLL-coated substrates, captured
their adhered morphology with in-liquid AFM imaging, and
then calculated α and DL values for several hundreds of
individual vesicles. For each type of liposome, we plotted the
calculated values of all individual vesicles as points on α versus
DL graphs (Figure 2a−d). The α values of DOPC and POPC
vesicles seem to be weakly negatively correlated with their size,
while DPPC and DSPC plots suggest the opposite trend. It is
interesting to note that in all cases, most of the deviation from
a horizontal, flat distribution occurs in smaller (DL < 50 nm)
vesicles, while larger ones seem to converge toward an average
α value. Despite these deviations, all the examined liposome
types show a relatively narrow global distribution of contact
angle values at all observed diameters DL, suggesting that the
adhesion geometry of a population of vesicles with identical
composition can be broadly summarized by their average α
value (Figure 2e).
The Contact Angle of Adhered Vesicles Is Linked to

Their Stiffness. Liposomes in the chosen series (DOPC,
POPC, DPPC, and DSPC) have increasing κ values,41−43

which in the absence of osmotic imbalances across the
membrane result in a correspondingly increasing kS trend.
We first verified this assumption via AFM-FS experiments,

measuring an increasing trend of κ in the range of 9−20 kBT
and a correspondingly increasing trend of kS values in the 10−
40 mN/m range for the POPC-DPPC-DSPC series, in

accordance with previously reported values obtained with
this technique.26,40 We then compared these measurements to
the image analysis results described above; Figure 2e shows a
comparison of the contact angle distributions for each type of
liposome. All α value distributions are roughly symmetrical
around a median value, which is different for each liposome
and increases along the series. As hypothesized, stiffer vesicles
become less oblate than softer ones upon adhesion, and their α
values are on average correspondingly larger. All distributions
plotted in Figure 2e are significantly different (t tests, all pairs,
P ≤ 0.0001). This suggests that comparing the distribution of
contact angles observed via AFM imaging enables the
mechanical differentiation of vesicular samples having similar
size distributions.
Data reported in Figure 2 also suggest that the chosen

liposome series spans over the entire range of practically
measurable α values.
DOPC is the softest liposome we could successfully deposit

on the employed PLL-functionalized substrates. The size
distribution of intact DOPC vesicles on the surface (Figure 2a)
is significantly lower than those of the other three liposomes,
while it was measured to be similar to that of the POPC
sample in solution (see Figure S5), suggesting that larger
DOPC vesicles were either ruptured by adhesion forces or
were so compliant as to be mistaken for punctured vesicles and
not included in successive analysis. Moreover, even clearly
intact vesicles were extremely oblate in shape, with very low HS
values. This made it necessary to lower the height threshold
used to detect features during image analysis (see materials and
methods). The threshold cannot of course be lowered
indefinitely due to intrinsic roughness and instrumental
noise; in practice, this sets ∼30° as the lowest reliably
measurable α values on soft vesicular objects. At the opposite
end of the range, DPPC and DSPC α distributions are
substantially overlapping, even if their reported κ values are
quite different.44,45 This could be explained by the fact that
very stiff vesicles, only experiencing limited deformation upon
interaction with the substrate, might have an insufficient
contact area to provide stable adhesion, and due to this, they
might detach from the surface more readily than softer vesicles
when probed by the AFM tip. We indeed observed a high
proportion of detachment artifacts (vesicles suddenly “dis-
appearing” in successive scan lines) in DSPC samples.

Figure 2. (a−d) Representative AFM images (top) and contact angle vs equivalent diameter scatterplots (bottom) of (a) DOPC, (b) POPC, (c)
DPPC, and (d) DSPC liposomes. All scale bars are 1 μm. (e) Box plot comparison of liposome contact angle distributions. Gray boxes extend
between the first (bottom edge) and third (top edge) quartile values, with black lines indicating median values. Whiskers correspond to the lowest
(bottom) and highest (top) value found within the distribution. t tests performed on all pairs of distributions give p-values ≤0.0001.
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Therefore, the α distribution of DSPC is probably biased
toward lower values due to the difficulty of measuring stiffer
(and weakly anchored) vesicles.
Taken together, the above considerations seem to imply that

negatively charged vesicles having a stiffness between those of
DOPC and DSPC should have a practically measurable α
range of 30−140° when deposited on PLL-functionalized
substrate and that their average α value should be a function of
their kS.
Measuring the Contact Angle of Natural EVs. The

same procedure can be applied to samples containing natural
vesicles. As reported by Vorselen et al.,21 the mechanical
behavior of EVs qualitatively follows that of synthetic
liposomes of similar size, even in the presence of molecular
cargo and integral membrane proteins. Due to this, we expect
samples containing a population of EVs with small size and
compositional variance to have a correspondingly small α
dispersion.
We first tested the above hypothesis applying the same

procedure used for liposomes on a commercially available
“exosome standard” containing EVs isolated from HCT116
cell culture (see materials and methods). As expected, the
resulting α versus DL plot (Figure 3a) shows all vesicles falling
in a relatively narrow range of α values regardless of their size,
resulting in a horizontally elongated cluster which is indicative
of vesicle-like mechanical behavior. We then repeated the
analysis on natural EV samples isolated from bovine milk
(Figure 3b) and from the parasitic nematode Ascaris suum
excretory/secretory products (Figure 3c). In both cases, EVs
cluster around a characteristic α value at all sizes, confirming
that the purely vesicular nature of the examined samples can be
mechanically assessed as previously described for liposomes.
Interestingly, the α values of all examined natural EVs seem

to fall in a relatively narrow range, which corresponds to kS
values between those of POPC and DPPC liposomes: α = 83°

± 8° for HCT116 EVs, 87° ± 7° for bovine milk EVs, and 81°
± 10° for Ascaris EVs. This observation is compatible with the
fact that different natural vesicles can show strikingly similar
mechanical properties.17 By combining typical EV size
constraints (diameter ∼40−300 nm) with observed typical
EV α values (60°−100°) it is thus possible to draw the
boundaries of an area in α vs DL plot (Figure 4) which could
be linked to the presence of “typical” EVs in a sample.

Contact Angle Values Can Be Used to Discriminate
between EVs and Impurities. Importantly, EV-enriched
samples from natural sources can contain nonvesicular
contaminants which could silently bias ensemble-averaged,
routine characterization techniques such as, e.g., dynamic light
scattering, ζ-potential, quartz crystal microbalance, flow
cytometry, and Western blot. Some types of contaminants,
having a markedly different morphology from EVs (e.g.,
membrane patches, fibrils, pili, flagella), can be discerned from
EVs by appropriate microscopy techniques, including AFM.
However, a purely qualitative visual inspection approach could
mistakenly identify as EVs any spurious object having the
expected size distribution and a generally spherical shape (e.g.,
nanosized crystals, protein aggregates, polymer particles).
We propose that plotting α versus DL distributions of an EV

sample can help in assessing its purity. As discussed above, the
α/DL plot of a sample only containing compositionally similar
EVs will give a horizontally elongated cluster of points
characterized by an average α value. Deviations from this
general behavior can be thus taken as indicative of the presence
of nonvesicular contaminants.
To test the above hypothesis, we applied our purely

morphometric analysis on an EV sample previously recognized
as contaminated. Figure 3d shows the α/size plot of a
contaminated Ascaris suum EV sample tested with a
mycoplasma kit and found positive. The resulting “L-shaped”
distribution differs significantly from a corresponding Ascaris

Figure 3. Representative AFM images (top row) and contact angle vs equivalent diameter scatterplots (bottom) of natural EV samples enriched
from different sources. (a) EVs purified from HCT116 cell culture. (b) EVs purified from bovine milk. (c) EVs purified from Ascaris suum ES
fractions. (d) Mycoplasma-contaminated Ascaris suum EVs. All purified EV samples show a relatively small dispersion of contact angles around the
same average value at all sizes, resulting in horizontally elongated clusters with very weak or absent correlation between α and DL. Nonvesicular
contaminants (red arrow in panel d) do not follow this behavior and appear as an additional cluster with large contact angle variations. Ascaris EVs
in both purified and contaminated samples appear in the same zone of the plot (panels b and c, dashed ovals).
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EV sample tested negative for mycoplasma and bacteria growth
(Figure 3c). Besides the expected horizontal band of points
with a narrow distribution of α values (which is indicative of
vesicles), an additional vertical cluster of objects with a very
broad contact angle distribution is present at DL ∼ 40 nm. This
vertical cluster of points corresponds to globular objects which
were included in the morphological analysis because they
could not be excluded by qualitative visual inspection alone,
but which are mechanically not behaving as a single type of
vesicle, thus reflecting nonvesicular contaminants in the
sample. The average α value and size distributions of the
horizontal clusters of Figures 3c and 3d are comparable (red
dashed ovals), confirming that the two samples contain the
same type of EVs. Our AFM approach can thus distinguish
EVs from contaminants on the basis of their mechanical
behavior and determine their respective size distributions,
facilitating their characterization and successive separation.
AFM intermittent contact phase imaging or similar

techniques could in principle be used to directly discriminate
between globular objects with similar morphology but different
physicochemical characteristics. However, we foresee that the
results of these analyses would prove extremely prone to
variations due to the specific AFM apparatus employed, and
the results quite difficult to generalize. In our hands, the same
peakforce images that allowed discriminating between EVs and

contaminants using our purely morphological analysis did not
provide sufficient contrast in the in-phase and quadrature
channels to directly differentiate them.

Quantitative Estimation of EV Stiffness from AFM
Images. To compare the results of our AFM imaging-based
screening with more rigorous, FS-based nanomechanical
characterization, we performed AFM-FS experiments (see
Figure S1) on a series of increasingly stiffer synthetic liposomes
(POPC; POPC:DPPC 1:1 mixture; DPPC; DSPC) deposited
on PLL-functionalized substrates, obtaining distributions of
their kS values. We then plotted their average α versus average
kS (Figure 5), evidencing a strongly linear correlation (R2 =

0.97). This suggests that it is possible to quantitatively estimate
kS directly from AFM imaging experiments performed on the
same substrate used for a calibration line similar to Figure 5.
It is worthwhile to note that it was impossible for us to

perform the full AFM-FS characterization (in terms of kS, κ,
and Π) on some of the samples. In particular, we did not
observe measurable linear deformation regimes in any of the
DOPC nanoindentation curves, making it impossible to
measure its kS via FS. Moreover, we could not measure FT
on Ascaris and milk EVs since the vast majority of retraction
curves showed complex unfolding/detachment behaviors
rather than clean tether elongation plateaus (see Figure S1).
Nevertheless, we could easily obtain α/size plots for both
samples and then estimate their expected stiffness values via
extrapolation or interpolation of the linear fit shown in Figure
5.
Extrapolating the expected kS of DOPC from its average α

yields a nonphysical (negative) value. We interpreted this as a
sign of a very low kS value. Interestingly, individual approach/
retraction cycles performed on intact DOPC vesicles often
show clear tether elongation plateaus on the retraction curve at

Figure 4. (a) General scheme of a contact angle vs equivalent
diameter plot. The area highlighted in gray delimits values
corresponding to typical mechanical behavior and size distribution
of EVs deposited on a PLL substrate in ultrapure water. Individual
EVs from natural sources are plotted together as blue (HCT116 cell
EVs), green (milk EVs), and red (Ascaris EVs) circles. (b) Box plot
comparison of EVs contact angle distributions. Boxes extend between
the first (bottom edge) and third (top edge) quartile values, with
black lines indicating median values. Whiskers correspond to the
lowest (bottom) and highest (top) value found within the
distribution. EVs from all three examined sources show a very similar
stiffness.

Figure 5. Quantitative correlation between average contact angle (α,
measured via AFM imaging) and average stiffness (kS, measured via
AFM-FS) of vesicles deposited on PLL-functionalized glass. Black
points correspond to the series of four synthetic liposomes which was
used to quantify the α vs kS dependency, showing a strong linear
correlation (dashed gray line, R2 = 0.97). Red points correspond to
data not included in the linear fit (DOPC and natural EVs). All error
bars represent the uncertainties obtained by bootstrapping (1000
repetitions of 5 draws, with replacement). DOPC was plotted at a kS
value of zero (see main text). The kS of Ascaris and milk EVs (as
measured via AFM-FS) is practically coincident with the value
obtained by interpolating their average α on the liposome series fit
and in both cases compatible with kS values previously reported for
other EVs from natural sources.
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a specific FT but no linear indentation slope on the
corresponding approach curve. This suggests that the low kS
of DOPC results in very shallow indentation “slopes” which
cannot be distinguished from instrumental noise. Interestingly,
if we place DOPC in the α vs kS plot (Figure 5) by assigning it
a kS value equal to 0 and then include it in the linear
calibration, the correlation remains highly linear (R2 = 0.98),
further reinforcing the observation that α and kS are strongly
interdependent across a wide range of values.
We then performed the same α-based kS extrapolation on

Ascaris EVs, resulting in an expected stiffness value of 21 ± 4
mN/m. In this case, however, it was also possible to check
extrapolation validity by directly measuring kS via AFM-FS; the
experimentally determined stiffness of 20 ± 5 mN/m coincides
with the extrapolated value and is intriguingly similar to
previous kS measurements performed on other types of natural
vesicles.21,40 Ascaris EVs’ experimental point in Figure 5,
plotted at their average α (from image analysis) and kS (from
FS), is intercepted by the linear fit calculated on synthetic
liposomes. The same experimental procedure was then
replicated on milk EVs, obtaining strikingly similar results
(kS = 20 ± 7 mN/m, see Figure 5). Taken together, these
observations suggest that the same strong correlation between
α and kS observed in liposomes is also valid for EVs and that it
is thus possible to obtain a quantitative estimate of their
stiffness directly from AFM image analysis, without resorting to
more time-consuming FS studies. According to this reasoning,
the “most typical” natural EV α value of 80° (Figure 4)
corresponds to a kS value of ∼20 mN/m.
Conclusion and Perspectives. We have herein described

an AFM-based experimental strategy for the nanomechanical
and morphological screening of nanosized vesicles. By the
application of a set of simple experimental precautions and
image analysis steps to AFM scans performed in liquid, the
proposed procedure makes it possible to discriminate between
vesicular and nonvesicular objects in a sample. Furthermore, it
allows quantitative size and stiffness estimates for each
observed vesicle. Although unable to reach the level of detail
afforded by FS-based mechanical assessment methods21,26

previously employed on EVs, the approach proposed here has
the advantages of being considerably faster and easier to
perform and of having limited instrumental requirements. Our
results also suggest that our approach remains applicable in
cases where FS-based approaches might fail.
When studied with our methodology, EVs isolated from

three very different natural sources showed a similar stiffness,
which is strikingly close to those previously measured on EVs
from other sources.17,21 This supports the hypothesis that the
mechanical characteristics of EVs might be generally tuned for
optimal diffusion velocity and deformability.46,47 Given the
wide spectrum of functions performed by EVs, ranging from
cell homeostasis regulation to environmental stress-dependent
signaling to extracellular matrix remodeling, the above
hypothesis, if confirmed, would prove rather puzzling. We
cannot of course exclude that EVs isolated from other sources
might have more pronounced mechanical differences than
those analyzed in our study, which would facilitate their
mechanical differentiation.
Being based on the quantitative measurement of contact

angles of vesicles adhered to a surface, our method could be
extended to other substrates in addition to the PLL-
functionalized glass slides employed in this study. This could
be functional in modulating surface/vesicle adhesion forces,

thus making it possible to better explore vesicles softer than
DOPC or stiffer than DSPC by bringing them into the
measurable α range or by extending it to the study of positively
charged artificial vesicles. Its ability to quickly give a
quantitative readout of the interaction between a vesicular
object and a nanoengineered surface could be a valid support
in developing more quantitative and more reproducible
bionanomaterial research studies focusing on or involving the
bionanointerface.48

Lastly, the geometrical parameters HS and RProj can be also
used to calculate the volume of each individual adsorbed
vesicle in an AFM image. Similarly to how α is linked to kS, any
measured loss of volume induced by surface adhesion may be
linked to Π; it might be thus possible to estimate lumen
pressurization without resorting to complex FS experiments.
We plan to explore this possibility in forthcoming studies.
In summary, we described a simple AFM-based character-

ization strategy that can be implemented for the nano-
mechanical and morphological screening of samples enriched
in nanosized EVs. We showed that this method can be used to
discriminate between EVs and non-EV contaminants and that
it enables the high-throughput quantitative nanomechanical
measurement of individual EVs, offering a simple way to
implement a multiparametric characterization of EVs with
nanomechanical information.
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Experimental details, materials and methods 

 

Liposomes Preparation and Characterization 

 

Different lipids with PC polar headgroup (DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine), POPC (1-

palmitoyl-2-oleoyl-glycero-3-phosphocholine), DPPC (1,2-dipalmitoyl-sn-glycero-3-phosphocholine), DSPC 

(1,2-1,2-distearoyl-sn-glycero-3-phosphocholine)) were purchased from Sigma Aldrich (St. Louis, MO, USA); 

lipid dry powders were dispersed in defined amounts of chloroform, to prepare stock solutions. Lipid films 

were obtained by evaporating appropriate amounts of lipid stock solutions in chloroform under a stream of 

nitrogen, followed by overnight drying under vacuum. The films were swollen by suspension in warm (50 °C) 

milliQ water to a final lipid concentration of 4 mg/mL, followed by vigorous vortex mixing. The dispersions 

were then tip-sonicated for 15min to obtain a dispersion of unilamellar lipid vesicles. The size distribution 

and Zeta Potential of the vesicles was determined through Dynamic Light Scattering and Zeta Potential 

measurements, respectively (see Figure S5). 

 

Natural Vesicles Isolation and Purification 

 

EVs from Human Colorectal Carcinoma cell line HCT116 were obtained from HansaBioMed Life Sciences 

Ltd. (Cat. HBM-HCT-30/2); EVs from other natural sources were enriched as described below. All EV data 

were acquired and reported following MISEV 2018 and MIRABEL international guidelines [Faria 2018;  Thery 

2018]. Relevant data were also submitted to the EV-TRACK [Van Deun 2017] knowledge base (EV-TRACK ID: 

EV190077). 

 

EVs from bovine milk 

 

Raw milk (100 ml) was collected from the cooled tank from a local dairy farm (Tolakker, Utrecht, The 

Netherlands), transferred to 50 ml polypropylene tubes and centrifuged for 10 minutes at 22°C at 3000 xg 

(Beckman Coulter Allegra X-12R, Fullerton, CA, USA). After removal of the cream layer, the milk supernatant 

was harvested without disturbing the pellet and transferred to new tubes. A second centrifugation step at 

3000 xg followed, after which the milk supernatant was collected and stored at -80°C until further 

processing. Thawed milk supernatant (80 ml) was transferred to polyallomer SW40 tubes (Beckman Coulter) 

and centrifuged at 5000 xg for 30 minutes at 4°C and subsequently at 10000 xg (Beckman Coulter Optima L-

90K with a SW40Ti rotor). For the precipitation of caseins, the milk supernatant was acidified to pH 4.6 by 

adding Hydrochloric acid (HCl, 1M) while stirring. Caseins were pelleted by centrifugation at 360 xg 

(Beckman Coulter Allegra X-12R) after which casein-free milk supernatant was collected. Next, 6.5 ml of the 

milk 10000 xg supernatant was loaded on top of a 60% – 10% Optiprep gradient (OptiprepTM, Progen 

Biotechnik GmbH, Heidelberg, Germany) made in a SW40 tube. Gradients were ultracentrifuged at 197000 

xg (Beckman Coulter Optima L-90K with a SW40Ti rotor) for 15-18 h. After centrifugation, fractions of 500 µl 

were harvested and densities were measured in order to identify the EV-containing fractions with 1.06-1.19 

g/ml, which were pooled. Optiprep was exchanged for PBS by using size exclusion chromatography on the 

EV-containing fractions pooled in a 20 ml column (Bio-Rad Laboratories, Hercules, CA, USA) packed with 15 

ml Sephadex g100 (Sigma-Aldrich, St. Louis, MO, USA).  Fractions of 1 ml with eluted from the column by 

washing with PBS (GibcoTM, Invitrogen, Carlsbad, CA, USA). Eluates 3 to 9 were pooled as these contained 

EVs and samples were stored at -80°C until use.  
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EVs from Ascaris suum 

 

Live adult Ascaris suum nematodes were obtained from pigs slaughtered at the Danish Crown abattoir in 

Herning, Denmark. Five worms, two males and three females,  were put in a T175 flask and washed in 175 

ml RPMI-1640 with 1X Antibiotic-Antimycotic (Thermo Fisher Scientific; Cat.: 15240062) and 1 µg/ml 

ciprofloxacin (Sigma; Cat.: 17850) (RPMI-Anti/Anti) in a total of four cycles of 15 minutes followed by three 

cycles of one hour of incubation at 37 °C. After washing, the worms were incubated in 175 ml RPMI-

Anti/Anti for 72h in a 5% CO2 incubator at 37 °C. The media containing excretory/secretory (ES) products 

from the worms was exchanged and collected every 24 hours. The collected ES products were stored at -80 

°C. ES products from all three days were thawed at 4 °C and pooled to be concentrated 720 times with 

Amicon® Ultra-15 Centrifugal Filter Unit 10 kDa cut-off (Merck; Cat.: UFC901024). The concentrate was used 

for EV separation. 

To separate EVs, two different methods were used: ultracentrifugation (UC) and size exclusion 

chromatography (SEC). Ultracentrifugation procedure: 500 µl of the concentrated ES products were 

transferred to polycarbonate ultracentrifuge tubes with cap assembly (Beckman Coulter; Cat.: 355603) and 

diluted with PBS 1X to a final volume of 10 ml. Total volume was centrifuged at 10000 xg for 30 minutes at 

4°C at 10000 xg for 30 minutes at 4 °C (Beckman Coulter Optima L-80 XP Ultracentrifuge, TI 50 rotor kept at 

4°). Supernatant (approx. 10 ml) was transferred to a new polycarbonate ultracentrifuge tube and 

centrifuged at 100000 xg for 70 minutes at 4°C (Beckman Coulter Optima L-80 XP Ultracentrifuge, TI 50 

rotor kept at 4°C). The pellet was then dissolved in 10 ml of PBS 1X and re-centrifuged at 100000 xg for 70 

minutes at 4°C. Final pellet was resuspended in 2 ml PBS 1X, transferred to an Eppendorf tube and stored at 

-80°C. SEC procedure: EVs were separated using qEVoriginal/70 nm columns from iZON (iZON Science Ltd; 

Cat.: SP1) according to manufacturing instructions using PBS 1X as buffer. Twenty-four fractions of 500 µl 

were collected. The fractions 7-10 were pooled as EV-containing fraction and stored at -80°C. 

 

EV characterization 

 

EV preparations from bovine milk and Ascaris suum were characterized for purity from protein 

contaminants and titrated by Colorimetric Nanoplasmonic Assay (CONAN) assay (Supplementary Table ST1). 

EV size distribution was in addition determined by Nanoparticle Tracking Analysis (NTA) for samples from 

Ascaris suum E/S (Supplementary Figures S6-S8). Protein composition was analyzed by Western blot. It is to 

note that the biochemical characterization can be performed only on bovine milk derived EVs, since no 

specific protein markers have been identified for Ascaris suum samples so far. The presence of EV-

associated markers, and non-EV markers is presented in Supplementary Figure S9. Characterization protocol 

details and results are reported below. 

 

Surface Preparation and Sample Deposition 

 

All AFM experiments were performed on poly-L-lysine (PLL) coated glass coverslips. All reagents were 

acquired from Sigma-Aldrich Inc (www.sigmaaldrich.com) unless otherwise stated. Microscopy glass slides 

(15mm diameter round coverslips, Menzel Gläser) were cleaned in a sonicator bath (Elmasonic Elma S30H) 

for 30 minutes in acetone, followed by 30 minutes in isopropanol and 30 minutes in ultrapure water 

(Millipore Simplicity UV). Clean slides were incubated overnight in a 0.0001% (w/v) PLL solution at room 
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temperature, thoroughly rinsed with ultrapure water and dried with nitrogen. The water contact angle (1μl 

droplets at ~25°C, measured with a GBX DigiDrop goniometer) of slides was 26°±1° prior to functionalization 

and 20°±2° after PLL deposition. 

A 10 μl-droplet of the vesicle-containing solution under study was deposited on a PLL-functionalized glass 

slide and left to adsorb for 10 minutes at 4°C, then inserted in the AFM fluid cell (see below) without 

further rinsing. The concentration of each vesicle-containing solution was adjusted by trial and error in 

successive depositions in order to maximize the surface density of isolated, individual vesicles and minimize 

clusters of adjoining vesicles. 

 

AFM setup 

 

All AFM experiments were performed in ultrapure water at room temperature on a Bruker Multimode8 
(equipped with Nanoscope V electronics, a sealed fluid cell and a type JV piezoelectric scanner) using Bruker 
SNL-A probes (triangular cantilever, nominal tip curvature radius 2-12 nm, nominal elastic constant 0.35 
N/m) calibrated with the thermal noise method [Hutter 1993].  

 

AFM Imaging 

 

Imaging was performed in PeakForce mode. In order to minimize vesicle deformation or rupture upon 

interaction with the probe, the applied force setpoint was kept in the 150-250 pN range. Lateral probe 

velocity was not allowed to exceed 5μm/s. Feedback gain was set at higher values than those usually 

employed for optimal image quality in order to ensure minimal probe-induced vesicle deformation upon 

lateral contact along the fast scan axis. 

This type of parameter optimization resulted in images with comparatively high noise levels in the empty 

areas of the surface (≤20nm peak to peak), but in which the height profiles of individual vesicles measured 

along both the slow and the fast scan axis could be fitted extremely well with circular arcs (Figure S1c). The 

average height value of all bare substrate zones was taken as the baseline zero height reference. 

Image background subtraction was performed using Gwyddion 2.53 [Necas 2012]. Image analysis was 

performed with a combination of Gwyddion and custom Python scripts, but it can be easily carried out 

manually by only using functions included in Gwyddion and a spreadsheet. 

 

AFM force spectroscopy 

 

The mechanical characterization of vesicles via AFM force spectroscopy was performed following the 

approach recently described in [Vorselen 2017]. The sample was first scanned (see previous paragraph) to 

locate individual vesicles (Figure S1a). The chosen vesicle was then imaged (Figure S1b) at higher resolution 

(~500x500 nm scan, 512x512 points); its height profile along the slow scan axis was fitted with a circular arc 

only taking into account values 10nm above the bare substrate (typical fit R2 ≥ 0.95). This procedure yielded, 

for each vesicle, an apparent fitted curvature radius RC and a vesicle height value HS (Figure S1c), which 

were corrected as described elsewhere [Vorselen 2017].  

In principle, it would be sufficient to record the force/distance plot of just one approach/retraction cycle 

for each vesicle measured at its highest point, while avoiding membrane puncturing. In our hands however, 

this was practically impossible due to intrinsic piezo inaccuracy and drift, which imply a certain degree of 
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uncertainty on both the XY position at which the force curve is performed relative to the original image, and 

on the maximum applied force. 

To overcome this limitation, we recorded a series of force/distance curves at multiple XY positions 

(typically around 64-100 curves arranged in a square array covering the vesicle initial location Figure S1b, 

green crosses) for each individual vesicle. In most cases, only a few curves showed the full mechanical 

fingerprint of an intact vesicle on both the approach and retraction cycles (Figure S1d), showing a linear 

deformation upon applied pressure and a tether elongation plateau during probe retraction. Of these, we 

first discarded those with probe-vesicle contact points (PC) occurring at probe-surface distances below 

vesicle height as measured by imaging (PC < HS, see previous paragraph). We then discarded traces in which 

the tether elongation plateau occurring during probe retraction did not extend beyond initial contact point. 

However, we relaxed this requirement for those natural vesicle samples on which obtaining clean tether 

plateaus was nearly impossible (see results and discussion section). 

Remaining traces (typically 1-3 per vesicle) were analyzed to calculate vesicle stiffness (kS) and tether 

elongation force (FT). Multiple valid curves referring to the same vesicle resulted in very narrow 

distributions of both kS and FT (with average measured values taken as representative for each vesicle), 

while different vesicles of the same type showed much larger variations (see below). Membrane bending 

modulus (κ) and internal pressurization (Π) values were then calculated for each individual vesicle using its 

RC, kS and FT values as described in [Vorselen 2017].  
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Trigonometry calculations 

 

The contact angle value α is always calculated from HS and RCap as follows: 

(1)                            

HS is directly obtained from AFM images; RCap and AS are calculated from HS and RProj as follows: 

(2) If        >    ,               ;       
  

       
 

   
  ;            

    
   

 

(3) If        <   ,               ;                    

Finally, the vesicle’s diameter in solution DL, assuming      , is 

(4)      
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Supporting Figure S1 

 

 
 

Mechanical characterization of individual vesicles by AFM force spectroscopy was performed following the 

approach recently suggested by Vorselen et al. [ref Vorselen 2017 in main text]. (a): As a first step, larger 

areas (scalebar 1µm) were scanned to locate individual isolated vesicles (in this case, a POPC vesicle). (b): 

The selected vesicle was then imaged at higher resolution (~500x500 nm scan, 512x512 points) to 

accurately characterize its morphology and to perform force spectroscopy approach/retraction cycles. To 

avoid intrinsic drifting problems of the piezo and also to gain a more robust estimate of the overall 

response of the vesicle, multiple indentations were performed following the points on a grid (green 

crosses) drawn on the vesicle and its surroundings. (c): The height profile along the slow scan axis is fitted 

with a circle to obtain the curvature radius   
   

 which is then corrected for tip convolution (see Figure S2) 
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and used in the normalization of the values of stiffness and internal pressure. Vesicle height HS is also 

measured. (d): Typical force/distance curves recorded during approach and retraction FS cycles performed 

on a single vesicular object. In the approach (blue) curve, applied force remains zero until the tip first 

touches the vesicle at Contact Point PC, then increases during vesicle indentation. All the curves that 

showed interactions at Distance values lower than the height HS observed in the previous imaging step 

were discarded. According to CHM theory [main text refs Canham 1970; Helfrich 1973], the initial 

mechanical response of the vesicle to indentation is elastic and linear; the application of a linear fit to this 

portion of the curve yields the stiffness kS of the vesicle. The red trace describes the retraction of the tip 

from the sample and is characterized by the formation of a membrane tether that is pulled by the tip 

beyond the initial contact point ending with a sharp return to the initial zero force value. The force value 

measured before this rapid variation is the tether elongation force FT. All the retraction curves that did not 

resemble the event of tether formation described by the red trace were not considered in the analysis. 

Obtaining force curves unambiguously showing tether elongations is one of the main issues for the 

successful application of this FS method to EVs. As exemplified by the green trace, in most retraction traces 

following the indentation of an EV the presence of abundant membrane proteins and/or peptidoglycans 

causes the appearance of multiple unfolding/detachment/rupture events (absent in synthetic liposomes) 

which often avoid the formation and/or identification of single membrane tethers. 
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Supporting Figure S2 

 
AFM imaging and morphometry analysis. (a): representative AFM micrograph of a DPPC liposome sample 

deposited on a PLL-functionalized substrate. Scalebar = 1μm. Correct background subtraction is crucial to 

successive image analysis steps (see materials and methods) and is first checked by plotting height profiles 

measured along the two diagonals of the whole image (b): after proper flattening, diagonal profiles must 

show a flat baseline centered at height=0 with positive features. To minimize probe-induced vesicle 

deformation, imaging should be preferentially performed at low applied load (<250 pN) and high feedback 

gain (see main text, materials and methods). (c): Profiles of putative vesicles measured along fast and slow 
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scan axes (panel a, white lines) should be roughly symmetrical and superimposable, indicating minimal 

mechanical perturbation due to scanning. Circular arcs are typically able to fit to random profiles of vesicles 

with an R2 ≥ 0.99 when discarding the substrate-proximal region (see below). (a,b,c): based on the observed 

signal/noise ratio, an height threshold (green mask in panel a, dashed line in panels b and c) is utilized to 

separate features subjected to successive analysis steps from the background. A threshold of 10 nm was 

used in most cases. (d): If present, manifestly non-globular impurities or imaging artifacts are manually 

excluded from the analysis. Mutually- or edge-touching globular objects are also discarded. For each 

remaining globule (green mask), the largest inscribable disc is then plotted (white circles), discarding 

objects having inscribed disc radii below 10 nm. (e): Each remaining object is considered a putative vesicle, 

and its morphology is parametrized with two quantities measured from its AFM image: the corrected (see 

Figure S2) radius RProj of the largest possible disc (white circle) inscribed within the boundary delimited by 

the height threshold (green dashed line), and the highest Z value occurring within it, HS. Scalebar is 75 nm. 

(f): Geometrical approximation of the spheroid shape of a surface-adhered vesicle with a spherical cap 

having height HS, surface radius ACap and spherical radius RCap. While HS is always directly measured on the 

AFM image (see panel e), RCap and ACap are calculated from as follows: if RProj < HS, RProj is taken as a good 

approximation of RCap; and when RProj > HS, RProj is taken as a good approximation of ACap. In all cases, 

contact angle α is then calculated via simple trigonometry calculations (see above). 
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Supporting Figure S3 

 

 
 

Influence of AFM probe on the nanomechanical characterization of vesicles. The position of a vesicle on a 

Contact Angle vs. Diameter plot is determined by the HS and RProj values measured on its AFM image. While 

the measurement of HS is only affected by force setpoint and feedback gain (see main text), RProj is affected 

by tip convolution. Due to this, maximum inscribed disc radii values measured on the AFM image should be 

regarded as ‘apparent radii’, resulting from the sum of RProj plus a tip contribution. This tip ‘broadening’ 

contribution is variable in entity, and linked to the exact shapes of the tip (its curvature radius at the apex 

being the most important) and the vesicle (in particular, HS). A clear indication of excessively large tip 

convolution is a non-circular profile of several vesicular objects in an image; it is not advised to apply image 

analysis to images where this occurs. Circular profiles (see main text image 2c) can only result from the 

convolution of two objects having circular shapes along the scanning direction; recording two 

perpendicular circular profiles on the same object is thus indicative of the fact that the tip is effectively 

behaving as a hemisphere, and that the largest possible overestimation of RProj coincides with its apex 

curvature radius. In any case, the largest broadening effect occurs at the base of the vesicle, which is not 

included in our image analysis procedure since it only takes into account those portions of objects being 

above a height threshold (see main text Figure 2a, b and c). This reduces the maximum impact of tip 

convolution on successive analysis steps to a fraction of the probe’s curvature radius. The nominal tip radii 

of most commercially available ‘sharp’ AFM tips (e.g. from 2 to 12 nm for the Bruker SNL probes employed 

in this study) limits the maximum possible overestimation of RProj to ~10 nm in the worst case scenario for 

vesicles with α ≥ 90°. Progressively shallower vesicles would be less affected; the total result being a ~5% 

underestimation of α for a ‘typical’ vesicle with HS = 50 nm in the worst possible scenario. 

 

These considerations suggest that, by using tips with apex curvature radii ≤10 nm and by taking the 

opportune precautions detailed in the materials and methods section of main text, one can in most cases 

neglect tip de-convolution. It is important to note that several pieces of information obtained from a 

Contact Angle vs. Diameter scatterplot (e.g. the presence of contaminants, the attribution of items in a 

horizontally elongated cluster to vesicle-like mechanical behavior, the relative position of clusters) are 

unaffected by tip convolution. We only advise tip convolution correction in those cases in which the 

quantitative readout of α is crucial (e.g. for the quantitative estimation of kS), and if a reliably sharp tip is 

unavailable. In these cases, it would be possible to correct RProj values by simply adding an internal standard 
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to the sample. This internal standard could be constituted by monodisperse rigid spherical nanoparticles, 

which could be singled out and used to estimate XY tip convolution, or a synthetic liposome with a 

previously characterized α value. The latter would appear as an additional horizontal cluster in the α/size 

scatterplot; apparent RProj values would then be adjusted by different tip radius values until the reference 

cluster average α coincided with the expected value. 
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Supporting Figure S4 

 

 
 

Robustness of the image analysis procedure with respect to imaging quality. Quantitative measurements of 

α are based on two parameters obtained from AFM images: vesicle height HS and Projected Radius RProj. 

While it is of course advised to perform the analysis on AFM images of the best available quality (with 

respect to resolution, feedback setting, and applied force setpoint: see main text), we found that both HS 

and RProj are only marginally affected by image quality. (a): The two main parameters affecting AFM image 

quality are feedback gain and resolution (here strictly intended as number of recorded points). We show six 
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AFM scans on the same four individual Ascaris EVs performed in different instrumental conditions. Images 

in the left and right column respectively correspond to ‘trace’ (toward cantilever apex) and ‘retrace’ 

(toward cantilever base) fast scan axis directions. Images in the top, middle and bottom rows were 

acquired with progressively worse imaging quality. Top row: 512x512 points, best feedback setting (vesicles 

have symmetrical profiles). Mid row: 256x256 points, suboptimal feedback setting (vesicles start to show 

slow feedback artifacts, elongated ‘tails’ start to appear in the scanning direction). Bottom row: 128x128 

points, worse feedback setting (vesicles have long feedback artifacts in the scanning directions). All 

scalebars are 400nm. (b): Detail of the six scans performed on the vesicle marked with an “X” in panel a. 

The zone above the selected height threshold is highlighted in green; it is easy to notice how its horizontal 

deformation caused by feedback artifacts has a limited impact on the maximum inscribed disc radius used 

to calculate RProj (white circles). Similarly, reduced resolution has a very limited impact on the maximum 

height value corresponding to HS. (c): α/size plot of the four vesicles shown in panel a. Each vesicle is 

marked with the same symbol used in panel a, and plotted at the six slightly different coordinates resulting 

from image analysis of the six scans of panel a. Pooling the six measurements performed on each vesicle 

and calculating their variance allows the dispersion of both α and DL values induced by image quality to be 

estimated. RProj and HS values obtained from the worst images cause deviations of ~5% in α and ~20% in DL 

with respect to the best ones. Needless to say, it’s advisable to always use the best attainable image 

quality, in particular for quantitative correlation studies such as the one described in main text under the 

heading “Quantitative estimation of EV stiffness from AFM images”. 
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Supporting Figure S5 

 

 
 

Dynamic Light Scattering (DLS) and Zeta Potential characterization of liposomes: (a) Graph reporting the 

size distribution, as contribution to the scattered intensity, of each lipid composition, as obtained from DLS 

measurements; (b) Table summarizing average hydrodynamic diameter (Dh) and polydispersity index (PDI) 

of the lipid vesicles, obtained from DLS analysis, and Zeta Potential values measured for each liposomal 

dispersion. DLS and Zeta Potential measurements have been performed on a Laser Doppler Micro-

electrophoresis (Malvern Zeta Sizer Nano Z), enabling the calculation of electrophoretic mobility and, from 

this, zeta potential and zeta potential distribution, through the laser interferometric technique M3-PALS 

(Phase analysis Light Scattering). The measurements have been performed at 25°C. The reported values are 

an average of three measurements performed on each sample. Measurements were performed at the 

PSCM Lab (EPN Campus, Grenoble, France). From the reported data it is clearly highlighted that lipid 

vesicles from DPPC and DSPC (i.e., with a higher stiffness at r.t.) tend to be characterized by larger average 

sizes and higher polydispersity. All vesicles dispersions in water are characterized by similar, and slightly 

negative, zeta potential values. 
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Additional EV characterization 

 

EV preparations purity assessment 

 

EV preparations form bovine milk and Ascaris suum excretory/secretory products were checked for purity 

from protein contaminants by the COlorimetric NANoplasmonic (CONAN) assay, which exploits the 

nanoplasmonic properties of colloidal gold nanoparticles (AuNPs) and their peculiar interaction with 

proteins and lipid bilayers [Maiolo 2015]. The CONAN assay used in this work consisted of a 6 nM Milli-Q 

water solution of 14 nm diameter AuNPs. AuNPs were synthesized by the Turkevich’s method. The 

experiments were conducted and data analyzed using the protocols described in [Zendrini 2019]. All the 

UV/vis/NIR absorption spectra were collected with an Ensight multimode plate reader (PerkinElmer), which 

allowed collection of the spectra on samples of 100 μL final volume. 

 

The assay consists of an aqueous solution of bare AuNPs at 6 nM concentration. When mixed with pure EV 

formulations, the AuNPs cluster on the EV membrane, whereas in EV formulations which contain 

exogenous protein contaminants (EPCs) the AuNPs are preferentially cloaked by such EPCs (an AuNP-EPC 

corona forms), which prevents AuNPs from clustering to the EV membrane. When AuNPs cluster (are in 

tight proximity), their localized surface plasmon resonance (LSPR) red shifts and broadens, resulting in a 

color change of the AuNP solution from red to blue, which can be accurately monitored through UV−vis 

spectroscopy. The assay red shift is therefore directly related to the purity grade of the added EV 

formulation and can be conveniently quantified by describing the AuNP UV/vis/NIR absorption spectra with 

the nanoparticle Aggregation Index (AI), defined as the ratio between the absorbance intensity at the LSPR 

peak and the intensity at 650+850 nm [Busatto 2018; Mallardi 2018]. For all the analyzed EV formulations 

separated as described in the main text, the AI values resulted in around 20% of the reference AI of the 

initial assay (i.e., the dispersed AuNP solution). This proves the EV formulations contained negligible 

amounts of EPCs. Results reported indicate that the AI for the assayed EV formulation is around 20% of the 

AI of the starting assay. According to the limit of detection for protein contaminants reported in [Zendrini 

2019], this indicates the samples contain an overall amount of exogenous contaminants ≤ 50 ng/μL. 

 

EV titration 

 

In the case negligible amount of proteins in EV preparations (< 50 ng/μL) the aggregation index (AI) of the 

CONAN assay is proportional to the EV number density. We exploited the assay to determine EV total molar 

concentration (Table ST1) measuring the AI of a POPC liposome calibration curve at known molar 

concentrations (from 0.8 to 12.5 nM) and interpolating EV AI to the curve. Full details are given in [Busatto 

2018 and Zendrini 2019]. 
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Supplementary Table S1 

 

EV sample EV total molar concentration (mol/L) 

SEC+Myco 7.07 E-08 

UC+Myco 5.64 E-08 

SEC myco free 1.00 E-08 

Bovine Milk 4.25 E-07 

 

Table S1: EV total molar concentration. UC+Myco: Ascaris suum EV separated from mycoplasma 

contaminated medium. Separation protocol: Ultracentrifugation (UC). SEC+Myco: Ascaris suum EV 

separated from mycoplasma contaminated medium. Separation protocol: size exclusion chromatography 

(SEC). SEC+Myco: Ascaris suum EV separated from mycoplasma free medium. Separation protocol: size 

exclusion chromatography (SEC). Bovine milk: EV separated from bovine milk. 

 

Nanoparticle Tracking Analysis 

 

EVs size distribution of Ascaris suum samples was additionally determined with Nanoparticle Tracking 

Analysis (NTA). EV separated after ultracentrifugation protocol (UC) or size exclusion chromatography (SEC, 

fractions 7-10) (see main text for details) were analyzed with a Nanosight NS300 system (Malvern) coupled 

with a Nanosight syringe pump (Malvern) [using 405 nm wavelength (blue)]. Before any sample analysis, 

the system was quality checked by measuring a suspension of 100 nm polystyrene beads. In brief, PBS-

diluted samples (final volume 1 ml) were injected into the sample chamber using a syringe and the 

microscope objective was adjusted in order to obtain a clear picture of particles within the beam. Analysis 

parameter: Flow rate: 10; Temperature: 23°C; Screen gain: 1; Viscosity: Water; Camera level: 10. For each 

sample, five measurements were performed with a duration of 60 seconds for each repeat/frame. The data 

were analyzed using NTA software version 3.2. 

 

Supporting Figure S6 

 
 

Average finite track length adjustment (FTLA) Concentration/Size graphs for NTA analysis of particles of 

Ascaris EVs separated with SEC. Medium contaminated with mycoplasma. Red error bars indicate +/- 1 

standard error of the mean. Mode 157.5 +/- 3.5 nm. It is important to note that the size of mycoplasma 
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contaminants is, on average, smaller than 50 nm (as can be seen by looking at the vertical cluster in Fig. 3d 

of the main text); making it challenging to be revealed by NTA techniques, which usually present a limit of 

detection around 30 – 50 nm for EVs and protein aggregates [Bohren 2007]. 

Supporting Figure S7 

 

 
 

Average finite track length adjustment (FTLA) Concentration/Size graphs for NTA analysis of particles of 

Ascaris EVs separated with UC. Medium contaminated with mycoplasma (see fig S6 caption for additional 

discussion). Red error bars indicate +/- 1 standard error of the mean. Mode 164.7 +/- 8.4 nm. 

 

Supporting Figure S8 

 

 
 

Average finite track length adjustment (FTLA) Concentration/Size graphs for NTA analysis of particles of 

Ascaris EVs separated with UC. Medium not contaminated with mycoplasma. Red error bars indicate +/- 1 

standard error of the mean. Mode 166.4 +/- 6.3 nm 

 

EV biochemical characterization 

 

For biochemical analysis purified EV samples from bovine milk were pelleted at 100000 xg for 65 minutes 

(in a Beckman Coulter Optima Max-XP with a TLA-55 rotor) in polyallomer microcentrifuge tubes (Beckman) 

and the pellet was resuspended in sample buffer (62.5 mM  Tris pH 6.8, 2% SDS, 10% Glycerol). Samples 

were run on a 12.5% SDS-PAGE gel in order to separate proteins. The separated proteins were transferred 

onto PVDF membranes and blocked in PBS containing 0.2% fish skin gelatin (Sigma-Aldrich) and 0.1% 
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Tween-20. Proteins were detected by immunoblotting using rabbit-anti-human-MFG-E8 (Sigma 

HPA002807, dilution 1:1000); mouse-anti-bovine-CD63 (BioRad MCA2042G, dilution 1:2000); mouse-anti-

human CD9 (Biolegend 312102, clone HI9a, dilution 1:1000); mouse-anti-human-Flotillin (BD 610821, clone 

18, dilution 1:500 and the sample was reduced with DTT + β-mercapthoethanol); mouse-a-human-TSG-101 

(SC-7964, dilution 1:100 and the sample was reduced with DTT + β-mercapthoethanol); rabbit-anti-bovine 

Lactoglobulin-β-HRP (Ab112894, dilution 1:1000); rabbit-a-bovine Casein (GTX37769, dilution 1:500). Goat 

anti-mouse-HRP (Jackson Immuno Research, Suffolk, UK; 1:10000) was used as secondary antibody. HRP 

conjugated antibodies were detected using SuperSignal West Dura Chemiluminescent Substrate (Thermo 

Scientific, Landsmeer, Netherlands) and ChemiDoc XRS and Image Lab 5.1 (Bio-Rad) (Figure S8). 

 

Supporting Figure S9 

 

  

Western blot characterization of purified milk EVs for CD9, CD63, Flotillin-1, TSG-101 and MFG-E8. Non EV-

enriched proteins β-Lactoglobulin and β casein were included for characterization. For casein, a non-

acidified (normal milk) sample was included to show the presence of casein in milk, as compared to 

acidified milk. Note that β-Lactoglobulin is predicted to be 18 kDa (which was observed in milk supernatant) 

but the band is lower in EVs. EV samples were technical duplicates as these were isolated from the same 

raw milk sample. 
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A plasmon-based nanoruler to probe the
mechanical properties of synthetic and biogenic
nanosized lipid vesicles†
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Nanosized lipid vesicles are ubiquitous in living systems (e.g. cellular

compartments or extracellular vesicles, EVs) and in formulations for

nanomedicine (e.g. liposomes for RNA vaccine formulations). The

mechanical properties of such vesicles are crucial in several physi-

cochemical and biological processes, ranging from cellular uptake

to stability in aerosols. However, their accurate determination

remains challenging and requires sophisticated instruments and

data analysis. Here we report the first evidence that the surface

plasmon resonance (SPR) of citrated gold nanoparticles (AuNPs)

adsorbed on synthetic vesicles is finely sensitive to the vesicles’

mechanical properties. We then leverage this finding to show that

the SPR tracking provides quantitative access to the stiffness of

vesicles of synthetic and natural origin, such as EVs. The demonstration

of this plasmon-based ‘‘stiffness nanoruler’’ paves the way for devel-

oping a facile, cost-effective and high-throughput method to assay the

mechanical properties of dispersions of vesicles of nanometric size and

unknown composition at a collective level.

Introduction

Membrane-delimited compartments (e.g., cells, organelles and
nanosized vesicles of biological origin, such as enveloped
viruses1 or extracellular vesicles (EVs)2,3) are among the basic
units of living organisms. Importantly, they are also widespread

structural motifs in bio-inspired nanomaterials, such as liposomes,4

virosomes5 or polymerosomes.6 The mechanical properties of such
membrane compartments regulate the response to external stimuli,
which is crucial in a host of biologically-relevant interactions at the
nanoscale.7–11 A well-known example is the mechanical response of
cells and membrane bound-organelles, which is the key in numer-
ous biological processes (e.g. cell fusion, growth and differentiation,
endo- and exocytosis, uptake of nanoparticles or viruses,12–14 etc.)
and in the onset of pathological cell conditions.15–18 More recent
reports have highlighted that the mechanical response of EVs
(membrane-delimited nanoparticles secreted by all cell types and
essential mediators of cell signalling2,3,19) is a biomarker for
malignant conditions of parental cells.20,21 In addition, the
nanomechanics of pathogens, including viruses with a lipid
envelope (e.g. Moloney murine leukemia virus and HIV22), was
recently connected to their infectivity.23 Mechanical properties
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New concepts
Citrated gold nanoparticles (AuNPs) undergo membrane-templated self-
assembly when challenged with nanosized lipid vesicles. We show that the
stiffness of the target vesicle finely modulates the extent of AuNPs
aggregation, which can be easily monitored by UV-Vis spectrophotometry.
Leveraging this discovery, we propose a novel experimental method to assess
the mechanical properties of synthetic and natural vesicles. Through a
‘‘stiffness index’’, S.I., we quantify the extent of AuNPs aggregation and
define its functional dependence on the mechanical properties of the
vesicles. This method was validated on a set of synthetic lipid vesicles of
known stiffness and then tested on a sample of biogenic extracellular vesicles
(EVs). The ‘‘plasmon-based stiffness nanoruler’’ is a reproducible, sensitive,
high-throughput, and readily accessible method, which overcomes many of
the hurdles still hampering an accurate determination of the rigidity of
nanovesicles.In addition, it can easily and readily probe the properties of tiny
sample amounts, which represents a considerable advantage for biological
samples, usually available in low quantities due to purification costs. This
new method will advance our understanding of the role of rigidity of
nanovesicles in modulating their biological behavior, from the pharmacoki-
netics of liposomal formulation for drug delivery to the uptake of natural
vesicles and viruses.
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are also crucial for the interaction of synthetic nanostructures
with the biological environment: the deformability of liposomes
or polymeric vesicles for drug or vaccine delivery deeply affects
their pharmacokinetics in the bloodstream and the internalization
route.24

Although central in several research areas, the accurate
assessment of the mechanical properties of synthetic or natural
vesicles still poses a challenge.25,26 Traditional methods, such as
shape fluctuation optical analysis,27 micropipette aspiration,28

X-ray scattering29,30 and neutron spin-echo,31 provide insights
into biologically-relevant descriptors of the mechanical
response of the lipid membrane, such as the bilayer’s bending
rigidity.27–31 However, these techniques are cost- and/or time-
consuming and often yield discrepant results, as pointed out in
several reports.25,26,32–34 More recently, techniques that actively
probe the mechanical properties at a whole-vesicle level, rather
than those of the lipid shell, are gaining the central stage;35

examples include optical tweezers and Atomic Force Microscopy
(AFM) operating modes, such as Dynamic Mechanical Analysis,
Quantitative Imaging and Lorentz Contact Resonance.20 Most of
these methods rely on contact mechanic models for interpreting
the measured mechanical properties of the probed objects;
however, there is still disagreement on which model is best
suited for describing the nanomechanics of a lipid vesicle.36 As
a consequence, classical AFM-based force spectroscopy (AFM-
FS) indentation experiments still represent a common choice for
the nanomechanical analysis of vesicles,37–39 since they allow
determining the overall mechanical response of vesicles to
applied deformations, i.e. their ‘‘stiffness’’, in a model-free
approach. The measured stiffness includes contributions both
from the membrane shell and the enclosed volume, accounting
for the mechanical properties of the internal pool, volume
variations upon deformation, osmotic imbalance, etc. Unfortunately,
all these experimental methods probe a single particle at a time and
require sophisticated instruments or/and highly experienced users.35

Here, we propose AuNPs as nanoprobes of the stiffness of
membranous nano-objects, with typical submicron sizes. This
approach overcomes many limitations of the currently available
methods, measurements can be performed with a UV-Vis
spectrophotometer and limited data analysis is required. In the
following, this communication will (i) explore how the stiffness of
liposomes modulates the surface plasmon resonance (SPR) of
AuNPs adsorbed on their membrane and (ii) propose this pre-
viously unnoticed relationship as the working principle of a new,
accessible and robust spectrophotometric method to evaluate the
stiffness of both synthetic and natural lipid vesicles of unknown
composition.

The SPR of AuNPs is finely sensitive to the chemical
environment and the interparticle distance, which underpins
their application as nanoscale probes.40 The coupling between
the SPR of proximal AuNPs, which results from AuNPs close
approach or aggregation, was exploited for the first time by
El-Sayed and co-workers as a plasmon ruler41 and is nowadays
used in a number of bioanalytical assays.42,43 The CONAN
(COlloidal NANoplasmonic) assay is a recent example, where
the AuNPs SPR shift upon incubation with EVs is exploited to

determine their purity and concentration;44–46 in this latter
case, the SPR shift arises from the spontaneous aggregation of
AuNPs on the lipid membrane of vesicles (of both synthetic and
natural origin, as EVs). This membrane-induced aggregation
has been the focus of several recent investigations.47–52 Speci-
fically, the membrane-induced aggregation of AuNPs has been
interpreted as on–off mechanism to date,53,54 switchable by the
physical state of the membrane: fluid-phase bilayers, characterized
by free lipid diffusion and low rigidity, would promote aggregation,
resulting in a marked change of AuNPs SPR profile. Conversely,
the aggregation of AuNPs would be completely inhibited on tightly
packed gel-phase membranes, characterized by a higher rigidity. At
variance with the literature, we demonstrate that the SPR shift of
AuNPs also interest gel-phase membranes and is rather modulated
by the stiffness of the vesicles through a precise functional
dependence: this allows defining a ‘‘stiffness nanoruler’’, able to
discriminate vesicles within the same physical state (whether it is
gel or fluid) on the basis of their mechanical behaviour. In analogy
with the plasmon nanoruler, introduced as distance-sensor,41 this
plasmon-based descriptor leverages the unique sensitivity of
AuNPs SPR to determine the mechanical properties of lipid
vesicles. As a proof-of-principle of applicability to complex
natural systems, we tested the assay on EVs, whose stiffness is
of prominent relevance in cellular adhesion and uptake55 and a
characteristic that distinguish EVs deriving from malignant and
non-malignant cells.20,21

Results and discussion

We prepared a library of unilamellar liposomes having a similar
average diameter (B100 nm) and low polidispersity indexes
(see ESI† for details on preparation and characterization) from
a set of synthetic phosphatidylcholines (PC) differing for length
and/or degree of unsaturation of the acyl chains (Fig. 1a). The
free-standing bilayers, either in the gel or fluid phase at room
temperature (Fig. 1a), display different rigidities.56–59 Given
their very similar size distributions and the absence of any
osmotic imbalance between the lumen and the external medium,
the rigidity of the lipid shells can be considered the sole
responsible for the overall stiffnesses of the vesicles.

Fig. 1b reports representative AFM-FS force/distance plots of
single-vesicle indentation events for each lipid.60,61 The slope of
the linear regime occurring immediately after the contact point
represents the stiffness of the vesicles; the stiffnesses in Fig. 1c
were obtained by averaging the values for multiple vesicles (see
ESI† for further details). Taken together, the entire series of
stiffness values measured on the selected library of synthetic PC
standards can be regarded as a stiffness gauge in which the
rigidity monotonically increases from DOPC to DSPC vesicles,
in line with the literature.25,62 This set will be used to validate
the stiffness plasmon nanoruler.

The vesicles (20 ml of a water dispersion at a 0.35 nM
vesicles’ concentration) were then challenged with 100 ml of
6.7 nM water dispersion of negatively charged citrated AuNPs
(13 � 0.6 nm diameter, zeta potential: �36 � 2 mV), to obtain a
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final liposomes/AuNPs molar ratio of B1/100. The changes in
the SPR profile were monitored after 15 minutes of incubation
at room temperature (Fig. 2a). These experimental conditions
were carefully selected on the basis of our recent investigation
on POPC liposomes interacting with citrated AuNPs.52

The AuNPs dispersion in the absence of lipid vesicles shows
a well-defined SPR peak centred at 522 nm (red curve); upon
mixing with liposomes, an immediate colour change is visible
to the naked eye (inset, Fig. 2a), which clearly depends on the
composition of the target membrane. Going from DSPC to
DOPC, we observe colour shifts from red to increasingly dark
shades of violet and blue. The variation in the SPR profile
gradually increases as the stiffness of vesicles decreases. Specifically,
from the stiffest vesicles (DSPC) to the softest ones (DOPC), the
progressive emergence of a high-wavelength shoulder can be
observed, eventually resulting in a secondary plasmon peak at about
625 nm (see Fig. 2a).

This new spectral feature is the hallmark of the aggregation
of AuNPs, whose spatial proximity produces the coupling of the
individual AuNPs plasmons.

To get insights into the structure of AuNPs aggregates, we
performed Small Angle X-ray Scattering (SAXS) for DOPC, POPC,
DPPC and DSPC liposomes challenged with AuNPs (Fig. 2b).

The power-law dependence in the low-q region highlights
the presence of AuNPs clusters on fluid-phase bilayers, with a
fractal dimension which increases as the stiffness of vesicles
decreases (Fig. 2b, inset, and ESI†).63 The spatial correlation
between AuNPs was determined from the structure factor S(q),
inferred from the high-q region of the scattering profiles
(Fig. 2b, inset, and ESI†). The position of the S(q) correlation
peaks for fluid-phase liposomes is consistent with AuNP–AuNP
center-to-center distances comparable with the particle diameter
and decreasing with vesicles’ stiffness (14.5 nm and 14.1 nm for
POPC and DOPC, respectively). For liposomes in the gel phase, no
low-q upturn of intensity was detected and the positional correlation
corresponds to significantly higher AuNP–AuNP distances (i.e.,
30.5 nm and 30.2 nm for DSPC and DPPC, respectively), hinting
at the presence of multiple AuNPs adsorbed on the same liposomal
surface, but not aggregated.

According to recent reports, the aggregation of AuNPs on
lecithin vesicles is switched on and off by the membrane
phase:53,54 aggregation is inhibited on gel-phase bilayers (e.g.
DPPC and DSPC at r.t.) and promoted by fluid-phase membranes
(e.g. DOPC and POPC at r.t.), with no differences observed for
bilayers in the same phase.53,54 Conversely, the UV-Vis and SAXS
data here shown provide additional insights, highlighting that – in

Fig. 1 AFM characterization of vesicles stiffnesses. (a) Chemical formulas of the four lipids used for the preparation of liposomes (1,2-distearoyl-sn-
glycero-3-phosphocholine (DSPC), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), 1-palmitoyl-2-oleoyl-glycero-3-phosphocholine (POPC)
and 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC)); depending on the molecular composition, the lipid bilayer enclosing a liposome exhibits a
different degree of molecular packing at room temperature, which determines the phase (i.e., fluid or gel) of the membrane. (b) AFM force-distance
curves for the different vesicles batches, together with graphical representation of vesicles deformation induced by the AFM tip at two different
separation distances. Liposomes samples are DOPC; POPC, POPC/DPPC (50/50 mol%), DPPC, DPPC/DSPC (50/50 mol%) and DSPC vesicles; (c) stiffness
values (N m�1) of the different vesicles, determined through AFM-FS; All error bars represent the uncertainties obtained by bootstrapping (1000
repetitions of 5 draws, with replacement).
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these experimental conditions – AuNPs clustering on lipid
vesicles is not abruptly switched-on by varying the membrane
physical state: the slight – but still evident – differences in the
AuNPs SPR induced by vesicles with the same physical state but
different rigidities demonstrate that AuNPs aggregation is
rather modulated by the membrane rigidity in a ‘‘continuous
fashion’’.

This dependence can be exploited to set-up a UV-Vis spectro-
scopic assay to probe the mechanical properties of lipid

vesicles. With this aim, we analysed the optical spectra to
extract a quantitative descriptor. The so-called ‘‘stiffness
index’’, S.I., (see Fig. 3a), accounting for the main variations
in the AuNPs SPR profile, was used to build-up an empirical
‘AuNPs spectral response’ vs. ‘vesicles’ stiffness’ scale. The S.I.
for each AuNPs/vesicles hybrid is calculated dividing the area
subtended by the absorbance spectrum in the 560–800 nm range
by the area relative to the total spectral range (350–800 nm).
The results are then normalized for the S.I. of neat AuNPs

Fig. 2 AuNPs interaction with lipid bilayers of different stiffness. (a) UV-Vis spectra of AuNPs (6.7 nM) incubated with synthetic vesicles (0.2 nM)
(liposomes/AuNPs number ratio 1/100). Inset: Visual appearance of the same samples. (b) SAXS profiles of NPs with and without vesicles (1 : 8 vesicles/
AuNPs molar ratio). Under these conditions, the scattering from vesicles (subtracted from the scattering of AuNPs-vesicles mixtures) is negligible and the
observed signal is only due to AuNPs. The power law dependence at low-q is connected to the presence of AuNPs clusters and to their morphology. The
power-lawexponents for DOPC/AuNPs and POPC/AuNPs complexes, i.e. �1.54 and �1.50 respectively (see ESI†), are consistent with an increasing fractal
dimension of clusters as the stiffness of vesicles decreases. The absence of such power-law for gel-phase liposomes is related to non-aggregated AuNPs,
preserving their original diameter. The right inset is the structure factor (S(q)) vs. q, extracted from the high-q range of vesicles/AuNPs profiles (see ESI†).

Fig. 3 Quantification of liposomes-induced variation in the AuNPs SPR profile. (a) Visual description of the stiffness index (S.I.); (b) S.I. values (blue spots)
with relative errors bars plotted as a function of membrane stiffness. The red curve is the sigmoidal curve fit, while the grey dashed curve is the first derivative
of the sigmoidal curve fit with respect to stiffness (see ESI† for details on fitting parameters). (c) Mechanism of interaction between AuNPs and vesicles
characterized by different stiffness. The adhesion of an AuNP on a soft membrane is followed by a significant AuNP wrapping by the membrane, resulting into
AuNPs aggregation on the vesicle surface. The AuNP docking on a stiffer membrane results in a lower wrapping extent, preventing AuNPs clustering.
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(which is then equal to 1 by definition) to obtain positive
integer values of S.I., which gradually increase with increasing
AuNPs aggregation extent.

Fig. 3b reports the S.I. (blue dots) obtained for the liposome
set plotted as a function of vesicles’ stiffness, obtained from
AFM-FS measurements (Fig. 1). Each point represents the
average value obtained from five independent batches, which
highlights a particularly high reproducibility (see Table S5 of
ESI† for standard deviations of each vesicles’ batch).

The dependence of the S.I. on stiffness can be expressed by a
sigmoidal law, with the following expression:

S:I: ¼ b

1þ exp
c� S

d

� �þ a (1)

with S the stiffness obtained from AFM-FS and a, b, c and d
constant fitting parameters (see red profile in Fig. 3b for the
best fitting curve and ESI† for further details).

For this set of synthetic vesicles, having superimposable size
distributions and a luminal content identical to the external
medium, the stiffness differences observed in AFM-FS are only
due to a membrane contribution, which results from the different
composition of the bilayers. As it is well-established, the mechanical
response of a lipid bilayer is mainly controlled by its bending
rigidity,25 quantified by the bilayer bending modulus. Therefore,
in these experimental conditions, it is the bilayer bending modulus
that determines the overall stiffness of the vesicles and in turn the
extent of AuNPs aggregation (i.e. the S.I.).

Interestingly, in a recent simulation Lipowsky and co-authors64

report a sigmoidal correlation between the wrapping efficiency of
spherical NPs interacting with model membranes and the bilayer
bending modulus. This relation holds for fixed NPs radius and
membrane-NPs adhesion energy, which perfectly matches our
experimental conditions (i.e. NPs of defined size and vesicles with
fixed PC headgroups).

This finding is fully in line with a recent report,52 where
AuNPs wrapping, modulated by the membrane bending modulus,
is recognized as the main driver for the membrane-templated
aggregation of AuNPs, through the mechanism sketched in
Fig. 3c: briefly, AuNPs adsorb on the vesicle’s surface due to Van
der Waals attractive interactions and get partially wrapped by the
membrane. This wrapping drives a ligand exchange between the
membrane lipids and the AuNPs stabilizing agent, i.e. the citrate
anion, whose release reduces the interparticle electrostatic energy
barrier and leads to the aggregation of AuNPs. Importantly, the
extent of AuNPs aggregation is modulated by the wrapping
efficiency, which is related to the bending rigidity of the
membrane. Our results, reporting the first experimental evidence
of a sigmoidal relation between AuNPs aggregation and
membrane bending rigidity, reconcile this latter mechanism with
the theoretical predictions proposed by Lipowsky et al., who first
connected the wrapping ability of a membrane to its bending
modulus through a sigmoidal law.

The dependence of the S.I. on the stiffness of vesicles (eqn (1))
allows a quantitative estimate of the mechanical properties of
membrane-enclosed compartments of unknown composition. The
method here proposed possess high reproducibility and sensitivity.
In fact, it is able to robustly discriminate systems with very close
stiffnesses (i.e. differences as small as 0.006 N m�1), as POPC and
DOPC liposomes, whose mechanical properties are usually not
distinguishable with many other techniques.62,65

In addition, the presence of a sigmoidal law, which exhibits
the highest variation of S.I. in the central region of the selected
set of stiffnesses (see grey dashed curve of Fig. 3b, representing
the first derivative of the sigmoidal fit) provides maximum
sensitivity in the region where the rigidities of natural mem-
branes usually fall (i.e. 0.02–0.025 N m�166).

We chose EVs to further validate the method and to provide
evidence of its applicability on membranous nanoparticles,
which are more challenging both in terms of compositional

Fig. 4 Quantification of Extracellular Vesicles (EVs)-induced variation in the SPR profile of AuNPs. (a) Representative AFM image of EVs; (b) Sigmoidal
trend of the S.I. as a function of membrane stiffness. The EVs’ S.I. (1.23 � 0.01), evaluated through UV-Vis spectroscopy, and stiffness, predicted by the
sigmoidal law (0.026 N m�1), are reported as green points in the graph. The green error bar represents the stiffness interval obtained through AFM-FS for
EVs. The right inset reports the UV-Vis spectra of AuNPs (6.7 nM) in the presence of synthetic PC vesicles (dashed curves) and EVs (solid green curve) at a
vesicles’ concentration of 0.35 nM.
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and structural complexity, as well as in analyte availability.
Specifically, we assayed a sample of EVs from the murine cell
line TRAMP-C2, with size and z-potential similar to the PC
synthetic liposomes (see ESI† for details). The EVs were separated
from the cell culture medium and characterized according to
international guidelines;67 in particular, we used the protocols
described in Paolini et al. (medium EVs),68 to obtain a pure – i.e.
not containing exogenous proteins (which would otherwise affect
the EVs interaction with AuNPs44,48) – EVs dispersion in water.
The morphology of EVs was investigated by liquid imaging AFM
(see Fig. 4a), showing the characteristic spherical cap shape of
EVs adhered onto a substrate and an average diameter of 74.3 nm
(refer to ESI† for further details).

The stiffness of EVs, determined through AFM-FS as pre-
viously described for PC liposomes, falls in the middle of the
stiffness interval defined by the synthetic standards used for
calibration (0.025 � 0.004 N m�1), in between the values
obtained for DPPC and DPPC/POPC liposomes (see Fig. 1c).
20 ml of EVs (0.35 nM) were mixed with 100 ml of AuNPs in the
same conditions (AuNPs/vesicles molar ratio, incubation time
and temperature) previously employed for synthetic liposomes
and the SPR profile change of AuNPs was recorded through
UV-Vis spectroscopy (right inset of Fig. 4b).

In full agreement with the AFM analysis, this SPR profile
variation, S.I. = 1.23 � 0.01, is intermediate between the ones of
DPPC, S.I. = 1.16 � 0.01, and DPPC/POPC, S.I.= 1.377 � 0.005.
This result demonstrates that the correlation between AuNPs
aggregation and vesicles’ stiffness, observed in liposomes, also
holds for the case of far more complex nanosized vesicles of
biological origin. More importantly, the value of stiffness
estimated from the S.I. of the AuNPs/EVs hybrid according to
the calibration trend (i.e., 0.0259 � 0.0005 N m�1) falls right in
the middle of the EVs stiffness range determined through AFM
(Fig. 4b): this striking agreement proves the predictive ability of
this new optical method, showing that the nanoplasmonic
properties of AuNPs can be effectively harnessed to assess the
stiffness of membrane-confined objects with high sensitivity.

Conclusions

The determination of the stiffness of synthetic and natural
vesicles is particularly challenging. Here, we show that the SPR
of AuNPs can be exploited to quantify this property: combining
UV-Vis Spectroscopy, Small Angle X-ray Scattering and AFM-
based Force Spectroscopy, we prove that AuNPs aggregation,
induced by the interaction with lipid membranes and quantified
by an empirical index S.I., exhibits a clear dependence on the
mechanical properties of synthetic vesicles. This dependence,
expressed by a sigmoidal law, can be used to estimate the stiffness
of biological membrane compartments, e.g. EVs, of unknown
composition and properties. Similarly to the plasmon ruler
developed by El-Sayed et al.,41 where the SPR of AuNPs is used
to probe their mutual distance, we define a ‘‘stiffness nanoruler’’,
where the plasmon resonance is applied to probe the nano-
mechanics of a target membrane. The method requires cheap

reagents and a standard wet lab facility, while keeping com-
petitive reproducibility and sensitivity. From the sample side, it
allows for examination of volumes as small as 15 ml (with a
concentration of particles in the 10–8 M range) which is not
accessible today to any other method. This allows to minimize
the amounts of vesicles required, which is paramount for
biological samples, where low amounts of analyte are yearned
due to the origin of the samples (e.g. human biological fluids)
and/or complex and time-consuming separation protocols.
Moreover, differently from other methods – such as AFM and
micropipette – which probe the stiffness of single objects, it
provides the ensemble-averaged stiffness, i.e. accounting
for possible variability across the population, with short-time
(few minutes) data acquisition.
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Supplementary Materials and Methods 

 

Materials 

Tetrachloroauric (III) acid (≥ 99.9%) and trisodium citrate dihydrate (≥ 99.9%) for 

the synthesis of AuNPs were provided by Sigma-Aldrich (St. Louis, MO). 1,2-

dioleoyl-sn-glycero-3-phosphocholine (DOPC) (>99%), 1-palmitoyl-2-oleoyl-

sn-glycero-3-phosphocholine (POPC) (≥ 98.0%), 1,2-dipalmitoyl-sn-glycero-3-

phosphocholine (DPPC) (>99%) and 1,2-distearoyl-sn-glycero-3-

phosphocholine (DSPC) (>99%) for the liposomes preparation were provided by 

Sigma-Aldrich (St. Louis, MO). All chemicals were used as received. Milli-Q 

grade water was used in all preparations. 

Synthesis of citrated AuNPs  

Anionic gold nanospheres of 16 nm in size were synthesized according to the 

Turkevich-Frens method 1,2. Briefly, 20 mL of a 1mM HAuCl4 aqueous solution 

was brought to boiling temperature under constant and vigorous magnetic 

Supplementary Characterization of liposomes/AuNPs hybrids S22 
Small-Angle X-Ray Scattering S22 

UV-Vis Specroscopy S24 

  

Bibliography S27 
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stirring. 2 mL of 1% citric acid solution were then added and the solution was 

further boiled for 20 minutes, until it acquired a deep red color. The nanoparticles 

dispersion was then slowly cooled down to room temperature.  

Preparation of liposomes 

The proper amount of lipid was dissolved in chloroform and a lipid film was 

obtained by evaporating the solvent under a stream of nitrogen and overnight 

vacuum drying. The film was then swollen and suspended in warm (50 °C) 

milliQ-water by vigorous vortex mixing, in order to obtain a final 4 mg/ml 

lipid concentration. The resultant multilamellar liposomes in water were 

subjected to 10 freeze-thaw cycles and extruded 10 times through two stacked 

polycarbonate membranes with 100 nm pore size at room temperature, to 

obtain unilamellar liposomes with narrow and reproducible size distribution. 

The filtration was performed with the Extruder (Lipex Biomembranes, 

Vancouver (Canada)) through Nuclepore membranes. 

 

Preparation of liposomes/AuNPs hybrids 

The hybrid samples preparation procedure for Figure 2a of the main text is the 

following: 20 µL of liposomes (previously diluted to a final lipid concentration 

of 0.04 mg/ml) or extracellular vesicles were placed inside a 500 µL UV-Vis 
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plastic cuvette. Then 100 µL of citrated gold nanoparticles (6.7·10-9 M, see 

“Synthesis citrated Gold Nanoparticles” and “Supplementary Characterization of 

Gold Nanoparticles” of SI) were added, in order to have a final concentration 

(inside the cuvette) of ~5·10-11 M and of ~5·10-9 M for liposomes and AuNPs, 

respectively, and liposomes/AuNPs number ratio of ~1/100. This 

liposomes/AuNPs number ratio was selected on the basis of our previous 

publication 3, which highlights that the aggregation of AuNPs on POPC vesicles 

-and subsequent AuNPs SPR variations- is promoted by low liposomes amounts 

within the mix. Thus, such a ratio allows for maximizing the liposomes-induced 

AuNPs SPR spectral shift for an enhanced sensitivity of the plasmon-based 

nanoruler assay. Then, samples were incubated for 15 minutes, after that the UV-

Vis spectra were recorded.  

The hybrid samples preparation procedure for Figure 2b of the main text is the 

following: fixed volumes (768.9 µL) of AuNPs dispersion (6.7·10-9 M) were 

added to 20 µL of liposomes (see Table S4 of SI for liposomes concentration), in 

order to have a final AuNPs/liposomes number ratio of ~8.  Samples were 

incubated for 15 minutes, then placed in glass capillaries of 1 mm diameter and 

Small-Angle X-Ray profiles acquired. 

UV-vis spectroscopy  

UV-Vis spectra were measured with a JASCO UV-Vis spectrophotometer. 
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Small Angle X-ray Scattering  

SAXS measurements for the characterization of AuNPs were carried out on a 

S3-MICRO SAXS/WAXS instrument (HECUS GmbH, Graz, Austria) which 

consists of a GeniX microfocus X-ray sealed Cu Kα source (Xenocs, Grenoble, 

France) of 50 W power which provides a detector focused X-ray beam with λ = 

0.1542 nm Cu Kα line. The instrument is equipped with two one-dimensional 

(1D) position sensitive detectors (HECUS 1D-PSD-50 M system). Each detector 

is 50 mm long (spatial resolution 54 μm/channel, 1024 channels) and covers the 

SAXS q-range (0.003< q <0.6 ̊Å −1). The temperature was controlled by means 

of a Peltier TCCS-3 Hecus. The analysis of SAXS curves was carried out using 

Igor Pro.4 SAXS measurement on AuNPs aqueous dispersion was carried out in 

a sealed glass capillary of 1.5 mm diameter. To analyze gold nanospheres’ curves 

we chose a model function with a spherical form factor and a Schulz size 

distribution:5, it calculates the scattering for a polydisperse population of spheres 

with uniform scattering length density. The distribution of radii is a Schulz 

distribution given by the following equation: 

𝑓(𝑅) = (𝑧 + 1)𝑧+1𝑥𝑧
𝑒𝑥𝑝[−(𝑧 + 1)𝑥]

𝑅𝑎𝑣𝑔Γ(𝑧 + 1)
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where Ravg is the mean radius, x = R/Ravg and z is related to the polydispersity. 

The form factor is normalized by the average particle volume, using the 3rd 

moment of R:  

〈𝑉〉 =
4𝜋

3
〈𝑅+3〉 =

4𝜋

3
〈𝑅〉+3

(𝑧 + 3)(𝑧 + 2)

(𝑧 + 1)2
 

The scattering intensity is: 

𝐼(𝑞) = (
4𝜋

3
)
2

𝑁0Δ𝜌
2∫ 𝑓(𝑅)𝑅6𝐹2(𝑞𝑅)𝑑𝑅

∞

0

 

where N0 is the total number of particles per unit volume, F(R) is the scattering 

amplitude for a sphere and ∆ρ is the difference in scattering length density 

between the particle and the solvent.  

SAXS measurements for the characterization of AuNPs/liposomes hybrids were 

collected at beamline ID02 at the European Synchrotron Radiation Facility 

(ESRF, Grenoble, France) 6. A scattering vector (of magnitude q) range of 0.007≤ 

q ≤ 0.2 nm−1 was covered with two sample–detector distances (1 and 10 m) and 

a single-beam setting for an X-ray monochromatic radiation wavelength with a 

wavelength of λ = 0.10 nm (12.46 keV). The beam diameter was adjusted to 72.4 

μm in the horizontal (x) direction and 42.3 μm in the vertical (y) direction (full 

width at half-maximum at the sample). Assuming a Gaussian distribution, the 

portion of the beam that is hitting outside the channel can be estimated. When the 

channel is centered, this is ∼0.3% but closer to the edge and more beam overlaps 

the edge. The beamstop diameter was 2 mm. As a detector, a 2D Rayonix MX-
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170HS with a pixel size of 44 × 44 μm2 was used, which was housed in an 

evacuated flight tube, at a sample-to-detector distance of alternatively 10 m 

(leading to an available q-range of 0.007-0.02 nm-1) or 1 m (leading to an 

available q-range of 0.07-0.2 nm-1). The exposure times for the background- and 

sample measurements were 0.5 s for the case of 1 m sample-to-detector distance 

and 0.3 s for the case of 10 m sample-to-detector distance. Measured scattering 

patterns were normalized to an absolute intensity scale after applying standard 

detector corrections and then azimuthally averaged to obtain the one-dimensional 

intensity profiles, denoted by I (q).  

 

Atomic Force Microscopy (AFM) 

Surface Preparation and Sample Deposition 

All AFM experiments were performed on poly-L-lysine (PLL) coated glass 

coverslips. All reagents were acquired from Sigma-Aldrich Inc 

(www.sigmaaldrich.com) unless otherwise stated. Microscopy borosilicate glass 

slides (15mm diameter round coverslips, Menzel Gläser) were first immersed in 

a 3:1 mixture of 96% H2SO4 and 50% aqueous H2O2 (‘oxidising piranha’) 

solution for 2 h in order to remove any organic residue present on their surface; 

after that, they were cleaned in a sonicator bath (Elmasonic Elma S30H) for 30 

minutes in acetone, followed by 30 minutes in isopropanol and 30 minutes in 

ultrapure water (Millipore Simplicity UV). Clean slides were incubated overnight 
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in a 0.0001% (w/v) PLL solution at room temperature, thoroughly rinsed with 

ultrapure water and dried with nitrogen. A 10 μl-droplet of the vesicle-containing 

solution under study was deposited on a PLL-functionalized glass slide and left 

to adsorb for 10 minutes at 4°C, then inserted in the AFM fluid cell (see below) 

without further rinsing. The concentration of each vesicle-containing solution 

was adjusted in order to maximize the surface density of isolated, individual 

vesicles and minimize clusters of adjoining vesicles. 

AFM Setup 

All AFM experiments were performed in ultrapure water at room temperature on 

a Bruker Multimode (equipped with Nanoscope V electronics, a sealed fluid cell 

and a type JV piezoelectric scanner) using Bruker SNL-A probes (triangular 

cantilever, nominal tip curvature radius 2-12 nm, nominal elastic constant 0.35 

N/m, calibrated with the thermal noise method. 

AFM Imaging 

Imaging was performed in PeakForce mode. In order to minimize vesicle 

deformation or rupture upon interaction with the probe, the applied force setpoint 

was kept in the 150-250 pN range. Lateral probe velocity was not allowed to 

exceed 5μm/s. Feedback gain was set at higher values than those usually 

employed for optimal image quality in order to ensure minimal probe-induced 

vesicle deformation upon lateral contact along the fast scan axis (please refer to 

Ridolfi et al. 7 for further details). The average height value of all bare substrate 
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zones was taken as the baseline zero height reference. Image background 

subtraction was performed using Gwyddion 2.53.16 8. 

AFM-based Force Spectroscopy (AFM-FS) 

The mechanical characterization of vesicles via AFM force spectroscopy was 

performed by first scanning the sample (see previous paragraph) to locate 

individual vesicles. The chosen vesicles were then imaged reducing the scan size 

for achieving higher accuracy. We recorded a series of force/distance curves at 

multiple XY positions (typically around 64-100 curves arranged in a square array 

covering the vesicle initial location) for each individual vesicle. In most cases, 

only a few curves showed the mechanical fingerprint of an intact vesicle response 

to indentation: a linear deformation upon applied pressure during probe 

penetration. Of these, we first discarded those curves with probe-vesicle contact 

points occurring at probe-surface distances below vesicle height as measured by 

imaging. Remaining traces (typically 1-3 per vesicle) were analyzed to calculate 

vesicle stiffness (kS). 

 

Transmission Electron Microscopy  

Trasmission electron microscopy (TEM) images were acquired with a STEM 

CM12 Philips electron microscope equipped with an OLYMPUS Megaview G2 

camera, at CeME (CNR Florence Research Area, Via Madonna del Piano, 10 - 

50019 Sesto Fiorentino). A drop of citrated AuNPs, diluted ten times, was placed 
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on 200 mesh carbon-coated copper grids with a diameter of 3 mm and a thickness 

of 50 μm (Agar Scientific) and dried at room temperature. Then, the sample was 

analyzed at an accelerating voltage of 100 keV. 

 

Dynamic Light Scattering  

DLS measurements at θ = 90° were performed using a Brookhaven Instrument 

90 Plus (Brookhaven, Holtsville, NY). Each measurement was an average of ten 

repetitions of one minute each and repeated ten times. The autocorrelation 

functions were analyzed through the cumulant fitting stopped to the second order 

or with Laplace inversion according to CONTIN algorithm, allowing an estimate 

of the hydrodynamic diameter of particles. 

 

Z-Potential Measurements 

Zeta potential measurements were performed using a Zeta Potential Analyzer 

(Zeta Plus, Brookhaven Instruments Corporation, Holtsville, NY). Zeta 

potentials were obtained from the electrophoretic mobility u, according to 

Helmholtz-Smoluchowski equation: ζ = (η⁄ε) × u with η being the viscosity of 

the medium, ε the dielectric permittivity of the dispersing medium. The Zeta 

Potential values are reported as averages from ten measurements. 
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Supplementary Characterization of Gold Nanoparticles  

Transmission Electron Microscopy 

 

Figure S1 Representative Transmission electron microscopy (TEM) images of 

citrated gold nanoparticles acquired with a STEM CM12 Philips electron microscope, at 

CeME (CNR Florence Research Area, Via Madonna del Piano, 10 - 50019 Sesto 

Fiorentino). The sample was placed on a 200 mesh carbon-coated copper grid.  

 

Small Angle X-ray Scattering 
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The analysis of SAXS curves was carried out using Igor Pro.4 SAXS 

measurements on AuNPs aqueous dispersion were carried out in sealed glass 

capillaries of 1.5 mm diameter. To analyze gold nanospheres’ curves we chose a 

model function with a spherical form factor and a Schulz size distribution:5, it 

calculates the scattering for a polydisperse population of spheres with uniform 

scattering length density. The distribution of radii is a Schulz distribution given 

by the following equation: 

𝑓(𝑅) = (𝑧 + 1)𝑧+1𝑥𝑧
𝑒𝑥𝑝[−(𝑧 + 1)𝑥]

𝑅𝑎𝑣𝑔Γ(𝑧 + 1)
 

where Ravg is the mean radius, x = R/Ravg and z is related to the polydispersity. 

The form factor is normalized by the average particle volume, using the 3rd 

moment of R:  

〈𝑉〉 =
4𝜋

3
〈𝑅+3〉 =

4𝜋

3
〈𝑅〉+3

(𝑧 + 3)(𝑧 + 2)

(𝑧 + 1)2
 

The scattering intensity is: 

𝐼(𝑞) = (
4𝜋

3
)
2

𝑁0Δ𝜌
2∫ 𝑓(𝑅)𝑅6𝐹2(𝑞𝑅)𝑑𝑅

∞

0

 

where N0 is the total number of particles per unit volume, F(R) is the scattering amplitude 

for a sphere and ∆ρ is the difference in scattering length density between the particle and 

the solvent. The structural parameters (Table S1) of citrated gold nanoparticles 

were evaluated from the SAXS profile of their water dispersion (Figure S2) 

according to the models reported in the Materials and Methods section of SI. 
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Figure S2 Experimental SAXS curve (red markers) obtained for AuNPs and 

curve fit (solid black line) according to the Schulz spheres model from the NIST 

package SANS Utilities. The size and polydispersity obtained from the fitting 

procedure are summarized in the Table S1 below.  

 

 Rcore (nm) poly 

AuNP 6.5 0.3 

 

Table S1 Structural parameters of the nanoparticles obtained from the analysis 

of SAXS curves according to the the Schulz spheres model. 

 

Dynamic Light Scattering and Z-Potential 

AuNPs hydrodynamic diameter and surface charge in MilliQ water were 

evaluated through Dynamic Light Scattering and Zeta-Potential, respectively, 



S14 
 

and reported in Table S2. 

 Dh (nm) Z-Potential (mV) 

AuNPs 15.8 ± 0.3 -36 ± 2 

 

Table S2 Hydrodynamic diameter obtained from Dynamic Light Scattering and 

Zeta Potential values of AuNPs. 

 

UV-vis Spectroscopy 

 

Figure S3 UV-Vis absorption spectra of AuNPs after 1:5 dilution in water. The 

plasmon absorption peak is at around 521 nm.  

 

The size of AuNPs was further evaluated from UV-Vis Spectroscopy by the 

following equation 9:   
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𝑑 = exp(𝐵1
𝐴𝑠𝑝𝑟

𝐴450
− 𝐵2) 

with 𝑑 diameter of gold nanoparticles, 𝐴𝑠𝑝𝑟  absorbance at the surface plasma 

resonance peak, 𝐴450 absorbance at the wavelength of 450 nm and 𝐵1 and 𝐵2 are 

dimensionless parameters, taken as 3 and 2.2, respectively. The diameter value 

obtained is of 13.5 nm.  

The concentration of citrated gold nanoparticles was determined via UV-Vis 

spectrometry, using the Lambert-Beer law (E(λ) = ε(λ)lc), taking the extinction 

values E(λ) at the LSPR maximum, i.e. λ = 521 nm. The extinction coefficient 

ε(λ) of gold nanoparticles dispersion was determined by the method reported in 

literature 10, by the following equation: 

ln(𝜀) = 𝑘𝑙𝑛(𝑑) + 𝑎 

with 𝑑  core diameter of nanoparticles, and 𝑘and 𝑎  dimensionless parameters 

(𝑘 = 3.32111 and 𝑎 = 10.80505). The arithmetic mean of the sizes obtained by 

optical and scattering analyses was selected, leading to a ε(λ) of 2.8·108 M-1cm-1. 

The final concentration of the citrated AuNPs is therefore ~5.6·10-9 M.  
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Supplementary Characterization of Liposomes  

Dynamic Light Scattering and Zeta-Potential 

 

 Dh (nm) Zeta P 

DOPC 118.6 ± 0.2 -16 ± 1 

POPC 103.8 ± 0.1 -19 ± 3 

POPC/DPPC 92.1 ± 0.2 -22 ± 1 

DPPC 115.7 ± 0.1 -13 ± 1 

DPPC/DSPC 104 ± 0.2 -10 ± 1 

DSPC 127.7 ± 0.2 -19 ± 1 

 

Table S3 Hydrodynamic diameter obtained from Dynamic Light Scattering and 

Zeta Potential values of synthetic liposomes.  

 

Evaluation of Liposomes concentration 

The lipid concentration in the starting colloidal dispersion was estimated to be 4 

mg/mL from the initial lipid and water amounts employed in the formation and 

swelling of lipid films (see “Preparation of liposomes” in the Materials and 

Methods section), assuming the absence of lipid loss due to the extrusion 

procedure. The liposomes concentration in the final dispersion was subsequently 
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calculated considering the hydrodynamic diameter of each liposomal batch 

(Table S3 of SI). In particular, from the liposomes’ average diameter, the 

liposomal surface area (surface area=4πr2) can be calculated; the doubled surface 

can be subsequently divided by the lipid cross section (0.5 nm2) in order to obtain 

the lipid number per liposome, assuming that approximately one half of the lipids 

is localized in the external leaflet of a liposomes, since the bilayer thickness, 

about 4-5 nm, is negligible with respect to the liposomes’ average diameter. 

Eventually, the total weighted lipid concentration was divided by the total 

number of lipids per liposome, yielding the real liposome concentration, which 

is reported in Table S4 for each liposomes’ dispersion. 

 Concentration (M) 

DOPC 3.2·10-8 

POPC 3.1·10-8 

POPC/DPPC 3.6·10-8 

DPPC 3.1·10-8 

DPPC/DSPC 3.8·10-8 

DSPC 3.5·10-8 

 

Table S4 Final liposomes’ concentration in each liposomal batch. 
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Supplementary Characterization of EVs 

Zeta Potential 

The Zeta Potential of EVs dispersion in milliQ water was measured as described 

in the “Material and Methods” section of SI and is equal to -21 ± 3 mV. 

AFM characterization of synthetic and natural lipid vesicles 

AFM Mechanical Characterization 

According to the Canham-Helfrich theory, the mechanical response of a vesicle 

to an applied force is elastic; this behavior is reflected in the linear relationship 

between the force and tip penetration, in the AFM force-distance curves, right 

after the contact point (see Fig.1b in the main text). Calculating the slope of this 

linear part, gives the value of the vesicle stiffness, a mechanical parameter that 

accounts for multiple contributions, the most relevant being the intrinsic 

membrane rigidity (the bending modulus) and the vesicle luminal, i.e. internal, 

pressure. The latter contribution describes the vesicle pressurization following 

the deformation applied by the AFM tip. This deformation generates a volume 

variation that increases the pressure within the vesicle.  While the bending 

modulus is an intrinsic descriptor of the lipid membrane bending rigidity, the 

internal pressure and hence the stiffness depend on the size of each vesicle. 

Indeed, the volume variation associated with a given tip penetration varies with 
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the vesicle size (i.e. the same penetration will result in higher volume variations 

for smaller vesicles); as a consequence, vesicles that are heterogenous in size will 

be subjected to different pressurizations following similar indentation events. 

However, both the measured liposomes and EVs are characterized by low 

polydispersity, this allows considering the stiffness a size-independent 

parameter. Moreover, since all the tested liposomes were characterized by similar 

size distributions and same polar headgroups, they will experience similar 

pressurizations and electrostatic attractions to the substrate; as a result, we can 

assume that changes in their stiffness are entirely ascribable to differences in their 

membrane rigidity, which can be recapitulated by the bending modulus. 

Membrane rigidity may vary depending on the phase behavior of the lipid bilayer, 

a temperature dependent parameter. All the measurements were performed at 

28°C, where neat DOPC and POPC vesicles are in the fluid phase, while DPPC 

and DSPC ones are in the gel phase. In fluid-state membranes, lipid molecules 

can diffuse freely within the bilayer plane, while in gel- state membranes lipids 

are more tightly packed and their motion is more constrained. As a consequence, 

gel- phase bilayers are expected to be stiffer than fluid- phase ones. Our results 

from the Force Spectroscopy FS analysis (Figure 1c, main text) confirms this 

behavior, with DPPC and DSPC vesicles being substantially stiffer than DOPC 

and POPC ones. Two other important parameters that can affect the stiffness of 

a lipid bilayer are the chain length and its degree of saturation; e. g. DSPC 
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possesses two fully saturated chains, longer than all the other measured ones, 

resulting in the highest measured stiffness. Overall, the obtained stiffness values 

for neat DOPC, POPC, DPPC and DSPC vesicles (Figure 1c, main text) are in 

good agreement with results from recent AFM-FS investigations on similar 

vesicles 11. Another interesting aspect to highlight is that the stiffnesses measured 

for the hybrid lipid vesicles (POPC/DPPC and DPPC/DSPC) have intermediate 

values with respect to liposomes made of the two pure components. 

 

AFM-based characterization of EVs size distribution, concentration and purity 

AFM imaging was employed to obtain the size distribution of the EVs sample. A 

total of 166 EVs were imaged; from the topography of the AFM images, 

assuming the vesicle surface area conservation and by applying simple geometric 

consideration (see Ridolfi et al.12 for further details) it is possible to obtain the 

values of the diameter that the vesicles would have had in solution, prior to their 

adsorption to the surface (we refer to this parameter as “Size”). Figure S4 displays 

the size distribution for the EVs sample used in this study. The measured EVs 

have a mean size of 74 nm with a standard deviation of 30 nm. 
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Figure S4: EVs size distribution obtained from the AFM imaging analysis. The 

size of the EVs (reported in the horizontal axis), indicates the diameter that the 

vesicles would have had in solution, prior to their adsorption.  

 

Exploiting the AFM-based characterization method developed by Ridolfi et al.7, 

it is also possible to detect the presence of contaminants that, from a physico-

chemical point of view, do not behave like a lipid vesicle; the method is based on 

the calculation of the contact angle (CA) that each vesicle displays after 

adsorption on the surface. Both synthetic lipid vesicles and EVs are characterized 

by a narrow distribution of CA over the whole range of characteristic sizes. 

Figure S5 shows the CA values of each of the imaged EVs, plotted against their 
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size; as can be seen, the scatterplot displays only the fingerprint of the typical 

vesicle-like behavior, ruling out the presence of any contaminant on the surface.  

 

Figure S5: Scatterplot showing the contact angle of each EV, plotted against 

their respective size. According to this characterization, the EVs show the typical 

vesicle-like behavior, i.e. narrow CA distribution over the entire range of sizes 

(average CA value is 90° and the standard deviation is 11°); pointing to the 

absence of any spherical contaminant. 

 

AFM imaging was also used to estimate the starting concentration of the EVs 

sample. To do this, we compared the number of DPPC liposomes (coming from 

a solution with a known concentration and having a size distribution similar to 

the EVs) adsorbed on the glass surface with the number of EVs adsorbed on the 

same glass surface. This represents only a qualitative procedure and it is based 

on different assumptions: i) the interactions of DPPC liposomes with the glass 

surface are similar to the EVs ones, ii) the recorded images are representative of 

both the vesicles samples, iii) the size distributions of the two samples are 
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similar to each other. The concentration of the DPPC starting solution is 0.02 

mg/ml; analysing the AFM images, we recorded a total of 329 vesicles in 4 

different images, giving an average of 82.25 vesicles per image. Measuring EVs 

from TRAMP cells, we sampled 5 images, obtaining a total number of 166 

EVs; 33.20 EVs per image. From proportionality considerations, it is possible 

to estimate the concentration of the EVs, spotted on the glass coverslips, using 

the following expression: 

DPPC concentration (mg/ml)∶DPPC liposomes per image=EVs concentration 

(mg/ml) ∶EVs per image  

From the expression we obtained a concentration of 0.008 mg/ml for the EVs 

sample. Since the EVs starting solution have been diluted six times before being 

spotted on the glass surface, the starting concentration is ̴ 0.048 mg/ml.  

 

Supplementary Characterization of liposomes/AuNPs hybrids 

Small-Angle X-Ray Scattering 

SAXS measurements on liposomes/AuNPs hybrids were recorded at ID02 

beamline, ESRF (Grenoble, France), using a sample-to-detector distance of 10 

m. The analysis of SAXS curves was carried out using Igor Pro4. SAXS 

measurements on liposomes/AuNPs aqueous dispersion were carried out in 
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sealed glass capillaries of 1 mm diameter.  

The SAXS profiles of DOPC liposomes/AuNPs and POPC liposomes/AuNPs in 

Figure 2b were fitted according to a linear fit in the 0.0695-0.1142 nm-1q-range, 

to obtain the slope values reported in the main text (-1.5404 ± 0.00297 for DOPC 

and -1.4987 ± 0.00612 for POPC). The fitting yielded a chisquare of 

0.000239052 and 0.00106975, for DOPC/AuNPs and POPC/AuNPs 

respectively. 

The SAXS results of inset of Figure 2b were collected at ID02 beamline, ESRF 

(Grenoble, France), using a sample-to-detector distance of 1 m.  

The scattering intensity (I(q)) is defined by the following equation: 

𝐼(𝑞) = 𝐾𝑁𝑝𝑉𝑝
2(∆𝜌)2𝑃(𝑞)𝑆(𝑞) + 𝐵 

With k instrumental constant, Np scattering nanoparticles’ number per unit 

volume, Vp nanoparticle’s volume, ∆𝜌 contrast of the experiment, B background 

intensity, P(q) e S(q) form and structure factors, respectively. 

In order to obtain the structure factor of the liposome/AuNPs complex, we 

divided the scattering intensity of the liposomes/AuNPs hybrid by the scattering 

intensity of the neat AuNPs dispersion (at a suitable dilution of 1:10):  

                                             
𝐼(𝑞)𝐻𝑦𝑏

𝐼(𝑞)𝑁𝑃
~

𝑆(𝑞)𝐻𝑦𝑏𝑃(𝑞)𝐻𝑦𝑏

𝑆(𝑞)𝑁𝑃𝑃(𝑞)𝑁𝑃
                                      

For a diluted AuNPs dispersion the structure factor can be considered equal to 1. 

In addition, in the high-q region (0.1-1.6 nm-1), the form factor of 
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liposomes/AuNP hybrids can be approximated to the one of neat AuNPs, leading 

to the following: 

𝐼(𝑞)𝐻𝑦𝑏

𝐼(𝑞)𝑁𝑃
= 𝑆(𝑞)𝐻𝑦𝑏                                           

The mean interparticle distance between the AuNPs within the aggregates (d) can 

be obtained from the S(q) vs q (nm-1) plot (see inset of Figure 2b of the main 

text), by the following equation:  

                                                       𝑑 =
2𝜋

𝑞𝑚𝑎𝑥
                                                    

With qmax q value corresponding to the maximum of the correlation peaks 

reported in  the inset of figure 2b (main text). 

 

UV-Vis Spectroscopy 

The S.I. mean values for each liposomes/AuNPs mixtures are reported in Table 

S5, together with the relative standard deviation obtained from five repeated 

measurements on different samples (see “Preparation of liposomes/AuNPs 

hybrids” of SI).  

 S.I. mean value Standard deviation 

DOPC 1.456 0.002 

POPC 1.438 0.001 

POPC/DPPC 1.377 0.005 

DPPC 1.16 0.01 

DPPC/DSPC 1.127 0.003 
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DSPC 1.026  0.006 

 

Table S5 S.I. mean value and standard deviation for each liposomes/AuNPs 

hybrid. 

The fitting parameters describing the sigmoidal best fit (eqn. 1 of the main text) 

for the S.I. values of liposomes plotted versus the AFM-determined stiffness, 

reported in Figure 3b of the main text, are the following:  

a b c d Chi square 

1.4831 ± 

0.0485 

-0.51151 ± 

0.131 

0.026043 ± 

0.00266 

0.0063004 ± 

0.00265 

0.0015 

 

Table S6 Fitting parameters obtained by fitting the S.I. vs stiffness values of 

Figure 3c (main text) through the sigmoidal best fit (refer eqn 1 of main text for 

description of parameters). 

The extent of AuNPs aggregation was also evaluated using different optical 

indexes, both taken from literature and defined in our lab.  

In particular, as an alternative to the bending index defined in the main text, 

which is based on the determination of the area under the absorbance curve 

associated to AuNP aggregation, we defined another optical parameter (S.I. (2)). 

This alternative bending index allows evaluating AuNPs aggregation extent by 

calculating the intensity difference between the free AuNPs primary plasmon 

band (at 521 nm) and the aggregated AuNPs secondary plasmon peak, whose 

maximum is located at about 625 nm (see Figure S6). This result is then divided 

by the wavelength interval (Δλ) between the two peaks and normalized for the 

S.I. of neat AuNPs. 
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𝑆. 𝐼. (2) =
𝐼625 − 𝐼521

𝛥𝜆
 

 

Figure S6 Visual description of the S.I. (2) evaluation. 

We also selected another optical index from literature (𝐴. 𝐼.𝐶𝑂𝑁𝐴𝑁) 13,14, which is 

commonly used to describe the aggregation of AuNPs on natural and synthetic 

vesicles and defined as follows: 

𝐴. 𝐼.𝐶𝑂𝑁𝐴𝑁=
𝐼521

𝐼650 + 𝐼800
 

with 𝐼521 , 𝐼650  and 𝐼800  UV-Vis absorbances at 521, 650 and 800 nm 

respectively.  

Both the S.I. (2) and the 𝐴. 𝐼.𝐶𝑂𝑁𝐴𝑁 show a sigmoidal behaviour as a function of 

membrane stiffness, as reported in Figure S7 and Table S7.  
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 S.I. (2) A.I. CONAN  

DOPC -0.1965 ± 0.0004 0.785 ± 0.014 

POPC - 0.14 ± 0.03 0.83 ± 0.17 

POPC/DPPC 0.12 ± 0.03 1.02 ± 0.05 

DPPC 0.71 ± 0.06 1.99 ± 0.24 

DPPC/DSPC 0.76 ± 0.01 2.36 ± 0.05 

DSPC 1.04 ± 0.02 3.28 ± 0.24 

 

Table S7 S.I. (2) and A.I. CONAN mean values and standard deviations for each 

liposomes/AuNPs hybrid. 

 

 

Figure S7 S.I. (2) and A.I. CONAN mean values and as a function of membrane 

stiffness. The sigmoidal fit curve is shown in black, together with the 

corresponding equation and fitting parameters (top inset). 
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Summary

Inorganic nanoparticles (NPs) represent promising examples
of engineered nanomaterials, providing interesting biomedi-
cal solutions in several fields, like therapeutics anddiagnostics.
Despite the extensive number of investigations motivated by
their remarkable potential fornanomedicinal applications, the
interactions of NPs with biological interfaces are still poorly
understood. The effect of NPs on living organisms is mediated
by biological barriers, such as the cell plasma membrane,
whose lateral heterogeneity is thought to play a prominent
role in NPs adsorption and uptake pathways. In particular,
biological membranes feature the presence of rafts, that is
segregated lipid micro and/or nanodomains in the so-called
liquid ordered phase (Lo), immiscible with the surrounding
liquid disordered phase (Ld). Rafts are involved in various bi-
ological functions and act as sites for the selective adsorption
of materials on the membrane. Indeed, the thickness mis-
match present along their boundaries generates energetically
favourable conditions for the adsorption of NPs. Despite its
clear implications in NPs internalisation processes and cyto-
toxicity, a direct proof of the selective adsorption of NPs along
the rafts’ boundaries is still missing to date. Herewe usemulti-
component supported lipid bilayers (SLBs) as reliable synthetic
models, reproducing the nanometric lateral heterogeneity of
cell membranes. After being characterised by atomic forcemi-
croscopy (AFM) and neutron reflectivity (NR), multidomain
SLBs are challenged by prototypical inorganic nanoparticles,
that is citrated gold nanoparticles (AuNPs), under simplified
and highly controlled conditions. By exploiting AFM, we
demonstrate that AuNPs preferentially target lipid phase

∗ Authors A. Ridolfi and L. Caselli contributed equally to this work.

Correspondence to: A. Ridolfi, Consorzio Interuniversitario per lo Sviluppo dei Sis-

temi a Grande Interfase (CSGI), via della Lastruccia 3, 50019, Florence, Italy. Tel:

+39-051-6398519; e-mail: andrea.ridolfi@ismn.cnr.it

boundaries as adsorption sites. The herein reported study
consolidates and extends the fundamental knowledge on
NPs–membrane interactions, which constitute a key aspect to
considerwhen designingNPs-related biomedical applications.

Introduction

Despite the impressive technological advancement in the
design of ‘smart’ inorganic nanoparticles (NPs), their impact
on biological systems and related toxicity are still poorly
understood (Nel et al., 2009; Henriksen-Lacey et al., 2017),
limiting their effective clinical translation. The interaction of
engineered nanomaterials, either intentionally or inadver-
tently released into the environment, with living organisms
is mediated by biological barriers, such as cell plasma mem-
branes, which primarily determine NPs biological fate and
cytotoxicity (Beddoes et al., 2015). Therefore, the interaction
of NPs with biological interfaces is a key research topic, aim-
ing at the safe use of nanotechnology and maximisation of
its potential in therapeutics and diagnostics (Mendozza et al.,
2019; Zendrini et al., 2020).
In this framework, lipid-based synthetic model membranes

are useful platforms to mimic biological interfaces under sim-
plified conditions, allowing for the identification of key deter-
minants regulating nano-bio interactions (Gkeka et al., 2013;
Simonelli et al., 2015; Su et al., 2018). Supported lipid bilayers
(SLBs) are often used as 2D biomembrane models (Richter
et al., 2006; Hardy et al., 2013), enabling to precisely tune
their physicochemical properties and avoiding the complica-
tions related to the 3D nature of biological membranes. They
also represent versatile and promising platforms for the devel-
opment of biosensors (Nikoleli et al., 2018) and technological
assays for biological applications (Worsfold et al., 2006).
In addition, multicomponent SLBs models allow studying

the lateral compositional heterogeneity that characterises

© 2020 Royal Microscopical Society
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most biological membranes. The existence of discrete lipid do-
mains in natural membranes was questioned for a long time
before its direct experimental assessment (Munro, 2003). Re-
cently however, advanced experimental techniques have pro-
vided convincing evidence that the self -organisation of lipids
and proteins can induce subcompartmentalisation in cell
membranes (Lingwood & Simons, 2010), which is thought to
have a profound impact on their biological function (Sezgin
et al., 2017). A specific case of lateral organisation is repre-
sented by lipid rafts, defined as micro and/or nanodomains,
enriched in lipids such as cholesterol, sphingomyelin, sat-
urated glycerophospholipids and glycosphingolipids: these
lipids segregate in the so-called liquid-ordered phase (Lo),
which is immiscible with the surrounding liquid-crystalline
(disordered, Ld) phase (Koynova & Tenchov, 2013). This
phase heterogeneity induces a thickness mismatch between
neighbouring domains and the consequent, ergonically
unfavourable, exposure of hydrocarbon regions to water,
which results in an energetic cost, due to interfacial energy
(Heberle et al., 2013). Rafts are thought to participate in the
formation and targeting of nano-sized biogenic lipid vesicles
(e.g. extracellular vesicles, EVs) (Busatto et al., 2020). They
are also actively involved in multiple membrane processes,
for example, they act as structural platforms for organising
protein machinery (Lingwood & Simons, 2010), they can
preferentially associate with specific membrane proteins
(Simons & Ikonen, 1997) and represent centres for the as-
sembly of signalling molecules. From a mechanical point of
view, the presence of phase boundaries and, hence, bilayers
thickness mismatches, generates deformations and increases
membrane permeability (Kuzmin et al., 2005; Rawicz et al.,
2008; Sheikh & Jarvis, 2011). All these structural pertur-
bations promote the selective adsorption of materials on the
membrane; indeed, as pointed out by Hamada et al. (2012),
lateral heterogeneity, promoted by the presence of micro-sized
lipid rafts, regulates the adsorption of nano/microparticles,
with the larger ones preferring the Ld phase-domains and the
smaller ones being localised in the Lo phase-domains of cell-
sized lipid vesicles. These selective NPs adsorption pathways
are also present in the case of nano-sized lipid segregated
domains and can be studied exploiting liposomes with tune-
able rafts size (Heberle et al., 2013). However, investigating
the interaction of NPs with nanometric lipid rafts remains
a major challenge, mainly hindered by the small size of the
segregated domains, which makes standard optical tech-
niques not suitable for the task. Recent studies demonstrated
that gold nanoparticles (AuNPs) adsorb more strongly to
phase-separated multicomponent lipid bilayers; in particular,
they are believed to preferentially target phase boundaries,
due to the intrinsic negative curvature that characterises
these regions (Melby et al., 2016; Sheavly et al., 2019).
To the best of our knowledge, this behaviour has only been

investigated by computational studies (Sheavly et al., 2019)
andexperiments involvingquartz crystalmicrobalance (QCM)

(Melby et al., 2016), which provide important but indirect ev-
idences. In summary, the preferential adsorption of AuNPs
along the boundaries of nano-sized lipid domains has never
been directly observed.
To fill this gap, we exploit Atomic Force Microscopy

(AFM), to directly visualise the preferential adsorption of
AuNPs on the phase boundaries of multicomponent SLBs,
presenting both an Ld and an Lo phase-like domains and
previously characterised by neutron reflectivity (NR). The Ld
domains are mainly composed of 1,2-dioleoyl-sn-glycero-3-
phosphocholine (DOPC) with two unsaturated hydrocarbon
chains that hinder molecular packing, while the Lo do-
mains are mainly composed of 1,2-dipalmitoyl-sn-glycero-3-
phosphocholine (DSPC) lipids; cholesterol molecules occupy
the free volume between the lipid acyl chains (Toppozini et al.,
2014; Sezgin et al., 2017). The quantitative localisation and
morphometry of AuNPsadsorbedon the SLB reveal important
information regarding their interaction with the lipid matrix.
The study corroborates the already theorised differential NPs-
lipid interaction taking place at the phase boundaries of lipid
rafts. The presented results could help the development of
futureNPs-based applications that involve their adsorption on
membranes characterised by nanoscale phase segregations.

Materials and methods

Materials

Tetrachloroauric (III) acid (≥99.9%), trisodium citrate dihy-
drate (≥99.9%), methanol (99.8%), CHCl3 (≥99.9%), NaCl
(≥99.5%) and CaCl2 (99.999%) were provided by Sigma-
Aldrich (St. Louis, MO, USA). The same for 1,2-dioleoyl-
sn-glycero-3-phosphocholine (DOPC) (≥98.0%), cholesterol
(≥99.5%) and 1,2-distearoyl-sn-glycero-3-phosphocholine
(DSPC) (≥98.0%). All chemicalswere used as received.Milli-Q
grade water was used in all preparations.

AuNP preparation

Anionic gold nanospheres of 16 nm in size were synthe-
sised according to the Turkevich-Frens method (Turkevich
et al., 1951; Frens, 1973). Briefly, 20 mL of a 1 mM HAuCl4
aqueous solution were brought to boiling temperature under
constant and vigorous magnetic stirring. Two millilitres of
1% citric acid solution were then added and the solution was
further boiled for 20 min, until it acquired a deep red colour.
The nanoparticles solution dispersion was then slowly cooled
down to room temperature.

Vesicle preparation and SLB formation for neutron reflectivity
measurements

Vesicle preparation. The proper amount of a DOPC/DSPC/
cholesterol mixture (39/39/22 mol%) was dissolved in

© 2020 Royal Microscopical Society, 00, 1–10
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chloroform and a lipid film was obtained by evaporating the
solvent under a stream of nitrogen and overnight vacuum
drying. The film was then swollen and suspended in warm
(50°C) 100 mM NaCl water solution by vigorous vortex mix-
ing, in order to obtain a final 0.5mgmL–1 lipid concentration.
The resultantmultilamellar vesicles (MLVs)were tip sonicated
with a Digital Sonifier Model 450 (Branson, Hampton, NH,
USA), provided with a Horn Tip (diameter 25.4 mm), in an
intermittent-pulse mode (5 s), with a power of 400W (ampli-
tude 50%), for 15min to obtain a homogeneous dispersion of
unilamellar vesicles (ULVs).

Surface cleaning procedure. DOPC/DSPC/cholesterol single
lipid bilayers were formed on 50 × 80 × 15 mm3 Silicon mir-
rors (AndreaHolmGmbH, Tann,Germany; roughness≤5Å).
Substrates were preliminary rinsed in either ultrapure water
and ethanol, in order to remove organic residues. After that,
they were bath sonicated treated for 30 min in ethanol with a
Bandelin DL 102 3L bath sonicator (Bandelin Ultraschall seit
1955, Berlin, Germany), followed by other 30 min in ultra-
pure water (Millipore Simplicity UV). The surfaces were then
cleaned with a Novascan PSD-UV8 UV/ozone plasma (Boone,
IA,USA) for30minand rinsed inultrapurewater. Finally, they
were dried with nitrogen gas and stored in ultrapure water,
ready for the deposition.

Vesicle fusion and SLB formation. CaCl2 was added to the
vesicle dispersion, reaching a final concentration of 10 mM,
just before the injection in the NR measuring cell. This was
performed in order to promote their adhesion to the support
and their subsequent disruption. Vesicles were left incubating
for 30min; then, the saline buffer was switched to D2O to pro-
mote the vesicle disruption and SLB formation. The use of D2O
instead of ultrapure water ensures a better resolution of the
lipid structures for the NRmeasurements.

Vesicle preparation and SLB formation for AFMmeasurements

Vesicle preparation. The proper amount of a DOPC/DSPC/
cholesterol mixture (39/39/22 mol%) was dissolved in chlo-
roform and a lipid film was obtained by evaporating the
solvent under a stream of nitrogen and overnight vacuum
drying. The film was then swollen and suspended in warm
(50 °C) ultrapure water solution by vigorous vortex mixing,
in order to obtain a final 0.5mgmL–1 lipid concentration. The
resultant multilamellar vesicles in water were subjected to 10
freeze-thawcycles and extruded10 times through two stacked
polycarbonate membranes with 100 nm pore size at room
temperature, to obtain unilamellar vesicles with narrow and
reproducible size distribution. The filtration was performed
with the Extruder (Lipex Biomembranes, Vancouver, Canada)
through Nuclepore membranes.

Surface cleaning procedure. All reagents were purchased
from Sigma-Aldrich Inc (www.sigmaaldrich.com, St. Louis,

MO, USA). DOPC/DSPC/Chol supported lipid bilayers were
formed on microscopy borosilicate glass coverslips (Menzel
Gläser). Glass slides were first immersed in a 3:1 mixture of
96% H2SO4 and 50% aqueous H2O2 (‘oxidising piranha’) so-
lution for 2 h in order to remove any organic residue present
on their surface. Then, the slides were cleaned in a sonicator
bath (Elmasonic Elma S30H, Distrelec, Lainate, MI, Italy) for
30 min in acetone, followed by 30 min in isopropanol and 30
min in ultrapure water (Millipore Simplicity UV). Glass slides
were then cleaned with air plasma for 15 min (air plasma
cleanerPELCOeasiGlow,TedPella Inc.,Redding,CA,USA)and
incubated in ultrapure water for 10 min in order to maximise
the number of reactive silanols present on the surface. Finally,
theywere driedwith nitrogen gas and stick to amagnetic disk,
ready for the lipid solution deposition.

Vesicle fusion and SLB formation. A 100 µL droplet of buffer
solution was first spotted on the SiO2 slide. The buffer solu-
tion consisted of CaCl2 200 mM diluted 1:10 in KCl 100 mM.
A 10 µL droplet containing the lipid mixture was then added
to the buffer droplet and left incubating at room temperature
for 30 min in order to promote the vesicle adsorption on the
surface. After that, the droplet was removed and replaced by
a 100 µL droplet of ultrapure water which was then left in-
cubating for other 15 min. AuNPs deposition on the SLB was
obtained by adding 5 µL of a 7.8 nM AuNPs dispersion to the
ultrapure water droplet and leaving it to incubate for 10 min.
After the system equilibrated, the large droplet was gently re-
moved and the slide was inserted in the AFM fluid cell for the
measurements.

Neutron reflectivity measurements. NR measurements were
conducted at the REFSANS Horizontal TOF reflectometer
of the Helmholtz-Zentrum Geesthacht located at the Heinz
Maier-Leibnitz Zentrum in Garching, Germany (Kampmann
et al., 2006; Moulin & Haese, 2015). Neutrons in the wave-
length range 3.0–21.0 Åwere used to carry out themeasure-
ments. Two incident angles, namely 0.60° and 3.00°, allowed
collecting data in the range 0.007 ≤ Q/Å−1 ≤ 0.22. The ar-
rival times and positions of scattered neutrons were detected
on a Denex 2D 500× 700mm2 multiwire 3He detector (pixel
size 2.1× 2.9 mm2, efficiency 80% at 7 Å, gamma sensitivity
<10−6) positionedat 4.5m from the sample. The detectorwas
installed in a liftable vacuum tube in order to reach exit an-
gles up to 5.2° at themaximum elongation. In order to receive
sufficient statistics, a counting time of about 4 h for the mea-
surementwas chosen. The softwareMOTOFIT (Nelson, 2006)
was employed for the analysis of the NR curve. Details on data
analysis are reported in the SI.

AFMmeasurements

AFM setup. All AFM experiments were performed at
room temperature on a Bruker Multimode 8 (equipped with

© 2020 Royal Microscopical Society, 00, 1–10
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Nanoscope V electronics, a sealed fluid cell and a type JV
piezoelectric scanner) using Bruker SNL-A probes (triangular
cantilever, nominal tip curvature radius 2–12 nm, nominal
elastic constant 0.35Nm–1) calibratedwith the thermal noise
method (Hutter & Bechhoefer, 1993). The AFM fluid cell was
filled with a saline buffer solution, consisting of KCl 100 mM,
which has the main effect of reducing the Debye length that
characterises the electrical double layer (EDL) interaction
region between AFM tip and SLB (Müller et al., 1999). In this
way, better image resolution can be achieved.

AFM imaging. Imaging was performed in PeakForce mode.
In order to minimise deformations or rupture events induced
by the scanning probe, the applied force setpoint was kept
under 200 pN range. Feedback gain was set on values high
enough to obtain optimal image quality but low enough to
prevent the introduction of noise signals thatwould otherwise
interfere with the resolution of the different lipid domains,
having a height difference of ∼1 nm. The average height
value of all bare substrate zones was taken as the baseline
zero height reference. Image background subtractionwas per-
formed using Gwyddion 2.53.16 (Nečas & Klapetek, 2012).
In order to map the edges of lipid rafts and AuNPs, height
ranges were manually optimised to define two image masks,
the first only containing all Lo domains, the second singling
out all NPs. Once both types of objects were correctly selected
by appropriately chosen masks, a Gwyddion built-in function
was used to automatically detect edges, and the resulting im-
ages were exported. Finally, the exported images containing
the edges of either Lo domains orNPs, originally present in the
same AFM image, were superimposed to reveal all NPs–lipid
domains edge overlaps. To estimate the degree of preferential
adsorption of NPs along the rafts’ edges, we calculated the ra-
tio between the number of NPs adsorbed along the boundaries
and the total amount of NPs present in the images.

Results and discussion

Formation of supported lipid bilayers containing lipid rafts

The formation of a continuous planar bilayer [DOPC/DSPC/
cholesterol (39/39/22 mol%)], covering the vast majority of
the supporting surface, was achieved through vesicle fusion
and characterised by NR. Briefly, as described in the Mate-
rials and Methods section, liposomes in a saline buffer were
mixed with a low amount of CaCl2, injected within the mea-
surement chamber and left adsorbing on the support (a clean
Si crystal). The presence of Ca2+ ions in solution promotes
the crowding of vesicles on the surface by reducing the repul-
sive interactions between liposomes with surface charge. As
reported by Richter et al. (2006), when a critical vesicle cover-
age is reached, the stress on the vesicles becomes sufficient to
induce their rupture; in our case the phenomenon was also
favoured by the additional osmotic shock, coming from the

replacement of the saline buffer with ultrapure water. The
edges of the newly-formed SLB are energetically unfavourable
and cause the rupture of other surface-bound vesicles. If
the density of adsorbed vesicles is sufficiently high, these cas-
cade phenomena can lead to the complete surface coverage.
Given its ability to probe large sample areas (tens of millime-

tres), neutron reflectivity (NR)was herein applied to probe the
effective formation of a homogeneous SLB and its structure
along the normal to the SLB plane. Figure 1(A) shows a
representative NR profile measured for the SLB in D2O (green
circles), together with the fitting curve (red continuous line).
The curve was analysed with MOTOFIT and, consistently
with the literature (Montis et al., 2016, 2020; Luchini et al.,
2019), it was possible tomodel the profile of the SLB as a stack
of five layers (see scheme in Fig. 1B): the silicon oxide layer,
a layer of solvent (D2O), a layer for the polar headgroups in
contact with the support (inner heads), a layer for the lipid
chains (chains) and, finally, a layer for the polar headgroups
in contact with the solvent (outer heads). Each layer is char-
acterised by a defined contrast (the scattering length density,
SLD), thickness (d), roughness (ρ) and hydration (solvent %).
The curve fitting results are reported in Table 1. The overall
thickness of the bilayer is ∼ 5 nm (given by the sum of the
thickness values related to the inner and outer heads, plus
the lipid chains). The negligible hydration (0.1%) of the lipid
chains layer indicates that the surface was almost completely
covered by a homogeneous lipid bilayer. The analysis of the
experimental data allowed reconstructing the entire profile of
the SLB along the normal to the surface (see Fig. 1B).
While NR provides information on the average structure

with respect to the bilayer normal, AFM can be used to resolve
in detail the in-plane rafts morphology (Milhiet et al., 2001;
Yuan et al., 2002; Mingeot-Leclercq et al., 2008; Cai et al.,
2012). The SLB was formed on functionalised borosilicate
glass coverslips, by injecting the liposomes (this time sus-
pended in ultrapure water) in the buffer solution where they
experienced an osmotic imbalance across the membrane,
decreasing their pressurisation (please refer to ‘Materials and
methods’ section for the details). As a result, following the
adhesion to the substrate, liposomes will deform adopting
more oblate shapes (Ridolfi et al., 2019), increasing the area
occupied by each vesicle and favouring the previously de-
scribed vesicle fusion mechanism. As shown in Figure 1(C),
consistently with NR data the surface is almost completely
covered by a lipid bilayer, which presents nanometric domains
of different heights, with the brighter areas corresponding to
thicker membrane regions and the darker ones to thinner SLB
portions. Accordingly, the height distribution of Figure 1(D)
confirms the presence of two distinct lipid phase-like domains,
with height values of hd = 3.7 nm and ho = 4.7 nm, in good
agreement with the results obtained by Heberle et al. (2013)
on the same vesicle preparation. This thickness mismatch can
be ascribed to the coexistence of two lipid phases of different
composition, dictating variations in the membrane’s height
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Fig. 1. Characterisation of the multicomponent SLB formed from DOPC/DSPC/cholesterol (39/39/22 mol%) liposomes by vesicle fusion. (A) Neutron
Reflectivity profile (green circles) and best fit (continuous red line) corresponding to the SLB in D2O; from the fitting analysis the average bilayer thickness
is∼ 5 nm. (B) Scattering length density (SLD) profile, describing variations of the SLD along the direction perpendicular to the bilayer. (C) Representative
AFM topography of the SLB. The bilayer uniformly covers the surface, displaying both the Lo (brighter thicker regions) and Ld phases (darker thinner
regions) as segregated domains. The reported scalebar is 1 µm. The 500 × 500 nmmicrograph (bottom inset) displays the small hole in the bilayer that
allowed flattening the image with respect to the SiO2 surface. Two perpendicular height profiles were traced, horizontally and vertically, across the whole
image (top inset); the profiles confirm the presence of the two distinct lipid phases covering the surface. (D) Height distribution obtained from the AFM
image; the two distinct peaks, centred at hd = 3.7 nm and ho = 4.7 nm, describe the different heights that characterise the Ld and Lo phase, respectively.

(Lewis & Engelman, 1983; Petrache et al., 2000; Bleecker
et al., 2016): in particular, membrane thickness was found
to increase with length or degree of saturation of the lipid
tails (Lewis & Engelman, 1983; Petrache et al., 2000). Here
the thicker domains can be associated with the Lo phase,
which is enriched with cholesterol and DSPC, that is a fully
saturated long chain lipid. On the contrary, thinner regions
correspond to the Ld lipid phase mainly composed of DOPC,
which is characterised by a shorter tail length and two chain
unsaturated bonds. After having properly flattened the image,
by the application of amask (see Fig. S4), it is possible to deter-
mine the area fractions occupied by each of the two phases.
Heberle et al. (2013) reported the area fraction correspond-
ing to the Ld phase-like domains for liposomes of the very

same composition to be 0.52 (at a temperature of 20°C); our
calculations on SLBs at 28°C are in line with those findings,
giving a Ld area fraction of 0.50. Results also suggest that
the SLB formation did not significantly modify the amount
of Ld and Lo lipids, originally present in the unfused vesicles
and that the lipid phase behaviour is not affected by the pres-
ence of the solid support. The presented results strengthen
the essential role of AFM in providing comprehensive mor-
phological details on structure of rafted membranes. In the
following paragraph, we extend the existing literature on
AFM-based rafts characterisations (Milhiet et al., 2001; Yuan
et al., 2002;Mingeot-Leclercq et al., 2008; Cai et al., 2012), by
studying the structure of lipid rafts following their interaction
with AuNPs.
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Table 1. Curve fitting results of NR data obtained with MOTOFIT. The
reported fitting parameters are referred to the three layers composing the
bilayer [inner heads referred to the layer of polar headgroups in contact
with the support, lipid chains referred to the hydrophobic region of the
SLB, outer heads referred to the layer of polar headgroups in contact with
the solvent (i.e. D2O)]. For each layer four parameters are reported: d (Å),
the thickness of the layer; ρ (Å), roughness of the layer; SLD (10−6 Å−2),
scattering length density of the layer (calculated from the layer composi-
tion); solvent % D2O penetration in each layer.

Layer name d (Å) ρ (Å) SLD (10−6 Å−2) Solvent %

Inner heads 5 ± 2 2 ± 1 1.87 5 ± 1
Lipid chains 38 ± 3 1 ± 1 −0.18 0.1 ± 0.1
Outer heads 6 ± 2 2 ± 1 1.87 16 ± 4

Interaction of AuNPs with lipid rafts: localisation of AuNPs
at the boundaries

In order to investigate the interaction of 16 nm citrated
AuNPs (please refer to Materials and Methods for AuNP syn-
thesis and to SI for AuNPs characterisation details) with the
lipid rafts present in the SLB, 5 µL of the NPs dispersion were
injected in the ultrapure water buffer. Different literature
reports connect the presence of phase segregation within
the lipid bilayer to the selective adsorption of NPs along the
domains boundaries (Melby et al., 2016; Sheavly et al., 2019);
however, a direct proof of this interaction is still missing to
date. AFM represents one of the few techniques that could
provide the sufficient resolution to simultaneously resolve the
height difference between the two lipid domains ( ∼ 1 nm)
and the morphology of AuNPs. Despite the high resolution

provided by AFM, the measurement remains challenging,
as the spontaneous attachment of AuNPs to the probe (Fig.
S5) can often lead to imaging artefacts. In order to overcome
this problem, the AFM fluid cell was filled with the same
saline buffer used for SLB formation and the force SetPoint
was kept on very low values (lower than ∼ 200 pN). The use
of the saline buffer as imaging solution should compensate
the tip-sample electrical double-layer repulsion (Müller et al.,
1999) and limit the attachment of the NPs to the probe. In
order to identify the portions of lipid bilayer characterised
by the presence of AuNPs, images of 5 × 5 µm regions were
initially acquired. Figure 2(A) shows a representative AFM
topography of the SLB following the NPs injection. The bigger
spherical objects represent vesicles that still have to fuse
within the bilayer, while the smaller ones are the AuNPs,
which seem to be homogeneously distributed above the SLB.
From a simple AFM topography, small lipid vesicles can be

confused with AuNPs or AuNPs clusters; this could intro-
duce statistical noise to the localisation and morphometrical
analysis. We recently developed an AFM-based nanomechan-
ical characterisation able to discriminate lipid vesicles from
objects with the same morphology but different mechanical
behaviour (Ridolfi et al., 2019). This method evaluates the
deformation that lipid vesicles undergo once adsorbed on a
surface, by calculating their contact angle (α). Through the
measurement of α and by assuming that the surface area of
the vesicles is preserved upon adsorption, it is also possible to
evaluate the diameter that characterises theunperturbed vesi-
cles in solution (called Diameter in solution). As described in
Figure 3, lipid vesicles are characterised by a narrow distribu-
tion of contact angles over a wide range of sizes (Diameter in
solution), while AuNPs present a narrow size distribution and

Fig. 2. (A) Representative AFM topography of the SLB following the interaction with AuNPs. Lipid rafts are still visible as differently shaded areas. The
larger and heterogeneous spherical objects represent unfused vesicles while the smaller ones are the AuNPs that have been homogeneously adsorbed
on the lipid bilayer. Scalebar is 1 µm. (B) Transmission electron microscopy (TEM) image of the AuNPs that were used in the experiments, scalebar is
100 nm (please refer to the SI for details regarding TEM characterisation).
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Fig. 3. Plot representing the distributions of contact angle vs solution diameter of either vesicles (blue circles) and AuNPs (yellow circles). Vesicles data
have been obtained from the liposomes present in Figure 2(A) while the AuNPs data come from micrographs like the ones reported in Figure 4(A). Even
though adsorbed on the SLB, liposomes show their nanomechanical fingerprint: a narrow contact angle distribution over a wide range of sizes. Their
average contact angle is∼54°hence describing highly deformed shapes, possibly due to the SLB formation procedure. AuNPs display narrowdistributions
for both their size and contact angle, with average values of 14 nm and 109°, respectively.

higher contact angle values. This enables the easy singling
out of the AuNPs and their exclusive inclusion in the next
analysis.
In order to precisely determine whether the NPs targeted

specific locations on the lipid matrix, the size of the scanned

region was further reduced. In Figure 4(A), representative
images, with sizes of ∼ 600 × 600 nm, illustrating the SLB
decorated by AuNPs have been reported. The micrographs of
Figure 4(A) constitute the direct proof of the AuNPs selective
adsorption along the segregated phase boundaries.

Fig. 4. (A) Representative AFMmicrographs that clearly display the selective adsorption of AuNPs along the boundaries of the lipid rafts (brighter regions
of the SLB that correspond to the Lo lipid phase). From the images it is also possible to distinguish between isolated and clustered NPs. All scalebars are
100 nm. (B) Contour images obtained from themicrographs. Black lines represent the rafts edges while gold circles define the contours of the AuNPs. The
gold NPs edges are always in contact with at least one of the lines describing the lipid segregated phase boundaries.
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Fig. 5. Schematic representation of the configuration used to evaluate, from a conceptual point of view, the contact angle that would characterise an
AuNP with a diameter of 14 nm, adsorbed on a rigid flat surface and surrounded by a ∼ 5 nm lipid bilayer.

In the free image processing software Gwyddion 2.53.16,
the sequential application of differentmasks allowedmapping
the edges of either the lipid rafts andNPs shown in Figure 4(A)
and, hence, obtaining a clearer indication of their relative po-
sitions. In Figure 4(B) the contour images of NPs and rafts
have been superimposed with different colours, to highlight
that AuNPs preferentially targeted the boundaries of the two
lipid phases; indeed, the lines describing their shapes are al-
ways in contactwith the edges of the lipid rafts. To estimate the
degree of preferential adsorption of NPs along the rafts’ edges,
we calculated the ratio between the number of NPs adsorbed
along the boundaries and the total amount of NPs present on
the SLB, finding that 91% of the NPs were located along the
edges. These results prove the hypothesis that phase bound-
aries represent energetically favourable niches for lipid–NPs
interactions. As previously discussed elsewhere (Sheavly et al.,
2019), NPs adsorption induces bilayer bending, which entails
an energy penalty that increases the free energy associated
with the overall process. This energy penalty is almost com-
pletely reduced along the phase boundaries, where the local
negative curvature of the membrane, caused by the thickness
mismatchbetween the two lipid phase-like domainsminimises
the free energy associated with the NPs adsorption (Sheavly
et al., 2019).

Inclusion of AuNPs within the lipid bilayer

AuNPs have a diameter of 16 nm (refer to SI for details),
which is close to the average height measured with AFM
imaging (14 ± 2 nm). This suggests that after adsorbing on
the SLB, AuNPs probably penetrate the bilayer and reach the
SiO2 surface. This result further extends the characterisation
of NPs–lipid interaction and corroborates our vision of rafts’
boundaries as regions of increased permeability (Kuzmin et al.,
2005; Rawicz et al., 2008; Sheikh & Jarvis, 2011), where the
membrane can easily wrap around the adsorbed NPs. Re-
cent findings (Montis et al., 2020) confirm these results,
suggesting that free-standing lipid bilayers can bend around
the AuNPs surface, guided by citrate-lipid ligand exchange
at the interface. All the above hypotheses are confirmed by
the evaluation of the AuNPs contact angle with respect to

the SLB. As suggested by Vinelli et al. (2008), the contact
angle of a perfectly spherical, non-deformable (under the
considered forces) object should be 180°, while we measured
a substantially lower value. These apparent discrepancies can
be rationalised by a carefulmorphological analysis, as detailed
below.
The size of AuNPs is comparable with the tip radius; hence,

the effect of tip convolution should be taken into account.
Thiswas performed by assuming theNPs as perfectly spherical
and non-deformable objects with heights that coincide with
their actual diameters. This is a reasonable assumption given
that, during an AFMmeasurement, the error along the verti-
cal direction is negligible compared to the ones in the scan-
ning plane. As a consequence, all the measured radii were
then corrected by ∼ 6 nm (corresponding to half the differ-
ence between the average NPs height and diameter measured
by AFM). The NPs average contact angle, calculated with re-
spect to the SLB and by using the corrected radii, gave a value
of 109°, which is in very good agreement with the result that
can be obtained from a simple geometrical model (Fig. 5), fea-
turing a 14 nm spherical and undeformable NP immersed in
a∼5 nm lipid bilayer. For that case, α would be equal to 107°;
this last result confirms thatAuNPspenetrated the lipid bilayer
and reached the underlying substrate.

Conclusion

The presence of lipid rafts within the cell membrane has
been linked with multiple important biological functions, like
the formation and targeting of lipid nanovesicles. The thick-
ness mismatch that originates between the different immis-
cible segregated domains is thought to generate mechanical
stresses that enhance themembrane permeability along these
regions.Weherein exploited atomic forcemicroscopy to inves-
tigate the preferential adsorption of AuNPs along the phase
boundaries of SLBs, generated from DOPC/DSPC/cholesterol
(39/39/22 mol%) liposomes. Different works in the literature
suggested a selective adsorption of AuNPs along the bound-
aries of lipid segregated domains, but a direct observation of
this phenomenon is still missing to date. AFM allowed us to
probe the existence of nanometric lipid rafts on the newly
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formed SLB and to spot the presence of NPs along their edges,
hence providing a direct proof of this preferential adsorption
pathway. In addition, we provided useful details about the ex-
perimental procedures that could significantly improve the re-
liability of AFM imaging; indeed, one of the major challenges
hindering this type of measurements is the frequent tip con-
tamination, caused by the attachment of the NPs to the AFM
probe. We showed that the use of a saline buffer as imag-
ing solution within the AFM fluid cell leads to optimal im-
age quality and strongly reduces tip contamination events.
Then, through the application of an AFM-based morphome-
tric nanomechanical characterisation, it was also possible to
further investigate the reorganisation of the lipid bilayer, as a
consequence of the AuNPs adsorption. We found out that the
lipid matrix wrapped around the NPs, allowing them to pen-
etrate within the hydrophobic region until reaching the rigid
SiO2 surface of the slides. The theoretical calculation of the
morphological parameters describing this phenomenon is in
perfect agreement with the experimental results and further
corroborates our interpretation. Further studies will focus on
extending this characterisation to membranes with varying
compositions and employingNPs of different core and/or size.
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nation on the imaging of AuNPs adsorbed on the lipid bilayer.
Table. S1. Chemical formula, molecular volumes and corre-
sponding scattering length densities of species relevant to this
study

© 2020 Royal Microscopical Society, 00, 1–10



Gold Nanoparticles interacting with Synthetic Lipid Rafts: an 

AFM investigation 

Authors 

Andrea Ridolfi* †,1,2,3, Lucrezia Caselli †,3, Costanza Montis1,3, Gaetano Mangiapia4, Debora 

Berti1,3, Marco Brucale1,2 and Francesco Valle1,2.  

Affiliations 

1 Consorzio Interuniversitario per lo Sviluppo dei Sistemi a Grande Interfase (CSGI), via della 

Lastruccia 3, 50019 Florence (Italy). 

2 Consiglio Nazionale delle Ricerche, Istituto per lo Studio dei Materiali Nanostrutturati (CNR-

ISMN), via Gobetti 101, 40129 Bologna (Italy).  

3 Dipartimento di Chimica "Ugo Schiff", Università degli Studi di Firenze, via della Lastruccia 3, 

50019 Florence (Italy). 

4 GEMS am Heinz Maier-Leibnitz Zentrum (MLZ). Helmholtz-Zentrum Geesthacht GmbH, 

Lichtenbergstr. 1, D-85747 Garching, Germany. 

 

† A.R. and L.C. contributed equally to this work. 

*Corresponding author. Email: andrea.ridolfi@ismn.cnr.it  

 

 

 

 

 

 

 



SUPPLEMENTARY INFORMATION 

 

AuNPs characterization 

 

1. TRANSMISSION ELECTRON MICROSCOPY 

 

Trasmission electron microscopy (TEM) images were acquired with a STEM CM12 Philips 

electron microscope equipped with an OLYMPUS Megaview G2 camera, at CeME (CNR 

Florence Research Area, Via Madonna del Piano, 10 - 50019 Sesto Fiorentino). Drops of 

citrated AuNP, diluted ten times, were placed on 200 mesh carbon-coated copper grids with 

a diameter of 3 mm and a thickness of 50 μm (Agar Scientific) and dried at room 

temperature. Then, samples were analyzed at an accelerating voltage of 100 keV. 

 

2. SMALL ANGLE X-RAY SCATTERING (SAXS) 

SAXS measurements were carried out on a S3-MICRO SAXS/WAXS instrument (HECUS 

GmbH, Graz, Austria) which consists of a GeniX microfocus X-ray sealed Cu Kα source 

(Xenocs, Grenoble, France) of 50 W power which provides a detector focused X-ray beam 

with λ = 0.1542 nm Cu Kα line. The instrument is equipped with two one-dimensional (1D) 

position sensitive detectors (HECUS 1D-PSD-50 M system), each detector is 50 mm long 

(spatial resolution 54 μm/channel, 1024 channels) and cover the SAXS q-range (0.003< q 

<0.6 Å̊−1). The temperature was controlled by means of a Peltier TCCS-3 Hecus. The 

analysis of SAXS curves was carried out using Igor Pro1. SAXS measurements on AuNP 

aqueous dispersions, was carried out in sealed glass capillaries of 1.5 mm diameter. To 

analyze AuNPs profiles, we chose a model function with a spherical form factor and a Schulz 

size distribution2, which calculates the scattering for a polydisperse population of spheres 



with uniform scattering length density. The distribution of radii (Schulz distribution) is given 

by the following equation: 

(𝑅) = (𝑧 + 1)𝑧+1𝑥𝑧
𝑒𝑥𝑝[−(𝑧 + 1)𝑥]

𝑅𝑎𝑣𝑔Γ(𝑧 + 1)
 

where Ravg is the mean radius, x = R/Ravg and z is related to the polydispersity of the 

dispersion. The form factor is normalized by the average particle volume, using the 3rd 

moment of R:  

〈𝑉〉 =
4𝜋

3
〈𝑅+3〉 =

4𝜋

3
〈𝑅〉3

(𝑧 + 3)(𝑧 + 2)

(𝑧 + 1)2
 

The scattering intensity is: 

𝐼(𝑞) = (
4𝜋

3
)
2

𝑁0Δ𝜌
2∫ 𝑓(𝑅)𝑅6𝐹2(𝑞𝑅)𝑑𝑅

∞

0

 

where N0 is the total number of particles per unit volume, F(R) is the scattering amplitude 

for a sphere and ∆ρ is the difference in the scattering length density between the AuNP and 

the solvent. 

The structural parameters of citrated gold nanoparticles were evaluated from the SAXS 

profile of Figure S1 according to the above model. 

 

 



Figure S1 Experimental SAXS profile (markers) obtained for citrated AuNPs and curve fit (solid black line) according to 

the Schulz spheres model from the NIST package SANS Utilities. The size and polydispersity obtained from the fitting 

procedure are 13 nm and 0.3, respectively. 

3. UV-VIS SPECTROSCOPY 

UV-Vis spectra were measured with a JASCO UV-Vis spectrophotometer. 

The size of citrate gold nanoparticles was further evaluated from UV-Vis Spectroscopy by 

the following equation3:   

𝑑 = exp(𝐵1
𝐴𝑠𝑝𝑟

𝐴450
− 𝐵2) 

with d diameter of gold nanoparticles, Aspr absorbance at the surface plasmon resonance 

peak, A450 absorbance at the wavelength of 450 nm and B1 and B2 dimensionless 

parameters, taken as 3 and 2.2, respectively. The obtained diameter value is 16 nm.  

 

Figure S2 UV-Vis absorption spectra of citrated AuNP dispersion (after 1:5 dilution in water). The plasmon absorption 

peak is located at 521 nm. 

 

The concentration of citrated gold nanoparticles was determined via UV-Vis spectrometry, 

using the Lambert-Beer law (E(λ) = ε(λ)lc) and considering the extinction values 𝜀 (λ) at the 



LSPR maximum, i.e. λ = 521 nm. The extinction coefficient ε(λ) was determined by the 

following equation4: 

𝑙𝑛(𝜀) = 𝑘𝑙𝑛(𝑑) + 𝑎 

with d core diameter of nanoparticles, and k and a dimensionless parameter (k = 3.32111 

and a = 10.80505). The arithmetic mean of the size, obtained by both the optical and the 

scattering analyses, leads to an ε(λ) value of 4.8·108 M-1cm-1. Consequently, the final 

concentration of citrated AuNP is ~7.8·10-9 M. 

 

4. ATOMIC FORCE MICROSCOPY 

Preliminary AFM images of AuNPs adsorbed on bare mica substrates were performed in 

order to test the effect of using a saline buffer as imaging solution, to prevent the attachment 

of NPs to the AFM tip (please refer to the Materials and Methods section for details regarding 

the imaging setup and parameters). 

 
Figure S3 AFM topography representing AuNPs either isolated or clustered, adsorbed on a bare mica substrate. As 

reported in the Materials and Methods section, AFM imaging was performed using a saline buffer as imaging solution, in 

order to obtain better image quality and avoid tip contamination due to the attachment of the NPs to the probe. As can be 

seen from the image, isolated AuNPs get faithfully described by nearly perfect spherical shapes with an average contact 

angle close to 180°. Scalebar is 400 nm. 

 

 

 



Neutron Reflectivity measurements 

The software MOTOFIT was employed for the analysis of the NR curves. A five-layer model 

was employed to analyze the reflectivity profiles of neat SLBs, with scattering length density 

values calculated for each layer: a bulk subphase of Si (SLD = 2.07 * 10-6 Å-2), a superficial 

layer of SiO2 (SLD = 3.47 * 10-6 Å-2); a second layer of D2O (SLD = 6.393 * 10-6 Å-2); a third 

layer composed of the polar headgroups of the SLB of the inner leaflet (SLD = 1.87 * 10-6 Å-

2); a fourth layer composed of the bilayer’s lipid chains (SLD = -0.18 * 10-6 Å-2); a fifth layer 

composed of the polar headgroups of the outer bilayer’s leaflet (SLD = 1.87 * 10-6 Å-2); a 

bulk superphase of solvent (D2O, SLD = 6.393 * 10-6 Å-2). The scattering length density 

values for the polar headgroups and lipid chains were estimated by taking into account the 

chemical compositions and the submolecular fragment volumes of phosphatidylcholines as 

determined by Armen et al. through molecular dynamic simulations5 (see table S1).  

 

 

 

Table S1. Chemical formula, molecular volumes and corresponding scattering length 

densities of species relevant to this study 

 

Molecule Chem. Formula Volume (Å3) SLD(10-6 Å-2) 

PC headgroups C10H18NO8P 321.9 1.866 

DSPC chains C34H70 1004.6 -0.357 

DOPC chains C34H66 982.2 -0.212 

cholesterol C27H46O 630 0.210 

 

   

 



 

Figure S4 AFM topography of the SLB obtained from DOPC/DSPC/Chol (39/39/22 %w/w) liposomes. Using Gwyddion 

2.53.16 it was possible to apply a mask to selectively cover the Lo phase (characterized by higher height values) and 

estimate the area fraction of each phase. The area fractions of the Lo and Ld phases are approximately 0.50, confirming 

the results obtained by Heberle et al.6 on the very same vesicles preparation. 

 

 
Figure S5 AFM topography showing the effects of tip contamination on the imaging of AuNPs adsorbed on the lipid bilayer. 

While the SLB gets correctly imaged, all the NPs appear in “clusters” characterized by similar shapes (same protrusions 

in all the directions). This is a clear indicator that the AFM probe has been contaminated by the attachment of one or 

multiple NPs which lead to the generation of imaging artifacts. Scalebar is 400 nm. 
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A B S T R A C T   

The mechanical response of lipid membranes to nanoscale deformations is of fundamental importance for un-
derstanding how these interfaces behave in multiple biological processes; in particular, the nanoscale mechanics 
of non-lamellar membranes represents a largely unexplored research field. Among these mesophases, inverse 
bicontinuous cubic phase QII membranes have been found to spontaneously occur in stressed or virally infected 
cells and to play a role in fundamental processes, such as cell fusion and food digestion. We herein report on the 
fabrication of thin ( ̴150 nm) supported QII cubic phase lipid films (SQIIFs) and on their characterization via 
multiple techniques including Small Angle X-Ray Scattering (SAXS), Ellipsometry and Atomic Force Microscopy 
(AFM). Moreover, we present the first nanomechanical characterization of a cubic phase lipid membrane, 
through AFM-based Force Spectroscopy (AFM-FS). Our analysis reveals that the mechanical response of these 
architectures is strictly related to their topology and structure. The observed properties are strikingly similar to 
those of macroscopic 3D printed cubic structures when subjected to compression tests in material science; 
suggesting that this behaviour depends on the 3D organisation, rather than on the length-scale of the archi-
tecture. We also show for the first time that AFM-FS can be used for characterizing the structure of non-lamellar 
mesophases, obtaining lattice parameters in agreement with SAXS data. In contrast to classical rheological 
studies, which can only probe bulk cubic phase solutions, our AFM-FS analysis allows probing the response of 
cubic membranes to deformations occurring at length and force scales similar to those found in biological 
interactions.   

1. Introduction 

Lipid self-assembly encompasses a plethora of different mesophases, 
among which inverse bicontinuous cubic (QII) phases are some of the 
most intriguing [1–3]. These structures are characterized by a contin-
uous lipid bilayer membrane that subdivides the three-dimensional 
space into two interwoven systems of water channels [4]. Curved 
membranes with structures similar to the lipid QII phases are believed to 
have an important role in Nature [5], which is not fully understood. 
These phases have been found to occur spontaneously in stressed or 
virally infected cells and are believed to be involved in numerous bio-
logical processes like cell fusion and food digestion [6]. Three types of 

lipid QII phase have been reported for lipid systems [3]: QII
P, QII

D and 
QII

G, respectively corresponding to the primitive (P), double diamond 
(D) and gyroid (G) infinite triply periodical minimal surfaces [7] (IPMS, 
see Fig. S1 for their representation). In these mesophases, lipid mole-
cules self-assemble in a curved bilayer, where the middle plane is 
described by one of the three above-mentioned minimal surfaces. 

Compared to planar membranes, the complex structure of cubic 
phases imparts them with considerably higher membrane surface-to- 
volume ratios as well as a defined geometry with connected aqueous 
cavities [8]. Thanks to the amphiphilic nature of their lipid components, 
these characteristics can be exploited for the encapsulation of hydro-
phobic, hydrophilic and bioactive molecules, proteins and nanoparticles 
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[9,10]. A considerable amount of effort has therefore been put into the 
study of cubic phases as protein crystallization scaffolds [11–13] and, 
more recently, as nanoparticle-based drug delivery systems (i.e. cubo-
somes) [8,14–17]. On the other hand, the development of homogenous 
supported lipid QII phase films has received little attention despite their 
potential biomedical applications [18–21]. Analogously to how Sup-
ported Lipid Bilayers (SLBs) [22] are commonly used as surface-bound 
lamellar membrane models, Supported QII phase Films (SQIIFs) could 
be exploited as mimics of natural cubic membranes, allowing the study 
of their properties employing various surface techniques like Ellipsom-
etry, Neutron/X-ray reflectivity and Atomic Force Microscopy (AFM). 
Results from such studies could help to shed light on biological in-
teractions involving these intriguing and highly curved membranous 
interfaces. In this context, thin SQIIFs approaching the typical length 
scales of naturally occurring cubic phase membranes [5] represent a 
versatile solution for advancing the current knowledge on the properties 
and functions of non-lamellar membranes. 

To this purpose, we herein prepare thin (~150 nm) SQII
DFs, starting 

from a glycerol-monooleate (GMO) solution. GMO is a natural food 
grade, biocompatible and biodegradable lipid, known to self-assemble 
into QII phases at standard temperature and pressures in excess water 
[23,24]. We then characterize the systems with multiple techniques 
including Small-Angle X-ray Scattering (SAXS), Ellipsometry and AFM. 
Exploiting the surface-supported nature of SQII

DFs, we also probe the 
lipid architecture by means of AFM-based Force Spectroscopy (AFM-FS). 
This allowed us to perform the first mechanical characterization of a 
bicontinuous cubic membrane at the nanoscale, showing that the me-
chanical response of these structures to a localized deformation is 
strictly related to their topology and geometry. Interestingly, our anal-
ysis shows that the nanomechanical behaviour observed in SQIIFs 
closely resembles the one of macroscopic IPMS-inspired structures 
studied in material science [25–28], which possess desirable combina-
tions of high impact resistance and low density. In contrast to classical 
rheological studies which can only probe the mechanical properties of 
QII bulk phases [29–31], our AFM-FS analysis probes the response of 
these membranes to localized deformations, occurring at length and 
force scales approaching those found in biological and biomimetic in-
teractions [32]. Moreover, the close relationship between the mechan-
ical response and the topology of QII

D phase membranes allowed for the 
determination of their lattice parameter directly from the AFM 
force-distance curves, yielding results in good agreement with SAXS. 
According to our knowledge, this represents the first structural charac-
terization of non-lamellar lipid membranes through AFM-FS and pro-
vides an alternative solution to scattering and electron 
microscopy-based techniques. Through characterizing the structure 
and the mechanics of cubic phase membranes at the nanoscale, by 
means of perturbations that resemble the ones found in biological sys-
tems, our results could help to better rationalize the role and function of 
these not fully understood, yet biologically relevant self-assemblies. 

2. Experimental 

2.1. Glycerol Monooleate solution 

Glycerol monooleate (mono- and diglycerides ratio 44:1 by weight), 
denoted as RYLO™ MG19 Glycerol Monooleate (GMO), was produced 
and provided by Danisco Ingredients (now Dupont, Brabrand, Denmark) 
with the following fatty acid composition (Lot No. 2119/65–1): 89.3% 
oleic, 4.6% linoleic, 3.4% stearic and 2.7% palmitic acid. The product 
was then dissolved in chloroform reaching the desired concentrations 
for the different experiments. 

2.2. Glycerol Monooleate bulk phases 

In order to prepare the GMO bulk phase, the procedure employed by 
Mendozza et al. [33] was followed; briefly, 30 mg of GMO were 

solubilized in 1 ml of chloroform. The solvent was then removed with a 
gentle nitrogen flux, leaving a thin lipid film. The system was kept under 
vacuum overnight and sheltered from light. The dry film was fully hy-
drated with an excess of Milli-Q water and the sample was then centri-
fuged at least 5 times, changing the orientation of the vial (cap facing 
upward with another with cap facing downward) at each cycle. The lipid 
solution was then deposited on the thin Kapton film windows of the 
sandwich cells used for the SAXS measurements; the cells were subse-
quently filled with ultrapure water to ensure that the formed liquid 
crystalline is fully swollen in an excess of water. 

2.3. Spin coating of Glycerol Monooleate films 

GMO solutions were deposited on all substrates used in this study via 
spin coating. A single ≈ 10 µl drop was placed in the center of the 
substrate using a glass syringe. The substrate was then rotated at 2000 
rpm for 35 s allowing the solvent to evaporate. Successful depositions 
resulted in iridescent films uniformly covering the whole substrate. After 
spin coating, lipid films were hydrated (i.e., put into the fluid cells that 
were used in the various experiments) in order to let the lipid film 
equilibrate and self-assemble into the desired cubic architecture. 
Regarding monoolein hydrolysis, a previous study [34] showed that the 
content of free oleic acid for the type of sample used in the present work 
was below 1 mol percent after equilibrating with 5wt% water at 40 ◦C 
for 8 weeks. It is therefore unlikely that under the present conditions, 
25 ◦C and equilibration times of less than 1day, there would be signif-
icant hydrolysis of the GMO to free oleic acid even though the lipid 
liquid crystalline phases are in excess of water. Ellipsometry measure-
ments could not be performed either on Kapton substrates or on Highly 
Ordered Pyrolytic Graphite; the first substrate is not detectable by the 
polarized light while the surface of the second one is too rough for 
obtaining a clear signal from the reflected beam. To solve the issue, we 
relied on polystyrene, which is known to have a surface energy similar to 
the Kapton substrates. In order to obtain a polystyrene layer that uni-
formly covers the entire Silicon surface, a 1% wt polystyrene solution in 
toluene was utilized. A 20 µl droplet was then added to the substrate 
while spinning it at 6000 rpm for 30 s. This procedure yielded a ho-
mogeneous polystyrene layer with thicknesses ranging from 15 to 20 
nm. The thickness of the polystyrene layer was checked in every mea-
surement by Ellipsometry, for our experiments the polystyrene layer 
average thickness was 16.1 ± 1.9 nm. 

2.4. Small Angle X-ray Scattering 

Small-Angle X-ray Scattering measurements were performed with a 
SAXS Lab Ganesha instrument (JJ-Xray, Denmark), equipped with a 30 
W Cu X-ray micro-source (Xenocs, France) and a 2D 300 K Pilatus de-
tector (Dectris, Switzerland). Measurements were performed with a pin- 
hole collimated beam with the detector positioned asymmetrically at a 
distance of 480 mm from the sample, to yield azimuthally averaged 
intensities as a function of the scattering vector (q) over the range 0.016 
– 0.75 Å− 1. The magnitude of the scattering vector is defined by q =
(4πsinθ)/λ, where λ equals to 1.54 Å, Cu Kα wavelength, and θ is half of 
the scattering angle. Samples were loaded in sandwich cells with thin 
Kapton film windows and placed in a thermostat stage at 25 ◦C, 
controlled using a Julabo T Controller CF41 (Julabo Labortechnik 
GmbH, Germany). The d spacing was obtained from the positions of the 
Bragg peaks (qpeak) detected in the profiles of Fig. 2 by using the 
following equation: 

d = 2π
/

qpeak 

The lattice parameter of the cubic phase architecture, a, was calcu-
lated from the following equation: 

a = d
(
h2 + k2 + l2)1 /

2 
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where h, k and l are the Miller indexes that describe the crystalline planes 
of the lattice. 

2.5. Spectroscopic Ellipsometry 

Ellipsometry measures the change in polarization of light upon 
reflection from a surface or interface. The parameters that are used to 
characterize this polarization change are the amplitude ratio, Ψ, and the 
phase shift, Δ. Light reflection is described by the Fresnel reflection 
coefficients for the component of the light polarized parallel (p-polari-
zation), rP, and perpendicular (s-polarization), rS, to the plane of inci-
dence. The ratio rP/rS is related to the measured Ψ and Δ by the 
following equation: 

rP
/

rS = tan(Ψ)eiΔ 

When the film thickness increases to values on the same order of 
magnitude as the wavelength of the light, Δ and Ψ oscillate with the film 
thickness, making it challenging to be determined. To overcome this 
issue, spectroscopic ellipsometry offers the possibility to unambiguously 
determine the film thickness in the case of thicker films. Spectroscopic 
phase-modulated ellipsometer (SPME) (HORIBA Jobin Yvon, UVISEL) 
was therefore used for characterization of the interfacial films. The 
SPME configuration consisted of a light source, polarizer, sample, 
50 kHz polarization modulator, and analyzer followed by a mono-
chromator and detector or a multiwavelength detector. The light source 
was a xenon arc lamp with a spectral range from UV to near IR, i.e., a 
wavelength range of 190 − 2100 nm. In our experiments, the spectral 
range of 191 – 824 nm was selected, as this range was sufficient for the 
characterization of the film and gave a relatively fast acquisition time by 
using the multiwavelength mode (MWL). The angle of incidence was set 
to 70◦. The beam diameter used in our experiments was 1.2 mm, 
yielding a spot size of 2.1 mm at the interface. The azimuth settings of 
modulator (M) and analyzer (A) were 0◦and + 45◦, respectively. The 
data acquisition in the MWL mode was performed every three minutes 
for several hours. Since prolonged exposure to UV light destabilized the 
film, wavelengths in the range of UV radiation were excluded from the 
beam by using an appropriate UV filter, when performing long (more 
than 10 h) acquisitions. 

Data modelling was done using a four-layer model, i.e., silicon, SiO2, 
polystyrene, and lipid film layer. The film layer was assumed to be 
composed of lipids and water, whose percentages (assumed to be con-
stant along the height of the film) were left as free fitting parameters for 
obtaining the resulting film thickness. The DeltaPsi2 modeling package 
(HORIBA Jobin Yvon) was applied to determine the film thickness and 
the optical properties of the interfacial film. For the theoretical model, 
software default values of the optical constants for the silicon, the SiO2 
and the polystyrene layers were used. The optical constants for the lipid 
layer were previously determined by refractometry and Cauchy’s 
equation was applied to account for the wavelength dependence of the 
refractive index [35]. To fit the data and hence obtain the values of film 
thickness, the Lorentz oscillator model (slightly modified for better 
describing the lipid film properties) was used in all the measurements; 
due to the use of polystyrene, the fitted wavelength range was then 
limited to 451 – 800 nm. To minimize the mean-squared error of the 
fitting, the Levenberg− Marquardt algorithm was employed. 

2.6. Atomic Force Microscopy 

A 10 mg/ml GMO solution in chloroform was spin coated on ZYB 
grade Highly Oriented Pyrolytic Graphite (Bruker, USA). The sample 
was then inserted into the AFM fluid cell (filled with ultrapure water) 
and left equilibrating for two hours before starting the experiments. 

2.6.1. AFM setup 
AFM experiments were performed at room temperature on a Bruker 

Multimode 8 (equipped with Nanoscope V electronics, a sealed fluid cell 
and a type JV piezoelectric scanner) using Bruker SNL-A probes (trian-
gular cantilever, nominal tip curvature radius 2–12 nm, nominal elastic 
constant 0.35 Nm–1) calibrated with the thermal noise method [36]. The 
AFM fluid cell was then filled with ultrapure water. 

2.6.2. Imaging 
Imaging was performed in PeakForce mode. When scanning larger 

areas, the applied force setpoint was kept in the 150–250 pN range and 
lateral probe velocity was not allowed to exceed 5 µm/s. This type of 
parameter optimization allowed for an accurate description of the film 
profile and estimation of its thickness. The average height value of all 
bare substrate zones was taken as the baseline zero height reference. 
Image background subtraction and thickness estimation were performed 
using Gwyddion 2.53 [37]. For revealing the presence of the cubic ar-
chitecture, 100 × 100 nm2 areas of the sample were scanned. In this 
case, parameters like force setpoint, gain and lateral probe velocity were 
optimized in order to achieve the best image quality and hence resolve 
the cubic lattice. Both image analysis and calculation of the autocorre-
lation function (ACF) were performed in Gwyddion 2.53 [37]. From the 
autocorrelation function image, it was then possible to obtain the pro-
files of the peaks and valleys defining the cubic architecture and hence 
to estimate the average lattice parameter of the whole structure (more 
details in the SI). 

2.6.3. Force Spectroscopy 
The mechanical response of the cubic phase lipid film was charac-

terized by means of AFM-Force Spectroscopy. To this end, we recorded a 
series of force-distance curves at multiple XY positions (typically around 
64–100 curves arranged in a square array) located on the surface of the 
lipid film. The acquired curves were then analyzed using a custom Py-
thon script automatically applying a Savitzky-Golay filter for noise 
smoothing, then discarding curves not presenting any indentation peak, 
finally locating each peak position within a curve. The procedure was 
iterated for all the recorded curves; a total of 211 curves were used for 
the analysis. 

3. Results 

In order to obtain SQII
DFs approaching the thicknesses of natural QII 

membranes, GMO was dissolved in chloroform at a concentration of 
10 mg/ml and subsequently spin-coated on the different experimental 
substrates. As reported by Rittman et al. [19], this procedure yields an 
iridescent film that can be subsequently hydrated in order to allow the 
GMO molecules to self-assemble into the expected cubic architecture 
(QII

D phase for room temperature, atmospheric pressure and excess 
water); all these steps are graphically schematized in Fig. 1. 

For SAXS, the GMO solution was directly spin-coated on the Kapton 
windows of the measuring cells; films were then hydrated and probed 
using X-rays (see Experimental section for more details). Fig. 2 shows 
the diffractogram of the GMO-based lipid film prepared from a 10 mg/ 
ml GMO:chloroform solution, compared with the ones obtained from 
more concentrated GMO:chloroform solutions (100 and 1000 mg/ml). 
For comparison, the diffractogram of the fully hydrated bulk phase (see 
the Experimental section for sample preparation) is also included. 
Despite forming a conspicuous, homogeneous iridescent film, after 
being spin-coated on the substrate from a 10 mg/ml GMO:chloroform 
solution, no Bragg peaks are visible in the diffractogram. 

This is most likely due to the relatively low intensity of the X-ray 
source in the lab SAXS setup employed for the measurements, which 
does not allow resolving the diffraction pattern from the limited number 
of cubic domains in the obtained thin lipid film. However, using more 
concentrated GMO:chloroform solutions (which yield thicker films by 
spin coating) resulted in progressively more defined Bragg peaks. 

The position of the single peak from the sample prepared from 
100 mg/ml GMO:chloroform solution is compatible with the 
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crystallographic plane identified by the {1 1 0} Miller indexes and 
corresponds to a lattice parameter of 90 Å while the lattice parameters 
determined for the film from a 1000 mg/ml GMO:chloroform solution 
and bulk phase are 92.6 ± 0.2 Å and 92.8 ± 0.3 Å, respectively (deter-
mined using the {1 1 0}, {1 1 1}, {2 0 0} and {2 1 1} Miller indexes, as 
described in Fig. 2). The analysis of the Bragg peaks position is consis-
tent with the formation of an ordered QII

D architecture that is mostly 
independent of the film thickness. All these results thus suggest that the 
same lipid arrangement should also be present in the sample obtained 
from the 10 mg/ml GMO:chloroform solution, despite it not being 
detectable by our lab SAXS setup. Due to this, the 10 mg/ml sample was 
further investigated to confirm the formation of SQII

DFs. 
Ellipsometry was used to confirm the formation of a thin SQII

DF from 
the 10 mg/ml GMO:chloroform solution; more precisely, to measure the 

thickness and the stability of the lipid film over time. Since Kapton 
cannot be probed by polarized visible light, the lipid solution was spin- 
coated on a silicon substrate coated with a thin polystyrene layer. As 
shown in Fig. 3, Ellipsometry reveals the formation of a continuous lipid 
film with a thickness of 110–150 nm. Results from Fig. 3 also reveal that 
the lipid film is destabilized by UV light, after an exposure of ̴ 6 h, while 
the film remains stable for more than 15 h in visible light. 

Polystyrene is partially miscible with the chloroform contained in 
the GMO solutions and this might have introduced some contamination 
of the lipid film. The effect of a 10 µl droplet of chloroform on the 
polystyrene substrate was checked by ellipsometry and revealed an 
average 10 nm decrease in the layer thickness; this effect was considered 
during the fitting procedure for estimating the thickness of the GMO 
films. Nevertheless, since GMO is not miscible with polystyrene, this 
contamination would only pertain to the lowest layer, not significantly 

Fig. 1. : Fabrication of SQII
DFs. The GMO/chloroform solution is deposited on top of a rigid substrate which is then put under rotation using a spin coater. This 

results in an iridescent film, visible to the naked eye, which can then be hydrated to allow GMO to self-assemble into the expected cubic architecture. At room 
temperature, atmospheric pressure and in excess of water, the resulting lipid film will be characterized by the repetition of multiple QII

D (Pn-3 m space group 
symmetry) unit cells in the 3D space, hence generating the so called QII

D phase. The surface of each unit cell presents a lipid bilayer that cover the whole IPMS. 

Fig. 2. : SAXS characterization of lipid QII
D phase films at different GMO 

concentrations. While it is not possible to identify any Bragg peak in the more 
diluted sample (purple curve), they become more pronounced as the concen-
tration of the sample is increased (until reaching the bulk phase). Peak positions 
are compatible with the formation of an ordered QII

D phase, at all 
concentrations. 

Fig. 3. : Results from the Ellipsometry analysis. Film thickness ranges from 110 
to 150 nm. The 1st and 2nd acquisitions (green squares and blue circles) were 
performed using the entire wavelength spectrum (including UV light); as can be 
seen from the plot, after ̴ 6 h, the film is destabilized by prolonged exposures to 
UV light. The measurement without UV light (gold diamonds) shows that the 
lipid film remains stable and preserves its original thickness even after 15 h. 
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influencing the lipid film. Unfortunately, these ellipsometry measure-
ments are not possible on the Kapton substrates, but Kapton is known to 
have excellent resistance towards chloroform. Therefore, the effect of 
Kapton solubilization is negligible and is not expected to influence the 
SAXS patterns, which is related to the whole lipid layer. The local sur-
face structure of these thin lipid films was then determined via AFM 
imaging in liquid. Image analysis reveals that the probed lipid film 
presented a cubic architecture, directly exposed to the water interface 
(Fig. 4a). According to Larsson [38], one of the two water channel 
networks must be capped at the surface of a bicontinuous cubic phase 
assembly, to ensure bilayer continuity. The pattern displayed in Fig. 4a 
and b therefore only represents the channel network open to the bulk 
water. This means that the observed features are separated by a distance 
equal to a

̅̅̅
2

√
, where a is the lattice parameter (for a more detailed 

representation and description refer to the work by Rittman et al. [19]). 
After performing routine image postprocessing procedures, the calcu-
lation of the 2D autocorrelation function (ACF) [37] (Fig. 4b) allows 
reducing the background noise and estimating a lattice parameter of 
97.6 ± 0.3 Å (please refer to the SI for further details about the calcu-
lation). This is in good agreement with the SAXS analysis performed on 
thicker films and compatible with a QII

D phase. 
Film morphology at larger length scales was then assessed by 

performing AFM imaging on 10 × 10 µm2 regions (Fig. 4c). As estimated 
via AFM images, film thickness was 1̴50 nm (Fig. 4d), in agreement with 
ellipsometry results. The results are also consistent with those proposed 
by Rittman et al. [19], who determined a lattice parameter of 
100 ± 10 Å for similar spin-coated cubic phase lipid films. 

After characterizing their structure, SQII
DFs were employed as cubic 

membrane models for investigating the mechanics of these non-lamellar 
lipid architectures. To this purpose, AFM-FS was used for probing the 
mechanical response of the QII

D lipid architecture to nanoscale 
deformations. 

In a typical AFM-FS experiment, the AFM tip is used to indent the 
sample and study its mechanical response to deformations (Fig. 5). The 
forces experienced by the AFM tip while indenting the sample are 
recorded as a function of its penetration depth and plotted as force- 
distance curves (Fig. 6a). The results from the AFM-FS measurements 
demonstrate that the mechanical response of the QII

D cubic architecture 
is completely different from the typical Hertzian regime observed for 
SLBs [39]. As exemplified by the force-distance curve shown in Fig. 6a, 
after an initial, approximately linear regime, all the recorded force 
curves are characterized by a sequence of indentation peaks. Each peak 
corresponds to the sequential mechanical failure of successive cubic unit 
cells. Interestingly, the force required to penetrate each unit cell seems 
to be independent of the penetration depth, meaning that the 

Fig. 4. : AFM imaging characterization of nanometric GMO-based lipid films: a) the topography of the film surface shows that the film possesses a cubic architecture, 
exposed to the water interface; b) applying a 2D ACF to the raw AFM image allows noise reduction and calculating the lattice parameter from the observed unit cell 
lattice pattern (white frame); c) 10 × 10 µm2 topography of the lipid film, confirming the presence of an essentially continuous film; d) height profile along white line 
in panel c. Occasional SQII

DF discontinuities allow estimating its thickness (≈150 nm). 
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mechanical resistance of each cubic unit is relatively unaffected by the 
ones located in lower regions of the film, which still have to be indented. 

While the mechanical properties of these nanoarchitectures are still 
not fully understood at the nanoscale, IPMS-inspired macroscopic 
structures are gaining increasing attention in engineering applications 
where their combination of light weight, high impact- and stress- 
resistance represents a promising solution for multiple structural chal-
lenges [25–28]. 

Even though these macroscopic structures and QII lipid membranes 
have vastly different length scales, they share the same topology. This 
suggests that some of the mechanical properties studied on macroscopic 
QII structures could remain valid for their nanoscale counterparts and 
could help the development of potential bioinspired nanomaterials. 

Comparing our AFM-FS curves with the ones obtained from 
compression tests on macroscopic 3D printed IPMS-inspired architec-
tures [25,26,28] reveals the same peculiar mechanical response 
emerging in both samples, despite their length scales differing by more 
than six orders of magnitude. This observation suggests that the me-
chanical behaviour of these structures is mostly conserved even at the 
nanoscale. 

The indentation peaks located along the force-distance curves can 
also be used to obtain a complementary structural characterization of 
the QII

D mesophase. As can be seen in Fig. 5, the height of each cubic unit 
cell also represents the characteristic length scale of the whole archi-
tecture, i.e., its lattice parameter. 

It is possible to obtain this structural parameter from AFM-FS curves, 
by calculating, for each force-distance curve, the ratio between the 
observed film thickness (as determined by the contact point, see Fig. 6a) 
and the number of peaks found in that specific curve (i.e., the number of 

unit cells that were penetrated before reaching the substrate). Eq. 1 
summarizes the described procedure. 

Film thickness
n◦ of peaks (unit cells)

= Average lattice parameter (1) 

This allows us to obtain a direct estimation of the vertical separation 
between successive cells. Estimates from 211 curves were then pooled, 
yielding a monomodal distribution of values (Fig. 6b) which can be 
fitted with a Lorentzian function centered at ̴100 Å, in agreement with 
the lattice parameters from both the SAXS and the AFM imaging ana-
lyses (92.6 Å and 97.6 Å, respectively). According to our knowledge, 
this analysis provides the first example in the literature on the use of 
AFM-FS for characterizing the structure of non-lamellar lipid mem-
branes. Despite lacking the accuracy of the more traditional scattering 
(involving both X-rays and/or neutrons) [18,40,41] and cryo-electron 
microscopy [6,42] techniques, AFM-FS represents an alternative way 
to obtain a structural analysis of these lipid mesophases surface layers. 

4. Conclusions 

In conclusion, this work reports on the fabrication of thin supported 
lipid films with nanometric thickness, presenting a QII

D architecture. 
After probing the structure and the stability of the systems by means of 
SAXS, Ellipsometry and AFM imaging, AFM-FS was used to obtain the 
first nanomechanical characterization of these membranes. Differenti-
ating from classical rheological studies, which could only provide bulk 
characterizations, AFM-FS allowed us to probe the mechanics of these 
lipid architectures via forces occurring at the nanoscale level and 
generating localized deformations, that resemble the ones involved in 
biological membrane interactions [32]. The mechanical response of the 
probed lipid QII

D phase films also revealed interesting analogies with 
studies performed on similar macroscopic 3D printed structures, sug-
gesting that the response of these architectures to an applied force is 
independent of their size and related to their topology. This finding 
could help the development of bioinspired nanomaterials but also pro-
mote the use of macroscale membrane models for understanding the 
complex mechanics of these non-lamellar lipid architectures. Finally, 
AFM-FS was employed for estimating the lattice parameter of the probed 
QII

D membranes; the analysis of the force-distance curves gave results in 
good agreement with both the previous SAXS and AFM imaging exper-
iments. In this context, our AFM-FS analysis provides the first example of 
this technique being used for characterizing the structure of 
non-lamellar lipid mesophases, thus offering an alternative solution to 
the more commonly used scattering and cryo-electron microscopy-based 
techniques. 

Fig. 5. : Representation of a typical AFM-FS experiment on a QII
D phase film; 

the AFM tip indents the sample causing a deflection of the cantilever. Recording 
the forces experienced during the indentation allows analyzing the mechanical 
response of the sample. 

Fig. 6. : AFM-FS analysis of the lipid QII
D phase 

film: a) representative force-distance curve, 
describing the forces experienced by the AFM 
tip during the indentation of the cubic archi-
tecture; red crosses identify indentation peaks, 
corresponding to the mechanical failure of 
successive cubit unit cells; b) distribution of the 
lattice parameters obtained by dividing, in each 
force-distance curve, the value corresponding 
to the contact point by the number of peaks 
found in that specific curve; the distribution 
was fitted with a Lorentzian function and its 
centre was located at a lattice parameter value 
of ̴ 100 Å, in agreement with previous SAXS and 
AFM imaging analyses.   
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[37] D. Nečas, P. Klapetek, Gwyddion: an open-source software for SPM data analysis, 
Cent. Eur. J. Phys. 10 (2012) 181–188, https://doi.org/10.2478/s11534-011- 
0096-2. 

[38] K. Larsson, Aqueous dispersions of cubic lipid–water phases, Curr. Opin. Colloid 
Interface Sci. 5 (2000) 64–69, https://doi.org/10.1016/S1359-0294(00)00040-6. 

[39] S. Garcia-Manyes, F. Sanz, Nanomechanics of lipid bilayers by force spectroscopy 
with AFM: a perspective, Biochim. Biophys. Acta Biomembr. 1798 (2010) 
741–749, https://doi.org/10.1016/j.bbamem.2009.12.019. 

A. Ridolfi et al.                                                                                                                                                                                                                                  



Colloids and Surfaces B: Biointerfaces 210 (2022) 112231

8

[40] P. Garstecki, R. HoŁyst, Scattering patterns of self-assembled cubic phases: 2. 
Analysis of the experimental spectra, Langmuir 18 (2002) 2529–2537, https://doi. 
org/10.1021/la011299h. 

[41] B. Angelov, A. Angelova, V.M. Garamus, G. Lebas, S. Lesieur, M. Ollivon, S. 
S. Funari, R. Willumeit, P. Couvreur, Small-angle neutron and X-ray scattering 

from amphiphilic stimuli-responsive diamond-type bicontinuous cubic phase, 
J. Am. Chem. Soc. 129 (2007) 13474–13479, https://doi.org/10.1021/ja072725. 

[42] S.B. Rizwan, Y.D. Dong, B.J. Boyd, T. Rades, S. Hook, Characterisation of 
bicontinuous cubic liquid crystalline systems of phytantriol and water using cryo 
field emission scanning electron microscopy (cryo FESEM), Micron. 38 (2007) 
478–485, https://doi.org/10.1016/j.micron.2006.08.003. 

A. Ridolfi et al.                                                                                                                                                                                                                                  



Supplementary Information 

 

Nanoscale structural and mechanical characterization 

of thin bicontinuous cubic phase lipid films 

Andrea Ridolfia,b,c,*, Ben Humphreysd, Lucrezia Casellia,c, Costanza Montisa,c, Tommy Nylanderd,e,f, 
Debora Bertia,c, Marco Brucalea,b,* and Francesco Vallea,b,*.  

a Consorzio Interuniversitario per lo Sviluppo dei Sistemi a Grande Interfase, 50019 Firenze, Italy. 

b Consiglio Nazionale delle Ricerche, Istituto per lo Studio dei Materiali Nanostrutturati, 40129 Bologna, Italy. 

c Dipartimento di Chimica “Ugo Schiff”, Università degli Studi di Firenze, 50019 Firenze, Italy. 
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Figure S1 

 

The three types of QII unit cells observed for lipid liquid crystalline mesophases, corresponding to 
Infinite Triply Periodical Minimal Surfaces (IPMS). The IPMS describe the midplane of the curved 
lipid bilayer that form the bicontinuous structure.  

Figure S2 



 

Calculation of the lattice parameter from the AFM image 

From the autocorrelation function (ACF) image (Figure 4 b and Figure S2 a) it is possible, exploiting 
the free image analysis software Gwyddion 2.53 [1], to select a specific section of the image (Figure 
S2 a dotted black line) and to obtain the profiles that describe the peaks and valleys defining the 
observed pattern; this allows estimating their spacing via the average peak to peak distance (Figure 
S2 b). As explained in the manuscript, in order for the bilayer to remain continuous, one of the 
network of channels is capped by the bilayer [2]; this translates into a spacing between the features 
equal to a√2  with a being the lattice parameter (for a more detailed representation and description 
refer to the work by Rittman et al. [3]). For this reason, the average peak to peak distance obtained 
from the profile of Figure S2 b has to be divided by √2 to yield the lattice parameter of the cubic 
architecture. In order to obtain the lattice parameter reported in the manuscript, the average peak to 
peak distance from multiple sections (selected along both the “diagonal directions”) were evaluated. 
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Interaction of nanoparticles with lipid films: the
role of symmetry and shape anisotropy†
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Pierfrancesco Maltoni, ‡a Jean-François Moulin, c Debora Berti, a

Nina-Juliane Steinke,§d Emil Gustafsson,e Tommy Nylander *fg and
Costanza Montis *a

The bioactivity, biological fate and cytotoxicity of nanomaterials when they come into contact with living

organisms are determined by their interaction with biomacromolecules and biological barriers. In this context,

the role of symmetry/shape anisotropy of both the nanomaterials and biological interfaces in their mutual

interaction, is a relatively unaddressed issue. Here, we study the interaction of gold nanoparticles (NPs) of

different shapes (nanospheres and nanorods) with biomimetic membranes of different morphology, i.e. flat

membranes (2D symmetry, representative of the most common plasma membrane geometry), and cubic

membranes (3D symmetry, representative of non-lamellar membranes, found in Nature under certain

biological conditions). For this purpose we used an ensemble of complementary structural techniques,

including Neutron Reflectometry, Grazing Incidence Small-Angle Neutron Scattering, on a nanometer

lengthscale and Confocal Laser Scanning Microscopy on a micrometer length scale. We found that the

structural stability of the membrane towards NPs is dependent on the topological characteristic of the lipid

assembly and of the NPs, where a higher symmetry gave higher stability. In addition, Confocal Laser Scanning

Microscopy analyses highlighted that NPs interact with cubic and lamellar phases according to two distinct

mechanisms, related to the different structures of the lipid assemblies. This study for the first time

systematically addresses the role of NPs shape in the interaction with lipid assemblies with different symmetry.

The results will contribute to improve the fundamental knowledge on lipid interfaces and will provide new

insights on the biological function of phase transitions as a response strategy to the exposure of NPs.

Introduction

Living organisms are increasingly exposed to nanomaterials,
either intentionally administered or unintentionally released in
the environment. The interaction of nanosystems with
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biological matter proceeds through an intricate balance of
forces,1–3 occurring at the nano-bio interface, where nano-
materials, e.g. nanoparticles, meet biological fluids and barriers
(such as biological membranes). Disentangling these contributions
is key to understand the fate of the nanoparticles in living systems,
in particular their toxic effects and, concerning nanomaterials
designed for nanomedicine, their efficacy in reaching their
biological target.4–10 In this context, where multiple factors and
forces are simultaneously at play, the concept of symmetry, which
can be related both to the shape of NPs and to the nanoscale
structure of the target biological membrane, is particularly
interesting.

The role of NPs shape asymmetry is currently the focus of
extensive research. Both experimental and computational
studies highlight that the anisotropy of NPs is a determining
factor in their internalization pathways in cells.4,11–15 In parti-
cular, NPs shape modifies the area available for NPs adsorption
on lipid surfaces,16 therefore modulating the strength of
NP-membrane adhesion forces. Additionally, topological effects
are significant in the surface functionalization of NPs (e.g.,
ligand surface density), affecting their chemical identity.17

Finally, a high surface curvature, either uniformly distributed
on the surface of NPs (e.g., small NPs with sizes of a few nm) or
localized at the sharp edges of asymmetric NPs (e.g., nanorods),
is associated to higher energetic costs in terms of wrapping and
internalization by membranes.3,12,14,15 Anisotropic NPs, unlike
spheres, can reorient in proximity to the lipid interface to
minimize this energy penalty and maximize the adhesion
strength to the membrane.18

On the other side, biological membranes are commonly
characterized by a planar geometry with a bidimensional
structure, i.e., an infinite plan constituted by a lipid bilayer.
However, such arrangement can undergo striking temporary or
permanent topological modifications in selected conditions,
for instance in cell trafficking phenomena or in pathological
conditions, often related to a significant symmetry alteration.
In particular, curved membrane configurations characterized
by a 3D symmetry, as cubic bicontinuous arrangements, are
known to occur in cells under pathological conditions (e.g.,
drug detoxification, starving, infection, oxidative stress, and
cancer disease) or during certain phases of cell life (e.g.
membrane fusion).19–21 Up to now, the investigations related
to these so-called ‘‘cubic membranes’’ have been limited to a
descriptive level, while their biological function remains
practically unexplored.20,21 This is mainly due to the transient
nature of non-lamellar biological membranes, which makes
their investigation in natural systems very challenging.21 In this
framework, lipid models of synthetic nature, mimicking cubic
membranes structure, can be used to simplify the investigation.
Our recent findings22–24 show that it is possible to obtain solid-
supported lipid model surface layers of cubic symmetry, with
controlled physicochemical and structural features, enabling
the study of NPs-cubic membranes interaction in highly
simplified and controlled conditions.

Here we investigate how gold nanoparticles (AuNPs) of
different symmetry (namely gold nanospheres (AuNSs) and

gold nanorods (AuNRs)) but similar size and surface coating,
interact with target lipid films of different internal structure
(namely a lamellar phase, of 2D symmetry, and a cubic phase,
of 3D symmetry). By combining neutron scattering techniques
(Neutron Reflectivity and Grazing-Incidence Small-Angle
Neutron Scattering (GISANS)) with Confocal Laser Scanning
Microscopy (CSLM), we unravel NPs-lipid films interaction as
a function of time, from few minutes to many hours, and at
different lengthscales (from nanometers to micrometers).

Our results show that the shape and symmetry of both the
NPs and the lipid mesophase are key factors in driving the
mechanism and strength of NP–lipid film interaction. Overall,
these findings improve our understanding of the nano-bio
interface. In addition, this contribution provides potential
insights into the role of cubic membranes in biological
systems.

Results and discussion
Characterization of gold nanoparticles and lipid films of
different symmetry

Cationic gold nanospheres (AuNSs) and nanorods (AuNRs) in
water were prepared according to well-known synthetic
routes.25–28 The concentration of particles was determined by
ICP-AES, as described in the ESI.† Fig. 1, Panel (a) shows the
Small Angle X-ray Scattering (SAXS) profiles and Transmission
Electron Microscopy (TEM) images of both AuNSs and AuNRs.
SAXS of AuNSs were analysed with a spherical form factor with
Schulz polydispersity. AuNSs were found to be polydisperse
spheres (PD 0.4) with a metal core of 3.4 nm, in perfect
agreement with TEM (d = 3.4 � 0.6 nm). SAXS data of AuNRs
were analysed applying a model with cylindrical form factor
with a polydisperse cross section. The fitting parameters are
consistent with 7.4 (length width�1) aspect ratio nanorods
(length 19.2 nm, diameter 2.6 nm (PD 0.2)), in line with TEM
analysis (length 18 � 5 nm, diameter 4 � 1 nm). The cationic
capping agents of AuNSs and AuNRs (mearcaptoundecyl-N,N,N-
trimethyl ammonium bromide (TMA) and cetyltrimethyl
ammonium bromide (CTAB), respectively) determine for both
spheres and rods an overall positive zeta potential (+26 � 1 mV
for AuNSs, +45 � 2 mV for AuNRs). In summary, both AuNSs
and AuNRs are characterized by a net positive charge, which
has been shown to result in a strong attractive interaction with
zwitterionic phospholipid membranes, characterized by a
slightly negative zeta potential.1,29 In addition, spherical NPs
are characterized by a diameter similar to the rods cross section
diameter; therefore, the main difference between AuNSs and
AuNRs is the strong asymmetry of AuNRs, with two curved
surfaces (the poles), separated by a cylindrical body.

Lipid films on glass coverslips of different liquid crystalline
structure were prepared by spin-coating n-hexane solutions of
1-monoolein (GMO) to produce a cubic phase film and of GMO/
DOPC (1,2-dioleoyl-sn-glycero-3-phosphocholine) (50/50 mol%)
to obtain a lamellar phase film. For CLSM experiments, a
fluorescent hydrophobic dye (Nile Red, 0.1 mol% with respect
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to the total lipid amount) was added. The lipid films were then
dried in vacuum to completely remove the solvent and
subsequently hydrated with an excess of water. Fig. 1, Panel
(b), displays the 3D reconstructions of fully hydrated GMO and
GMO/DOPC films. The morphology of the films at the micron-
scale appears very similar, i.e., a homogeneous thickness
(of 10 � 2 mm for both films), with low roughness. Due to the
different compositions, it is expected that the lipid films
are characterized by a different structural arrangement at a
nanometric length scale: a Pn3m cubic phase for GMO films
and a La lamellar phase for GMO/DOPC films (see the schemes
in Fig. 1b). This was confirmed by neutron reflectometry as
described in the following section.

Nanoparticles-lipid films interaction at a nanometric
lengthscale

GMO and GMO/DOPC films were formed on ultra-polished
silicon blocks and fully hydrated with excess D2O, they were
then equilibrated for 12 h before characterisation with Neutron
Reflectivity. Subsequently, AuNSs in D2O were pumped in the
measurement cell at a concentration of 3 � 1014 particles mL�1

(corresponding to 0.12 mg mL�1 gold concentration). It is
worth noticing that, being lamellar and cubic films prepared
with the same total amount of lipid, the same AuNSs concen-
tration was employed to challenge lamellar and cubic films.
Then, after 8 h incubation, the reflectivity curve for the lipid
films in the presence of AuNSs was recorded.

The reflectivity profiles of GMO/DOPC (Fig. 2a) and GMO
(Fig. 2b) films without NPs are consistent with the formation of
highly ordered mesophases, with multiple Bragg reflections.

Also the detector images (inset in Fig. 2) show considerable off-
specular scattering that reflects the structure of the lipid films.
In particular, the reflectivity profile of the GMO-DOPC film
features two prominent Bragg peaks located at 0.099 and
0.192 Å�1, corresponding to the first two reflexes of the lamellar
La phase. As sketched in Fig. 2a (left inset), the lamellar
structure of the micrometric film consists of a stack of flat
lipid bilayers separated by water layers. The unit cell spacing
was calculated using the Q-position of the maximum intensity
first-order reflexes30 (see ESI,† for details), yielding a value of
64 � 1 Å. This value is consistent with previous results obtained
for a bulk GMO/DOPC La-phase.31 Considering a thickness of
about 34–37 Å for the GMO/DOPC bilayer (based on 37 Å and
34 Å for DOPC and GMO bilayers,32,33 respectively), the water
interlayers will have a thickness of 26–29 Å. The reflectivity
profile of the GMO lipid film (Fig. 2b) presents at least two
clearly distinguishable Bragg peaks, indicating also in this case
a highly ordered internal structure. The position of these two
peaks are at Q-values 0.091 and 0.111 Å�1. These Q values can
be associated to an inverse cubic phase with crystallographic
space group Pn3m, corresponding to Miller indices (110) and (111).
As depicted in the right inset, this structure has a bicontinuous
nature, featuring a single lipid bilayer with negative curvature at the
interface between lipid polar headgroups and water, which divides
the inner space into two sets of interwoven aqueous channels. The
lattice spacing d, calculated as described in the ESI,† is 95 � 0.5 Å,
corresponding to a water channel diameter of 44 Å,34 similar to the
diameter of the NPs.

When AuNSs are added to the GMO/DOPC film, the reflec-
tivity still shows Bragg reflection peaks typical of the lamellar

Fig. 1 (Panel a) Physicochemical properties of NPs. Left: SAXS profile of AuNSs in water (at a concentration of 1.1 � 1015 particles mL�1) and the
corresponding fit with a Schulz polydisperse spheres model (see ESI,† for details). The inset shows a typical TEM image of AuNSs; Right: SAXS profile of
AuNRs in water (at a concentration of 2.4 � 1014 particles mL�1) and curve fitting according to a Cylinder poly radius model. The inset reports a TEM
image of AuNRs; (Panel b) physicochemical properties of lipid films. Three-dimensional reconstruction of a confocal fluorescence z-stack of images of
the lamellar (left side) and the cubic (right side) films (tilted surface area of 150 � 150 mm). The insets depict the lamellar La (left side) and cubic Pn3m
(right side) structures.
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arrangement. Although the positions are unchanged compared
to before adding the particles, the presence of AuNSs produces
a significant reduction in the peaks intensity. This suggests
that a partial disruption of the bilayer arrangement occurs
(a possible effect of lipid removal caused by the liquid flow
through the sample cell had been previously ruled out with a
control experiment, see ESI,† Fig. S4). However, the same
AuNSs seem to have negligible impact on the nanostructure
of the cubic lipid film: while a modification of the curve at low
Q might suggest a variation of the overall film thickness and
roughness, the presence of AuNSs does not significantly modify
neither the position nor the intensity of the Bragg peaks,
compared to the neat GMO film. This suggests that the nano-
structure in the cubic film is stable and does not change
even after 13 h of interaction (8 h of incubation + 5 h of
measurement) with the AuNSs.

We further investigated the structure of AuNSs/cubic phase
films by means of GISANS. The aim was to reveal possible
effects of AuNSs on cubic phases, occurring over a longer time
(8 h of incubation + 24 h of measurement, for a total AuNSs-
membrane interaction time of 32 h). This technique allows also
investigating the in-plane lipid arrangement and reveal how it
changes upon AuNSs injection.35 Lamellar films only have
structural order with respect to the normal of the layers, while
cubic phases are also characterized by high lateral ordering,
whose possible modifications can be easily detected by GISANS.
We performed GISANS on a neat GMO cubic film in D2O,
previously equilibrated for 12 h (Fig. 3a). Then, we added
AuNSs at the same concentration as used for the Neutron
Reflectivity measurements and left to incubate for 8 h.

The Qz/Qy GISANS pattern of GMO film in the absence of
AuNSs shows isolated spots, which represent the (110) and (111)
Bragg reflections of the Pn3m structure. By performing horizontal
line cuts (i.e. at constant Qz) from the 2D GISANS plot, we
determined the position of these highest intensity points (see
Fig. S1 of ESI,† for details). The obtained Q values correspond to a
Pn3m cubic space group, with an obtained lattice parameter of
102 Å, in good agreement with the Neutron Reflectivity analysis.
The presence of a spot-like pattern suggests a oriented cubic
structure at the interface,36 rather than a typical powder pattern
that is mostly the case for the corresponding bulk GMO. The
addition of AuNSs (Fig. 3b) smears out the spot-like pattern,
which is now barely distinguishable from the Debye–Scherrer
ring. This suggests a significant increase of the structural disorder
within the mesophase, which can be either due to a partial
disruption of the cubic symmetry or to a loss of spatial orienta-
tion, as well as loss of material from the surface. Interestingly, we
also observed a significant shrinkage of the cubic phase lattice
parameter in the presence of AuNSs (i.e., 2 nm) (see Fig. S2 of
ESI†), implying a dehydration of the structure induced by AuNSs.
In summary, GISANS data reveal a non-negligible impact of AuNSs
on the cubic structure, when observed on longer time scales, thus
complementing Neutron Reflectivity data. To conclude, for
(relatively) short interaction times (Neutron Reflectivity data),
the structural order of the lamellar mesophase decreases, while,
in the same timeframe, the cubic phase mesostructure appears
preserved. However, for longer incubation times (GISANS), AuNSs
also affect the structural order of the cubic film. Therefore, the
cubic mesophase appears significantly more stable than the
lamellar one, when subjected to AuNSs exposure.

Fig. 2 (Panel a) Structural characterization of GMO/DOPC films interacting with AuNSs. Top: Specular reflectivity profiles of the GMO/DOPC film in the
absence and in the presence of AuNSs, together with the reflectivity of the bare silicon. The inset sketches the inner La structure of the film; Bottom:
Images of the reflectivity detectors acquired for the La phase in the absence and in the presence of AuNSs; (Panel b) structural characterization of GMO
films interacting with AuNSs. Specular reflectivity of the GMO film in the absence and in the presence of AuNSs, together with the reflectivity of the bare
silicon. The top inset represents the Off-specular reflectivity of GMO films in the absence and in the presence of AuNSs, while the bottom inset sketches
the inner cubic Pn3m structure of the lipid film; Bottom: Images of the reflectivity detectors acquired for the Pn3m phase in the absence and in the
presence of AuNSs. Measurements acquired at OFFSPEC,55 ISIS Neutron and Muon Source (United Kingdom). The reflectivity profiles of lamellar and
cubic films in the presence of AuNSs were acquired after 8 h of incubation, with 5 h acquisition time, leading to a lipid films/AuNSs total interaction time
of 13 h.
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Fig. 4 shows Neutron Reflectivity data obtained for the same
lipid films (lamellar in Fig. 4a and cubic in Fig. 4b) exposed to
AuNRs at an Au concentration of 0.12 mg mL�1, measured
under the same experimental conditions as AuNSs. In contrast
to AuNSs, AuNRs completely destroy both the lamellar and
cubic arrangements, as evident from the absence of Bragg
reflexes in the corresponding reflectivity profiles as well as in
the reduced off-specular scattering in the inserted detector
images. Indeed, for both the lamellar and the cubic film the
Neutron Reflectivity profile of the remaining layer indicates a
thickness consistent with a pure GMO or GMO/DOPC bilayer
(curve fitting results are in the ESI,† Fig. S2). AuNRs and AuNSs

have similar size, i.e. similar cross section of the AuNRs and
AuNSs diameter, and bear a net cationic surface charge.
Therefore, the enhanced effect of AuNRs with lipid films
suggests a strong role played by NPs shape asymmetry in the
interaction with model lipid films.

Clearly, the drastic effect of AuNRs is not dependent on
whether the film has a lamellar or a cubic phase structure, in
the time frame of our experimental observations. To gain
further insight on this fast disruption process, we performed
Neutron Reflectivity kinetics studies, allowing for monitoring
the structural alteration produced by AuNRs on shorter time
scales.37 We measured the reflectivity of lipid films in H2O, just

Fig. 3 (a) GISANS pattern of GMO cubic Pn3m films, in the absence of NPs; (b) GISANS pattern of the GMO cubic Pn3m phase in the presence of AuNSs.
Measurements acquired at REFSANS, Heinz Maier-Leibnitz Zentrum, Garching, Germany. In both the patterns, intensities are reported in a logarithmic
scale. The reflectivity profiles of the cubic film in the presence of AuNSs was acquired after 8 h of incubation, with 24 h acquisition time, leading to a lipid
film/AuNSs total interaction time of 32 h.

Fig. 4 (Panel a) Structural characterization of GMO/DOPC films interacting with AuNRs. Top: Specular reflectivity profiles of the GMO/DOPC film in the
absence (red curve) and in the presence of AuNRs, together with the reflectivity of the bare silicon. The inset sketches the inner La structure of the film;
Bottom: Detector images acquired for the La phase in the absence and in the presence of AuNRs; (Panel b) structural characterization of GMO films
interacting with AuNRs. Specular reflectivity of the GMO film in the absence and in the presence of AuNRs, together with the reflectivity of the bare
silicon. The inset sketches the inner cubic Pn3m structure of the lipid film; Bottom: Detector images acquired for the Pn3m phase in the absence and in
the presence of AuNRs. Measurements acquired at OFFSPEC, ISIS Neutron and Muon Source (United Kingdom). The reflectivity profiles of lamellar and
cubic films in the presence of AuNRs were after 8 h of incubation, with 5 h acquisition time, leading to a lipid films/AuNRs total interaction time of 13 h.
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before and after the injection of AuNRs into the measuring cell,
following the change in the reflectivity at time intervals of
2.5 min, covering a time period of 5 h. Representative data
are shown in Fig. 5 as the (Qz,Qx) images from the reflectivity
measurements for the lamellar (Panel a) and cubic film (Panel
b), before and after AuNRs addition. The (Qz,Qx) maps of both
lamellar and cubic films in the absence of NPs show
pronounced off-specular patterns, featuring well defined
‘‘Bragg sheets’’ (see the red line in the left (Qz,Qx) plot of Panel
b, as an example). The high intensity of the off-specular Bragg
sheets allowed us to monitor the impact of AuNRs on the
structure of lipid films over time. Panels a and b highlight a
strong effect of AuNRs on both lamellar and cubic arrange-
ments. The main effect is the smearing out of the characteristic
Bragg sheets with time that ultimately leads to the complete
loss of the off-specular signal. This indicates a total disruption
of the films internal structure. Interestingly, lamellar films
completely lose their structural organization significantly faster
than cubic ones, with Braggs sheets completely vanishing
within 12 min. In contrast, the cubic phase off-specular signal
is still detectable after more than 2 h of incubation with AuNRs.
Thus, cubic phases show larger structural stability when
exposed to rods than lamellar ones. This is consistent with
the previous reported effect of spherical particles.

In summary, Neutron Reflectivity and GISANS data allowed
characterizing NPs-lipid films interactions at a nanoscale level,

revealing that: (i) AuNRs are more effective than AuNSs in
inducing structural modifications in the lipid films (ii) cubic
phases are more stable than lamellar phases. In this respect,
the first point is consistent with other studies reported in
literature. Indeed, several computational and experimental
studies highlighted that AuNRs exhibit a stronger interaction
with lipid membranes and that this a consequence of the
anisotropic shape of NPs.38,39 In addition, our results demon-
strate that this behaviour of AuNRs does not depend the
structure of the lipid assembly, i.e., it applies both to planar
membranes and to bilayers which are highly curved. On the
other hand, the higher stability of cubic phases towards the
interaction with NPs might be counterintuitive. In fact, cubic
phase-nanoparticle dispersions (cubosomes) are known to be
particularly prone to attach to target membranes, where lipid
exchange can occur.40 For the case with AuNP, the adhesion of
NPs to an already curved membrane might be more favourable
if the curvature of the particle matches that of the lipid aqueous
interface. We further investigated this aspect on the micron-
scale by studying the same systems with Confocal Laser
Scanning Microscopy (CLSM). This allowed us to follow the
morphological modification induced by NPs on lipid films.

Nanoparticles-lipid films interaction at a micrometer length scale

We performed the CLSM study over the same time frame of
Neutron kinetics measurements. For this purpose, fluorescently

Fig. 5 (Panel a) Structural characterization of GMO/DOPC films interacting with AuNRs at short time-frames: (Qz,Qx) representations of the off-specular
scattering of a lamellar film in the absence of AuNRs and at different times from the injection of AuNRs (acquisition in H2O). (Panel b) Structural characterization of
GMO films interacting with AuNRs at short time-frames: (Qz,Qx) representations enhancing the off-specular scattering of a cubic film in the absence of AuNRs and
at different times from the injection of AuNRs (acquisition in H2O). The integrated intensity along the specular reflectivity line (see blue line in the left (Qz,Qx) plot of
Panel b) gives the specular reflectivity profile of lamellar and cubic films. Measurements of lamellar and cubic films in the presence of AuNRs were every 2.5 min
with an acquisition of 5 min over 5 h, starting soon after the injection of AuNRs into the measurement chamber (incubation time B0 s). Here, representative
(Qz,Qx) representations acquired after 2.5 and 12 min (Panel a) or 2.5 and 137 min (Panel b) of lipid films/AuNRs incubation times are reported.
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labelled lamellar and cubic phases (Fig. 1, Panel b) were imaged
right after (less than 1 s) and at different times after the injection
of NPs. Fig. 6 gathers representative lateral-view CLSM images of
a lamellar film exposed to AuNSs (Fig. 6a) and AuNRs (Fig. 6b).
The action of spherical AuNSs (added at the same concentration
employed in Neutron Reflectivity experiments) produces an
initial swelling of the film (20 min), which increases the distance
between the different lamellae composing the structure (Fig. 6a).
This process leads to the progressive peeling-off of the lamellar
film (60 min), with a gradual detachment of the outer surface
layers. Once removed from the original matrix, these lipid layers
start to bend and fold, ultimately rolling up in closed onion-like
vesicular structures (180 min), which partially attach to the lipid
film surface. After 180 min of incubation, only a thin layer of the
original lamellar film is preserved onto the glass surface,
partially covered by micron-sized multilamellar vesicles. The
addition of asymmetrically shaped AuNRs (Fig. 6b) has a similar
impact on the film morphology, which seems to progress in a
similar way as with the AuNSs. However, the overall process is
faster, consisting of an initial massive swelling of the lamellar
membrane, which is observed after just 1 min from AuNRs
addition. Moreover, the peeling-off of the film starts already
after 5 min and, differently from the case of AuNSs, leads to the
complete disruption of the lamellar film within 10 min, with
only polydisperse vesicular structures remaining adsorbed onto
the glass surface.

A completely different behaviour is observed when cubic
phase lipid films are exposed to the same AuNPs. Spherical NPs

added at the same concentration (Fig. 7a) seem to ‘‘excavate’’
the cubic membrane, producing an initial thinning of the film
over selected areas (see the highlighted area in Fig. 7a, 30 min).
The progressive excavation leads to the formation of cavities,
whose depth increases with time, eventually reaching the glass
surface. After 180 min of incubation, the lipid film, although
mostly intact, presents micron-sized holes, which are clearly
highlighted from the 3D reconstruction of the film, reported
in Fig. 7a. As previously observed for the case of lamellar
membranes, the addition of AuNRs produces faster and more
profound morphological modifications (Fig. 7b): AuNRs
initially increase the films roughness (20 min), with the
formation of ‘‘hills and hollows’’ across the micrometric
membrane. Similarly to what was previously observed for
spherical AuNSs, the lipid film is progressively excavated,
showing micron-sized cavities, whose depth increases with
time. However, in this case the erosion process is faster and
progresses within a few minutes. Complete retraction of the
cubic film occurs in localized areas on the glass substrate,
giving rise to large spheres of lipid matrix (50 min). After
50 min, the lipid film is completely dewetted, leaving only
isolated lipid spheres onto the glass substrate. Then, these lipid
spheres are decomposed/removed due to the presence of the
AuNRs (51 min).

The micrometric spheres disruption process, occurring
within few seconds, can be analysed in detail, by following
the temporal evolution of a horizontal section of the droplet.
For this purpose, top-view images of a lipid droplet at different

Fig. 6 (a) CLSM images (lateral view) of AuNSs interacting with a GMO/DOPC lamellar film. From left to right: lamellar film right after (t = 0 s), after 20
min, 60 min, and 180 min from the addition of AuNSs. (b) CLSM images (lateral view) of AuNRs interacting with a GMO/DOPC lamellar film. From left to
right: lamellar film right after (t = 0 min), after 1 min, 5 min, and 10 min from the addition of AuNRs. Here, t = 0 corresponds to a lipid films/AuNPs
incubation time B0 s, as the time needed for each image recording is less than 1 s.
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times from formation (from 0 to 10 s) have been acquired in
fluorescence and transmission mode. This allowed us to
simultaneously capture the fluorescence of the Nile Red
labelled lipid matrix, and the gold nanoparticles. Representative
images acquired within 10 s from the droplet formation are
reported in Fig. 8a. At the beginning of the process, AuNRs,
which can be visualized as black spots in the image, are located
as micron-sized clusters at the edges of the spherical lipid
droplet. Then, they start to excavate and unroll the lipid droplet
starting from the edges of the sphere. This led to the complete
collapse of the sphere within 10 s (see also the ESI,† video).
In addition, it is possible to further analyse the mechanism of
interaction of AuNRs with the lipid films by monitoring their
excavation of the film in detail (Fig. 8b). Briefly, the AuNRs
concentrate at the edges of the film as clusters, which progres-
sively interact with the lipid interface and erode it. Interestingly,
these clusters (which are highlighted with a zoom in Fig. 8b),
appear to be elongated, which suggests that they are formed by
end-to-end interactions of the AuNRs. On the contrary, for AuNSs
only small clusters of round shape appear on the lipid film
(see ESI,† Fig. S3). It is worth pointing out that, while cationic
AuNSs and AuNRs form a stable dispersion in water, their lipid
membrane-induced clustering is a clear hallmark of the strong
interaction occurring at the nano-bio interface, as shown in
several studies, both on synthetic and on biogenic lipid
membrane.29,41,42 This is likely due to the attractive interaction
of the nanoparticles with the lipid membrane driven by e.g.
electrostatic, hydrophobic and van der Waals interactions. This
leads to the accumulation of the particles at the interface that
promotes aggregation. In addition, for the cationic nano-
particles, the interaction with a membrane with an apparent

negative net-charge leads to a reduction of nanoparticle charge
that further promotes aggregation. Overall, the results gathered
lead to two main conclusions: (i) in agreement with the Neutron
Reflectivity analysis, the impact of AuNRs on both lamellar and
cubic model films is stronger and leads to faster structural
and morphological modifications with respect to AuNSs; (ii)
NPs interact with lamellar and cubic phases according to two
different and well-defined mechanisms, i.e. the peeling-off of the
lamellar assembly and the excavation-dewetting of the cubic
phase assembly.

The role of symmetry in NPs-lipid films interactions

The experimental results obtained with the different combined
experimental techniques give a clear picture of the role that
structure and morphology play to control NPs interactions with
model membrane at different length scales. The mechanism is
strongly affected by the structure of both the lipid film, e.g. the
phase behaviour, and morphology, i.e. shape asymmetry of the
NPs, as briefly summarized in Fig. 9.

The effect of NPs shape asymmetry. Both Neutron Reflectivity
and CLSM results point out a major role of NPs asymmetric
shape in the interaction with model membranes. Neutron
Reflectivity results show that AuNRs have a profound impact
on the structure of both lamellar and cubic films, where a
complete loss of structural order occurs in less than 15 min
and after 2 h for La and Pn3m phases, respectively. On the
contrary, the combination of Neutron Reflectivity and GISANS
analyses shows a significantly less effect of the AuNSs on the
lipid films. Indeed, we only detected a partial disruption of
lamellar and cubic structures after 13 h and 32 h of incubation,
respectively. The slightly higher zeta potential of AuNRs as

Fig. 7 (a) CLSM images (lateral view) of AuNSs interacting with a GMO cubic film. From left to right: lamellar film right after (t = 0 min) and after 30 min
and 180 min from the addition of AuNSs. A 3D reconstruction of the film after 180 min interaction is also shown, highlighting the presence of micron
sized holes in the film. (b) CLSM images (lateral view) of AuNRs interacting with a GMO cubic film. From left to right: cubic film right after (t = 0 min) and
after 20 min, 50 min, and 51 min from the addition of AuNRs. Here, t = 0 corresponds to a lipid films/AuNPs incubation time B0 s, as the time needed for
each image recording is less than 1 s.

Paper PCCP

Pu
bl

is
he

d 
on

 0
8 

O
ct

ob
er

 2
02

1.
 D

ow
nl

oa
de

d 
on

 2
/1

2/
20

22
 8

:5
1:

31
 P

M
. 

View Article Online



2770 |  Phys. Chem. Chem. Phys., 2022, 24, 2762–2776 This journal is © the Owner Societies 2022

compared to AuNSs could be considered as relevant in driving
their stronger interaction with lipid interfaces; however, CLSM
findings clarify that NPs shape is the main factor at play: when
challenging lipid films, AuNRs form elongated clusters, which
seem to be particularly effective in eroding the lipid films
(Fig. 8b). In addition, tubules extraction phenomena are high-
lighted for AuNRs disrupting dewetted lipid films droplets
(Fig. 8a), which are a typical feature of AuNRs interacting with
other lipid interfaces.29

Our results are consistent with other studies, according to
which the impact of NPs surface functionalization, composition
and size on lipid membranes are recognized as the key determi-
nants in NPs cytotoxicity.1,5,29,42–46 However, much less is known
on the effect of the NP shape on both model and natural
biomembranes, and some of the reported observations are
contradictory. Asymmetric NPs have a higher surface area/
volume ratio, which is theoretically predicted to maximize the
surface available to interact and attach to membranes. The main
driving forces here are van der Waals and possible electrostatic
attractive forces,1,16 as well as hydrophobic interactions, depending
on the NPs properties. This has often been connected to a high
affinity to bilayered biomimetic systems29 and natural
membranes,47 which in turn has been linked to an enhanced
cellular uptake.48,49 On the other hand, the higher surface curvature
at the edges of non-spherical NPs is predicted to increase the
energy barrier required for the wrapping of the NPs by membranes,
that can drive the internalization by cells.3 Recent experimental
findings report lower cellular uptake of asymmetric NPs compared
to spherical ones.14,15 In addition, to the best of our knowledge, the
impact of NPs shape on their interaction with nonlamellar lipid
films, mimicking curved bilayers, has not been studied before.

Here, employing spherical and rod-like AuNPs of
comparable diameter and surface charge, we can separately study
the effect of NPs shape on their interaction with membranes.
We found that, when NPs size is similar to the lipid bilayer

thickness, shape is of major importance, with asymmetric
geometries producing more destructive effects on the lipid film
structure and integrity. In particular, CLSM results suggest that,
thanks to their asymmetric nature, AuNRs are able to maximize
their interfacial interaction with lipid films, by forming end-to-
end elongated clusters, while AuNSs seem to form more spherical
clusters. Our results suggest that formation of the NPs elongated
clusters facilitate the extraction of lipid tubules from the film.
Eventually this was found leading to the complete erosion and
disruption of the layer (see Fig. 9 scheme). Importantly, this
behaviour was observed for both lamellar and non-lamellar films,
highlighting a universal effect of NPs asymmetry on membranes
of different structures.

The effect of membrane phase structure. Besides NPs shape,
we found that membrane phase structure is another key factor
that controls NPs interactions. Neutron Reflectivity and CLSM
analyses highlighted that, for a given NP type, membrane
geometry determines both the strength, pathway and results
of interaction with NPs. Specifically, our Neutron Reflectivity
results show that, independently from their shape, NPs induce
a faster disruption of the nanostructure of lamellar films
compared to cubic ones. This results into faster morphological
modifications at the micron-scale as observed using CSLM.
By combining the Neutron Reflectivity and CSLM data, we
defined two different mechanisms that describe the interaction
of NPs with lamellar and cubic phases and are responsible for
their different stability towards nanomaterials (see Fig. 9).

The faster structural modification of La films induced by
both AuNSs and AuNRs (Neutron Reflectivity and GISANS
analyses) is associated with an initial swelling, followed by a
progressive exfoliation of the multilamellar arrangement
(CSLM analysis), that proceeds from the outer lamellar layers.
We can hypothesize that, after their injection, NPs start to
penetrate the outer part of the lamellar arrangement, i.e. the
part directly exposed to water. This penetration would primarily

Fig. 8 CLSM images of AuNRs interacting with a GMO cubic film (overlay of fluorescence and transmission images): (a) disruption mechanism of a cubic
film dewetted droplet by AuNRs, through the sequential extraction of lipid tubules from the bulk. (b) Mechanism of film excavation by AuNRs. Here, t = 0
corresponds to a lipid films/AuNRs incubation time B0 s, as the time needed for each image recording is less than 1 s.
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occur thanks to electrostatic and dipolar interactions between
the cationic coating of NPs and the polar headgroup of lipids
composing the membrane. This interaction would enable the
insertion of NPs, together with their hydration shell, within the
hydrophilic domains of the phase, i.e. the water layers separating
the different lamellae. Then, the mismatch between the thickness
of the water layers (around 2–3 nm) and NPs hydrodynamic size of
about 4–5 nm (see Dynamic Light Scattering results in the ESI†)
would be responsible for the initial swelling of the lamellar film.
This is likely due to the insertion of NPs of larger size than the
lamellar spacing and observed through CSLM. The increasing
inter-lamellar distance would reduce the interactions between
different lamellae, producing the detachment of the outer
lamellar layers, which are the first ones to be in contact with
NPs. Indeed, lipid bilayers of equal composition are held together
only by weak van der Waals forces, in equilibrium with repulsive
electrostatic and entropic contributions.50 Thus, inter-bilayer
interactions are easily overcome by attractive single bilayer-NPs
forces mainly of electrostatic nature. The thinning of the film
favors the penetration of NPs deeper into the film, i.e. coming
closer to the solid support and promoting progressive peeling-off
the lipid film. The loss of the lamellar periodicity as the layers are
being detached can be connected with the progressive smearing
out of the La-structural features, observed through Neutron
Reflectivity (Fig. 2, 4 and 5).

On the other hand, a different interaction mechanism can
be expected for the case of cubic phase films, accounting for
their higher structural stability. Neutron Reflectivity and
GISANS data highlight a progressive disordering and disruption

of the cubic Pn3m nanostructure induced by NPs, which starts
from the shrinkage of its lattice parameter (see GISANS
analysis). This nanoscale phenomenon coincides with a
progressive excavation of the film observed at the micron-
scale (CSLM analysis), leading to de-wetting. Interestingly, this
phenomenon proceeds from NPs clusters, which, acting like
micron-sized ‘‘diggers’’, progressively erode and unroll the lipid
matrix. We can hypothesize that, in this case, NPs are not able
to fully penetrate the internal aqueous region of the film.
Indeed, cubic phases represent a 3D highly interconnected
network, where a continuous lipid bilayer folds in the space
originating bicontinuous lipid and aqueous domains,20 where
the aqueous nanochannels has a diameter of around 4.4 nm.
This liquid crystalline 3D architecture with intertwined systems
of water channels of similar size as NPs would impede their full
insertion; indeed, in the La phase, different lamellae can
progressively detach the one from the other, with minimal
energy required at each detachment step. On the contrary, the
swelling of the cubic arrangement induced by the insertion of NPs
would result in a modification of the whole cubic arrangement,
due to its highly interconnected (i.e. bicontinuous) nature, which
would involve an higher energy cost. Instead, the attractive
NPs-lipid headgroups forces would result in the absorption of
NPs, residing onto the film surface as clusters (see Fig. 8 and
Fig. S3 of ESI†). As highlighted by Neutron Reflectivity analysis,
their presence induces an immediate shrinking of the phase,
leading to local release of water and dehydration of the phase.
We can speculate that this phenomenon drives the progressive
collapse of the cubic arrangement. Such process would then

Fig. 9 Schematic illustration of the results of the interaction between AuNPs and cubic and lamellar phase lipid films. AuNPs induce the excavation and
then dewetting of the cubic films (on the top), while provoking a progressive exfoliation of the lamellar arrangement (on the bottom). The disruption of
both cubic and lamellar films is faster with AuNRs than with AuNSs, related to the different clustering processes of AuNPs interacting with lipid
membranes, i.e. symmetrical clustering of AuNSs versus edge-to-tail asymmetric aggregation of AuNRs.
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proceed from the different points where NPs accumulate across
the membrane. Ultimately this leads to isolated lipid droplets
onto the solid substrate.

The enhanced stability of cubic phases compared to lamellar
ones might have important biological implications. As already
discussed, curved membranes assembled with cubic symmetry
are known to form in cells under certain conditions (e.g., viral
infection, oxidative stress, starving, membrane fusion and for-
mation of extracellular vesicles). However, cubic membrane-
related investigations have been limited to a descriptive level,
while the biological function of these arrangements remains
unexplored.20

Engineered NPs often have a similar size range as biologically
relevant entities (i.e., DNA, surface proteins, biogenic extra-
cellular vesicles, and viruses), often resulting in similar inter-
action pathways with cells.1 Thus, we might connect the higher
resilience exhibited by cubic membranes towards NPs with a
similar behaviour towards natural nano-objects, such as viral
pathogens. Within this perspective, our results seem to suggest a
possible ‘‘protective role’’ of the cubic architecture, occurring in
critical cell conditions to minimize the membrane response
towards harmful external perturbations.

To summarize, we found that NPs-lipid membrane interactions
depend both on the nanostructure of the membrane and the shape
of NPs. These two variables represent two sides of the same coin, as
a single parameter, i.e. symmetry, can describe their variations. In
these terms, we can state that NPs with asymmetric shape promote
a stronger interaction with the lipid matrix. On the other hand,
when referring to the structure and morphology of the lipid
membrane, we observed that flat 2D membranes experience more
substantial disruptive effects than curved ones with 3D symmetry
when exposed to NPs. Importantly, we also pointed out that a
variation in NPs symmetry only affects the strength of interaction
with lipid films, but not the interaction pathway; on the contrary,
membranes with different morphologies lead to completely
different interaction mechanisms. This is the basis for the observed
differences in the structural resilience of these systems.

Experimental
Materials

Tetrachloroauric(III) acid (Z99.9%), (11-mercaptoundecyl)-
N,N,N-trimethylammonium bromide (Z90%), cetyl trimethyl
ammonium bromide (99%), octanethiol (98.5%), ascorbic acid
(98%), AgNO3 (99%), HCl, toluene (99.8%), MeOH (99.8%),
EtOH (99.8%), CHCl3 (99%), tetraoctylammonium bromide
(98%), NaBH4 (98%), n-hexane (99%), 1,2-dioleoyl-sn-glycero-3-
phosphocholine (DOPC) and Nile Red (Z98%) were provided
by Sigma-Aldrich (St. Louis, MO). A glycerol monooleate sample
(mono- and diglycerides ratio 44 : 1 by weight), denoted as
RYLOt MG19 Glycerol Monooleate (GMO), was produced and
provided by Danisco Ingredients (now Dupont, Brabrand,
Denmark) with the following fatty acid composition (Lot No.
2119/65-1): 89.3% oleic, 4.6% linoleic, 3.4% stearic and 2.7%

palmitic acid. All chemicals were used as received. Milli-Q
grade water was used in all preparations.

Synthesis of gold nanospheres (AuNSs)

Gold nanospheres functionalized with the cationic deriva-
tive N,N,N-trimethyl(11-mercaptoundecyl)ammonium bromide
(TMA) were synthesized as described by McIntosh et al.27,28

First, octanethiol-capped spherical gold nanoparticles (NSs)
were prepared following the two-phase method developed by
Brust et al.:25,26 an aqueous solution of HAuCl4 (15 mL, 30 mM)
was mixed with a solution of tetraoctylammonium bromide
(TOAB) in toluene (40 mL, 50 mM). The two-phase mixture was
vigorously stirred until all the HAuCl4 was transferred from the
aqueous solution into the organic phase; TOAB acts as the
phase-transfer reagent. Octanethiol (7.81 mL) was then added to
the organic phase. A freshly prepared aqueous solution of
sodium borohydride (12.5 mL, 0.4 M) was slowly added with
vigorous stirring. On addition of the reducing agent, the
organic phase changed colour from orange to deep brown
within a few seconds. After further stirring for 3 h, the organic
phase was separated, evaporated to 5 mL in a rotary evaporator
and mixed with 200 mL ethanol to remove excess thiol. The
mixture was kept for 4 h at �18 1C until a dark brown
precipitate was formed, and the supernatant was removed with
a pipette; the precipitate was washed with 200 mL of ethanol
and put again in the freezer. After 4 h, the ethanol supernatant
was removed with a pipette and completely evaporated in a
rotary evaporator, obtaining octanethiol-capped gold nano-
particles. NSs capped with TMA were prepared by stirring 100
mg of octanethiol-capped NSs and 150 mg of N,N,N-
trimethyl(11-mercaptoundecyl)ammonium bromide in 20 mL
of degassed tetrahydrofuran under argon for two days at room
temperature. The black precipitate of the gold nanoparticles
was purified by repeated suspension, centrifugation, and
decantation with dichloromethane. NSs capped with TMA were
then dissolved in pure water without the need for pH adjust-
ment. Such NPs have been found to be face-centered cubic (fcc)
polyhedral.51,52

Synthesis of gold nanorods (AuNRs)

Gold NRs were synthesized according to a newly developed
seedless growth protocol by El-Seyed.53 Briefly, HAuCl4 (5.0 mL;
1.0 mM) was added to 5.0 mL of Cetyl trimethyl ammonium
bromide (CTAB, 0.2 M) at 27 1C, under magnetic stirring. Then,
AgNO3 (250 mL; 4.0 mM) was added. Subsequently, HCl (8.0 mL,
37%) was added to obtain a pH of 1–1.15. Then, we added 70 mL
ascorbic acid (78.8 mM) under magnetic stirring and waited
until the solution was clear. Immediately afterward, Ice-cold
NaBH4 (15 mL; 0.01 M) was added and allowed to react over-
night. The final dispersion of AuNRs capped with CTAB was
characterized by a dark pink colour. The excess of CITAB was
removed from the dispersion by 10 cycles of centrifugation, each
followed by precipitation of CITAB crystals and removal of the
supernatant containing AuNRs. This AuNRs have been found to
be single crystals of face-centered cubic (fcc) structure, with one
of the main cubic axes oriented along the length of the rod.54
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Preparation of lamellar and cubic lipid films

We obtained lamellar and cubic phase lipid films from GMO/
DOPC 50/50% mol/mol and pure GMO, respectively. The lipid
solutions in n-hexane (30/70 lipid/hexane % w/w) were spin-
coated onto a solid substrate for 10 s at 700 r.p.m and then for
60 s at 2000 r.p.m. Most of the solvent evaporates during this
procedure. The lipid-coated substrate was then immediately
immersed in excess Milli Q water, leading to lamellar or cubic
lipid films by hydration. For the case of lipid films prepared for
CLSM analysis, lipid formulations were labelled with the hydro-
phobic dye Nile Red (0.1 mol% with respect to the total lipid
amount), enabling the visualization of lipid layers; 100 mL of the
lipid solution in n-hexane were deposited onto a hydrophilic
round glass substrate (diameter of 15 mm) prior to spin-
coating. Lipid films formed onto the glass substrate were then
sealed into a single-well sample holder and hydrated with 2 mL
of water before imaging. For the case of Neutron Reflectivity
analysis, samples were formed by depositing 1 mL of n-hexane
lipid solution on 50� 80 � 15 mm3 ultra-polished Silicon n-doped
single crystal (100) oriented (Siltronix, Archamps-France for the
experiments performed at ISIS and Andrea Holm GmbH, Tann,
Germany; roughness r5 Å for the experiments performed at MLZ)
to cover almost the whole surface. After spin-coating and hydration,
the substrate was sealed into a flow-cell type sample holder.
To remove any excess contamination and the remaining n-hexane,
an excess of water (at least 25 times the sample cell volume, i.e.
1.8 mL) was flushed through the sample cell. Silicon substrates
were preliminary rinsed in either ultrapure water and ethanol, in
order to remove organic residues. After that, they were bath
sonicated for 30 min in ethanol with a Bandelin DL 102 3 L bath
sonicator, followed by other 30 min in ultrapure water (Millipore
Simplicity UV). The surfaces were then cleaned with a Novascan
PSD-UV8 UV/ozone plasma for 30 min and rinsed in ultrapure
water. Finally, they were dried with nitrogen gas and stored in
ultrapure water, ready for deposition.

Neutron reflectivity

Static Neutron Reflectivity measurements (Section Synthesis of
gold nanospheres (AuNSs)) were carried out at the OFFSPEC
reflectometer55 (Isis Neutron and Muon Source, Rutherford
Appleton Laboratory, UK).

Neutrons in the wavelength range 1.0–14.5 Å were used to
perform the measurements. Two incident angles, 0.50 deg and
2.00 deg allowed collecting data in the range 0.008 r Q/Å�1 r
0.3. The arrival times and positions of scattered neutrons were
detected on a 3He 1 � 300 mm linear scintillator area detector
(1.2 mm pixel size) positioned at 3.5 m from the sample.
The linear detector also recorded the off-specular reflectivity
in the vertical direction, which yields information about the
in-plane structure at the interface. The detector consists of 768
wavelength shifting fibres with 0.5 mm pitch, resulting in an
observable Qx range of �6.5 � 10�4 to 6.5 � 10�4 Å�1. The
observable Q-range corresponds to real space distances, d, of
approximately 1–40 mm (real and reciprocal space are related
via d = 2p/Q). The set-up allows for a DQz/Qz resolution of 2–5%.

In order to achieve a good signal-to-noise ratio, a counting time
of about 5 h for the measurement was used.

Neutron Reflectivity kinetic measurements were performed
at the REFSANS Horizontal TOF reflectometer operated by
the Helmholtz-Zentrum Hereon at the Heinz Maier-Leibnitz
Zentrum (MLZ) in Garching, Germany.56 Neutrons in the wave-
length range 3.0–21.0 Å were used to perform the measurements.
A vertically collimated beam having a width of 40 mm was used
to maximise the intensity. An incident angle of 3.0 deg allowed
collecting data in the range 0.032 r Q/Å�1 r 0.22 with a
resolution of DQz/Qz = 8%. In this way we cover the region
in which the evolution of Bragg peaks as well as that of the
off-specular scattering may be followed as a function of time.
The arrival times and positions of scattered neutrons were
detected on a Denex 2D 500 � 700 mm2 multiwire 3He detector
(pixel size 2.1 � 2.9 mm2, efficiency 80% at 7 Å, gamma
sensitivity o10�6) positioned at 4.5 m from the sample. The
detector was installed in a liftable vacuum tube forming an angle of
5.2 deg with respect to the horizon. Reflectivities were acquired at
time intervals of 5 min, over a time of 5 h. Raw data were reduced
and converted to Q-space images, obtaining Qx/Qz maps.57

In all the evaluations, the vertical component Qz was
corrected for the ballistic effect due to the gravitational field.

Grazing incidence small angle neutron scattering (GISANS)

GISANS measurements were performed at the REFSANS, using
most of the same settings adopted for carrying out Neutron
Reflectivity measurements. The only differences concern the
wavelength band composing the incident beam (ranging from
2.7 to 18.1 Å with a wavelength resolution Dl/l = 5%), which
corresponds to different penetration depths within the sample.
A radial collimator was used to focus the beam on the detector,
placed at 10.2 m from the sample. Acquired data were divided
in wavelength slices having a width of 10% with respect to the
mean value. For a given wavelength slice, the two-dimensional
intensity data sets describe different (Qy, Qz) ranges. As for the
Neutron Reflectivity investigations, z represents the direction
which is normal to the liquid/nanoparticle interface; x indicates
the beam direction oriented towards the scattering beam,
whereas y is the remaining axis defining a levogyrous cartesian
system. Also for the GISANS analysis, the Qz component was
corrected for the ballistic effect.

GISANS was employed to investigate films’ properties along
the directions perpendicular and parallel to the substrate interface.
The in-plane film structure can be studied from the scattering
patterns on the (Qy,Qz) plane. If ai and af are the angles of incidence
and reflection of the neutron beam, respectively, then the three
spatial components of the scattering vector (which is defined as the

difference between the wave vector of the scattered beam kf
!

and

that of the incident beam ki
!

are:

Qx

Qy

Qz

2
6664

3
7775 ¼

2p
l

cos af cos 2yf � cos ai

cos af sin 2yf

sin ai þ sin af

2
6664

3
7775
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where l is the neutron wavelength, while 2yf indicates the
scattering angle in the xy plane, which is relevant to determine
lateral correlation lengths. The angle of incidence (0.5 deg) was
chosen to get slices above and below the wavelength-dependent
critical angle for total reflection (ac).

Confocal laser scanning microscopy

A Leica CLSM TCS SP8 confocal microscope, operating in
inverted mode, with a 63 � 1.3 numerical aperture water
immersion objective, was used to image the lipid-based surface
structures in excess water. The fluorescence of Nile Red
lipophilic dye was excited at 561 nm and the fluorescence was
acquired in the 571–650 nm emission range, with a PMT.
Images were taken with a resolution of 512 � 512 pixels using
a 400 Hz bidirectional scan with each scanning line averaged
four times. Leica software was used to create three-dimensional
reconstructions of the z-stacks.

Conclusions

In this contribution we explored the impact of symmetry and
shape anisotropy on nano-bio interactions, focusing both on the
geometry of nanoparticles and on the symmetry of the target
membrane. By combining structural techniques with nanoscale
resolution with Confocal Microscopy imaging, we connected
structural and morphological modifications of lipid films induced
by NPs, occurring at different length scales. Overall, our results
show that breaking the 3D symmetry at the nano-bio interface
(passing from a 3D sphere to a 1D rod in the NPs and from a 3D
cubic phase to a 2D lamellar phase in the lipid film) results in an
enhanced interaction. In addition, our findings provide new hints
on the role of cubic membranes in Nature. Indeed, the biological
function of cubic membranes occurring in stressed or starving
cells,58 or in cells exposed to infectious agents is, to date, debated:
cubic membranes might result from aberrant membrane protein
and/or lipid interactions in infected or pathological states, or
might be a specific cellular response to these pathologies.19 For
instance, it has been hypothesized that viruses dysregulate
cholesterol homeostasis of the host, to promote the formation
of a cubic membrane as a protective environment to facilitate
virus assembly and proliferation.59 However, other studies
hypothesize that the transformation from lamellar to cubic mem-
branes is an adaptive strategy of cells under unhealthy conditions,
as a method of defence.60 Our results on cubic films, highlighting
a striking higher resilience of cubic films as compared to lamellar
ones towards NPs, support this latter hypothesis, suggesting a
protective function of cubic membranes, which is inherently
related to their 3D symmetry. Indeed, in this perspective, cubic
membranes would represent biological barriers with enhanced
structural resilience, occurring in cells as a ‘‘last defence’’ under
extreme conditions, as in infected, stressed, or starved cells.
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Small Angle X-ray Scattering  

SAXS measurements were carried out on a S3-MICRO SAXS/WAXS 

instrument (HECUS GmbH, Graz, Austria) which consists of a GeniX 

microfocus X-ray sealed Cu Kα source (Xenocs, Grenoble, France) of 50 W 

power which provides a detector focused X-ray beam with λ = 0.1542 nm Cu Kα 

line. The instrument is equipped with two one-dimensional (1D) position 

sensitive detectors (HECUS 1D-PSD-50 M system), each detector is 50 mm long 

(spatial resolution 54 μm/channel, 1024 channels) and cover the SAXS Q-range 

(0.003< Q <0.6 ̊Å −1). The temperature (25°C) was controlled by means of a 

Peltier TCCS-3 Hecus. The analysis of SAXS curves was carried out using Igor 

Pro (Kline, 2006). SAXS measurements on AuNPs aqueous dispersions, were 

carried out in sealed glass capillaries of 1.5 mm diameter. The concentration of 

AuNSs in water was 1.1∙1015 particles/mL. 

To analyze AuNSs scattering profile we chose a model function with a spherical 

form factor and a Schulz size distribution (Kotlarchyk and Chen, 1983) from the 

NIST package SANS Utilities. This model calculates the scattering for a 

polydisperse population of spheres with uniform scattering length density. The 

distribution of radii is a Schulz distribution given by the following equation: 

𝑓(𝑅) = (𝑧 + 1)!"#𝑥!
𝑒𝑥𝑝[−(𝑧 + 1)𝑥]
𝑅$%&Γ(𝑧 + 1)
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where Ravg is the mean radius, x = R/Ravg, z is a parameter related to the 

polydispersity and G(x) indicates the Gamma function. The form factor is 

normalized by the average particle volume, using the 3rd moment of R:  

〈𝑉〉 =
4𝜋
3
〈𝑅'〉 =

4𝜋
3
〈𝑅〉'

(𝑧 + 3)(𝑧 + 2)
(𝑧 + 1)(  

The scattering intensity is: 

𝐼(𝑄) = 9
4𝜋
3 :

(

𝑁)(Δ𝜌)(> 𝑓(𝑅)𝑅*𝐹((𝑄𝑅)𝑑𝑅
+

)
 

where N0 is the total number of particles per unit volume, F(QR) is the scattering 

amplitude for a sphere and ∆ρ is the difference in scattering length density 

between the particle and the solvent.  

The SAXS profile of AuNRs (at a concentration of 2.4∙1014 particles/mL) was 

fitted by the Cylinder poly radius model from the NIST package SANS Utilities; 

this model calculates the form factor for a polydisperse right circular cylinder 

with uniform scattering length density and a Schulz polydispersity of the cylinder 

length is considered. The function calculated is the orientationally averaged 

cylinder form factor which is then averaged over a Schulz distribution of the 

cylinder length 2𝐻. The size averaged form factor is thus: 

                 𝑃(𝑄) = ∫ ∫ 𝑓(2𝐻)𝐹((𝑄𝛼) sin 𝛼	𝑑𝛼 𝑑(2𝐻),/(
)

+
)  
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where f(2𝐻) is the normalized Schulz distribution of the length 2𝐻. The limits 

of the integration are adjusted automatically to cover the full range of length. The 

scattering amplitude, F, is: 

𝐹(𝑄𝛼) = 2𝑉./0(𝜌./0−𝜌120%)𝑗)(𝑄𝐻 cos 𝛼)
𝑗#(𝑄𝑅 sin 𝛼)
(𝑄𝑅 sin 𝛼)  

Where 𝑗#(𝑄𝑅 sin 𝛼)  is the first order Bessel function, 𝑉./0 = 2𝜋𝐻𝑅( , 

𝑗)(𝑄𝐻 cos 𝛼) =
345(789:3;)
789:3;

, with α defined as the angle between the cylinder 

axis and the scattering vector (Q) and ρcyl and ρsolv the scattering length density 

of the nanorod and the solvent respectively. The integral over 𝛼 averages the 

form factor over all possible orientations of the cylinder with respect to Q. 

 

Transmission Electron Microscopy (TEM) 

Transmission electron microscopy (TEM) images were acquired with a STEM 

CM12 Philips electron microscope, at CeME (CNR Florence Research Area, Via 

Madonna del Piano, 10 - 50019 Sesto Fiorentino). The sample was placed on a 

200 mesh carbon-coated copper grid.  

 

Dynamic Light Scattering (DLS) 

DLS measurements were performed using a Malvern Panalytical Zetasizer Nano 

ZS90 instrument which does DLS measurements at a fixed scattering angle of 

90°. A 4 mW laser of 633 nm wavelength is used as light source, the lag times of 
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the correlator start from 25 ns as shortest and go up to 8000 s, using a maximum 

number of 4000 channels. After checking monomodality with a CONTIN fit, the 

ACFs were analyzed through the cumulant fitting stopped to the second order, 

allowing an estimate of the hydrodynamic diameter and the polydispersity of 

AuNSs and AuNRs, which were found equal to: 25.6 ± 0.2 and 37.6 ± 0.1 nm 

(hydrodynamic diameter) with a 0.3 and 0.21 (PDI), respectively. 

 

Z-Potential  

Zeta potential measurements were performed using a Zeta Potential Analyzer 

(Zeta Plus, Brookhaven Instruments Corporation, Holtsville, NY). Zeta 

potentials were obtained from the electrophoretic mobility u, according to 

Helmholtz-Smoluchowski equation: ζ = (η⁄ε) × u with η being the viscosity of 

the medium, ε the dielectric permittivity of the dispersing medium. The Zeta 

Potential values are reported as averages from ten measurements. 

 

Inductively Coupled Plasma Atomic Emission Spectroscopy (ICP-AES) 

This analysis was kindly done by Dr. Mirco Severi, in order to define the 

concentration of NPs dispersions, with an ICP-AES Varian 720-ES. For the 

analysis, 200 μL of NPs dispersion were placed in a vial, then the solvent was 

evaporated under slight nitrogen flow. The sample, consisting of a dry film of 

nanoparticles, was diluted to 5 mL with 0.1% super pure nitric acid, obtained by 
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distillation under boiling, then, to the sample, 1 ppm of Ge was added, as internal 

standard; the sample thus treated was analysed. 

The operating conditions for the ICP-AES analysis have been optimized to obtain 

the maximum signal intensity and are as follows: 

Instrument: Varian 720-ES 

Power R.F: 1.20 KW 

Flow rate of Argon Plasma: 16.5 L min-1 

Auxiliary Argon flow rate: 1.50 L min-1 

Argon nebulizer flow rate: 0.75 L min-1 

Replicated reading time: 5 seconds 

Instrument stabilization time: 30 seconds 

Sample introduction settings: 

Sample uptake: 30 seconds 

Flow rate: 1 mL min-1 

Rinse time: 70 seconds 

Fast Pump (sample delay / rinse): active 

Smart rinse: active 

Replicates: 3 

From the ICP-AES data, it results that the quantity of gold in 200 μL of AuNSs 

and AuNRs dispersions is equal to 259 μg and 278 μg; as a result, the 

concentrations of Au in AuNSs and AuNRs is 1.3 mg/mL and 1.4 mg/mL, 
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respectively. The AuNSs and AuNRs concentration per ml was subsequently 

evaluated considering the size of AuNPs determined through SAXS and is equal 

to 3.2∙1015 and 7.4∙1014 particles/mL for AuNSs and AuNRs, respectively. 

 

Evaluation of the spacing parameter of cubic and lamellar films through NR 

The unit cell spacing (d) of cubic and lamellar films was evaluated from NR data 

(i.e., with hkl Miller indices, hkl, (100) and (200)), using the Q-position of the 

Bragg reflection peaks of cubic and lamellar phases. In particular, the lamella 

phase features two prominent Bragg peaks located at 0.099 and 0.192 Å-1, 

corresponding to the first two reflexes of the lamellar, Lα, phase (i.e., with Miller 

indices, hkl, (100) and (200)). The unit cell spacing was calculated using the q-

position of the maximum Bragg reflection peaks 𝑑 = 2𝜋ℎ/𝑄=, yielding a value 

of 6.4±0.1 nm as the mean between the two peak positions. The reflectivity 

profile of the GMO lipid film presents two clearly distinguishable Bragg peaks 

at q values 0.093 and 0.115 Å-1, corresponding to Miller indices (110) and (111) 

of the Pn3m inverse cubic phase. The lattice spacing d, can be calculated from 

𝑑 = 2𝜋(ℎ( + 𝑘( + 𝑙()#/(/𝑄#)) (Sands, 1969), yielding a value of 9.51±0.05 nm 

as the mean between the two peak positions. 
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Evaluation of the spacing parameter of cubic films through GISANS 

In order to obtain the lattice parameter of the Pn3m cubic architecture (in the 

presence and in the absence of AuNSs), we used the GISANS images shown in 

the main text (Figure 3). We performed horizontal line cuts from the 2D GISANS 

data, along selected Qz values, obtaining the Intensity vs Qy plots, reported in 

Figure S2. The Qy values corresponding to the intensity’s maxima were then used 

to determine the Q value of a spot on the Qy/Qz GISANS plot, according to 

following equation: 

𝑸𝟐 = 𝑸𝒚𝟐 +	𝑸𝒛𝟐 

The lattice parameter (d) is then evaluated from the following equation: 	𝑑 =

2𝜋(ℎ( + 𝑘( + 𝑙()#/(/𝑄=>0  (with h, k and l miller indices identifying a Bragg 

reflection peak). 𝑄=>0 is taken as the mean between the Q-values obtained for the 

different intensity’s spots of each horizontal line cut.  
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Figure S1: a) Left part: GISANS 2D plot of the GMO/water film; the horizontal lines 
represent the directions along which the line cuts are performed. Right part: horizontal 
Intensity vs Qy line cuts obtained from the 2D GISANS plot along different Qz. 
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Analysis of NR profiles of cubic and lamellar films interacting with AuNRs 

 

Figure S2: Neutron Reflectometry profiles of (a) GMO cubic films and (b) GMO/DOPC 
lamellar films upon interaction with AuNRs. Three contrasts were measured for 
GMO/AuNRs system: D2O (SLD 6.34e-6 Å-2), cmAu (SLD 4.6e-6 Å-2, where Au is 
contrast-matched), cmSi (SLD  2.07e-6 Å-2, where Si is contrast-matched), while two 
contrasts were measured for GMO/AuNRs system (D2O, cmAu). It was possible to 
analyze both GMO (a) and GMO/DOPC (b) systems according to a five-layers model, 
accounting for the formation of a lipid bilayer. For GMO the bilayer thickness is 34 +/- 
3 nm, while for GMO/DOPC the bilayer thickness is 40 +/- 4 nm, consistent with the 
parameters expected from the literature ((Chang et al., 2016)). The bilayer thickness was 
obtained by analyzing the data with motofit (Nelson, 2006), considering scattering 
length density values of: 2.07e-6 Å-2 (silicon layer), 3.41e-6 Å-2 (Silicon oxide layer), 
2.17e-6 Å-2 (GMO polar headgroup layer), -2.12e-7 Å-2 (GMO and DOPC lipid chain 
layer), 2e-6 Å-2 (mixed GMO/DOPC polar headgroup layer). In both cases, the layer 
appear homogeneous, with high coverage of the substrate (inferred from the low 
hydration degree of the systems <10%) 
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CLSM images of AuNSs clusters on lipid films 

 

 

 

Figure S3: Representative transmission CLSM images of GMO cubic films incubated 
with AuNSs. The orange arrows in the figure highlight the presence of multiple round-
shaped black spots attributable to the presence of AuNSs clusters. 
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Stability of lipid films upon water flow 

A possible effect of lipid removal caused by the liquid flow through the sample 

cell had been investigated by means of Neutron Reflectivity (OFFSPEC, ISIS 

Neutron and Muon Source (United Kingdom)).  In particular, the Reflectivity of 

a GMO lipid film in D2O, adsorbed onto silicon, has been acquired before (black 

profile in Figure S.4) and after rinse with D2O (green profile in Figure S.4), 

flushed into cell at the same flow rate used for the injection of AuNPs, i.e. 0.1 

ml/min. The difference in the intensity of black and green profiles is due to the 

different acquisition time, i.e. 5 hours vs 30 minutes, respectively. However, in 

spite of the shorter acquisition time, the green profile shows a well distinct pattern 

of Bragg reflexes, which is similar to the one highlighted in the black profile and 

identifies a cubic Pn3m arrangement. This demonstrates that the lipid films are 

structurally stable and fully preserved upon liquid flow through the sample cell. 
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Figure S4: Specular reflectivity profiles of a GMO film acquired in D2O before and after 

rinse with D2O, together with the reflectivity of the bare silicon in D2O. 
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